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Abstract 

Mabry, Joshua Nolan (Ph.D., Department of Chemical and Biological Engineering) 

Single-Molecule Dynamics at the Solid-Liquid Interface 

Thesis directed by Professor Daniel K. Schwartz 

  

The overall objective of this work was to develop new analytical methods for 

characterizing molecular dynamics at the solid-liquid interface.  We used single-molecule 

imaging, based on total internal reflection fluorescence microscopy, to observe surface-

active molecules at silica-aqueous interfaces and leveraged high-throughput 

computational tools to create massive datasets capturing broad distributions of molecular 

kinetics and detailed information on surface lateral heterogeneity.  We developed novel 

statistical approaches to learn about the molecular-level physical processes in 

unprecedented detail.  With respect to specific applications, we first demonstrated how 

single-molecule imaging yields a deeper understanding of chromatographic media.  We 

used a combination of single-molecule observations and macroscopic reversed phase 

liquid chromatography to characterize the surface activity of a hydrophobic analyte 

across a range of solution conditions, focusing on how anomalous surface sites affected 

the adsorption kinetics and retention in the column.  The other two projects described in 

this thesis focused on understanding molecular mobility and structure—important 

variables to consider in the self-assembly of nanodevices and surface coatings.  Building 

off of our understanding of hydrophobic systems, we carefully studied surface diffusion 

at the interface of a hydrophobic surface and aqueous solution and found that diffusion 
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could be rationally manipulated by changing the polarity of the solution, although the 

average diffusive behavior was strongly affected by the prevalence of anomalous surface 

sites.  Finally, we developed a new surface mapping method to correlate the 

conformation and adsorption behavior of molecular building blocks on surfaces. We 

characterized alpha-helical peptides on deliberately patterned and nominally uniform 

surfaces of varying hydrophobicity and found that the peptide conformation and 

adsorption kinetics were sensitive to microscopic, lateral surface heterogeneity.  In all of 

this work, spatial variations in surface chemistry were observed to profoundly affect 

surface dynamics with significant impact on self-assembly and chemical separation 

processes.  More generally, we found that surface heterogeneity is seemingly ubiquitous 

and changes considerably the correct interpretation of ensemble-averaged experiments 

and molecular simulations.     
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CHAPTER 1: INTRODUCTION 

 

Our interest in the Schwartz Group in molecular dynamics at the solid-liquid interface 

primarily stems from the desire to understand and ultimately to control the self-

organization of molecular building blocks.1  Confinement of molecules to two 

dimensions can lead to more efficient assembly processes, since diffusion can be 

enhanced2 and molecular orientation and structure stabilized.3  Interfacial self-assembly 

may ultimately enable the bottom-up fabrication of nanodevices with desirable optical 

and electronic properties.4  The dynamics of assembly involve non-covalent interactions: 

van  der Waals, electrostatic, hydrophobic, hydrogen-bonding, and coordination bonds.5   

Molecular interactions in solution have been studied extensively, to the point that ab 

initio calculations can evaluate binding energies of small molecules well within 

experimental accurary.6  Larger biomolecules such as DNA and proteins can provide a 

scaffold for assembling hierarchical structures,7 but the interactions of macromolecules 

with the chemical environment cannot be predicted with the requisite accuracy from first-

principles to enable rational design of complex structures.8  After several decades of 

development, coarse-grained molecular dynamics simulations can sample the free energy 

landscape and predict which conformations and structures in solution are likely to be 

observed.9  Dynamic properties are less well-understood and more difficult to predict, 

especially at long timescales, with advanced sampling methods rarely accessing 

millisecond dynamics.10  The application of theoretical tools to molecular dynamics at the 
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solid-liquid interface is significantly complicated by the inherent heterogeneity of solid 

surfaces.11  Therefore, there remains a significant need for experimental methods of 

characterizing the dynamics of molecules at solid-liquid interfaces.  Ultimately, the 

lengthscales, timescales, and energies accessible to computational and experimental 

methods will fully converge, and self-assembly strategies will be guided by mechanistic 

understanding.   

 

1.1 CHEMICAL ENVIRONMENT OF THE SOLID-LIQUID INTERFACE 

1.1.1 Silica-Based Surfaces 

 

Silica, in the form of quartz or sand, is abundant in nature, and contact between 

biomolecules and silica surfaces in aqueous solutions is ubiquitous.12  Accordingly, pure 

silica is chemically inert towards most biomolecules in aqueous solution.13  The chemical 

inertness and high specific surface area of silica gel (~103 m2 g-1)14 make it incredibly 

useful as a support for catalysts,15 as a desiccant,16 and as a liquid chromatography 

stationary phase material.17  Of course, silicon wafers support the vast majority of 

microelectronic devices,18 and silicon oxide is often used as a dielectric layer.19  

Accordingly, silica is an extremely relevant surface for bottom-up assembly because it 

can be patterned using established top-down methods, as well, to control surface features 

over multiple lengthscales.20-21   
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The macroscopic property of silica investigated most heavily in this work is wettability, 

specifically hydrophobicity in aqueous systems.  The surface of silica is hydrophilic, 

when a significant number of hydrogen-bonding silanol (SiOH) groups are present.22  

The density of silanols is commonly increased by treating the surface with ozone, which 

reacts with SiH to form SiOH, up to a maximum density of ~5 silanols nm-2.23-24  By 

reacting silanol groups with alkylsilanes, the surface can be rendered hydrophobic, with a 

water contact angle of >90°.25-26  Exposure to hexamethyldisilazane (HMDS) vapor, in 

particular, forms a trimethylsilyl (TMS) surface by the following reaction.   

 

2 Si–OH + (CH3)3SiNHSi(CH3)3 → 2 Si–O– Si(CH3)3 + NH3     (1.1)       

 

One underappreciated aspect of the silica surface is its inherent chemical heterogeneity 

due to the presence of different types of silanol (e.g. isolated, vicinal, and geminal 

silanols) and siloxane groups that naturally arise upon exposure to water.27  Chemical 

functionalization reduces this heterogeneity to a limited extent.  In the case of alkylsilane 

modification, only about half of the silanols undergo reaction due to steric interactions of 

the alkyl groups.24,28  Furthermore, when an alkylsilane-modified surface is exposed to 

aqueous solution, hydrolytic cleavage of the siloxane bonds occurs, reducing alkyl ligand 

density over time and increasing the silanol density.29  This is known to decrease the 

performance of silica-based chromatography stationary phase materials because the polar 

silanol groups can interact in anomalous fashion with the analytes being separated.30-33 

The increasing spatial heterogeneity of the surface at lower alkyl ligand densities 
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(specifically the uneven lateral distribution of ligands) can be seen in snapshots from 

molecular simulations (Figure 1.1).28,34   Surface heterogeneity can also bias the 

nucleation of self-assembled structures, hindering the ability to achieve long-range 

order.35  Throughout this work, we focus on the effects of surface spatial heterogeneity, 

not only because of its impact on technology, but also because it greatly affects the 

physical picture of molecules interacting with surfaces.   

 

 

Figure 1.1: Simulation snapshots at different C18 ligand densities on silica in 50/50 mol % water/methanol.  
Adapted from Rafferty, et. al.28 Reprinted by permission from Elsevier B.V: J. Chromatogr. A., Copyright 
2008. 
 

1.1.2 Surface Characterization  

 

Averaged information about surface chemistry is available from a host of techniques, 

including infrared spectroscopy, ellipsometry, x-ray photoelectron spectroscopy, 

secondary ion mass spectrometry, and contact angle goniometry, while molecular-level 

simulations can provide insight into the effect of surface chemistry on dynamic 

processes.25,36  However, real surfaces are both chemically and topographically 
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heterogeneous across a wide range of length scales, making it difficult to connect 

averaged surface properties to molecular processes.37  Surface heterogeneity can be 

characterized by scanning probe microscopy and chemical imaging techniques to provide 

semi-quantitative information on surface chemistry and topography.38   

 

 

 

Figure 1.2: AFM techniques (bold) and the various biochemical, physical, and chemical properties that can 
be measured.  Adapted from Müller and Dufrêne.39 Reprinted by permission from Macmillan Publishers 
Ltd: Nat. Nano., Copyright 2008. 
 

The atomic force microscopy (AFM) tip has been called the “molecular toolbox” and a 

“lab-on-a-tip” because it can be physically, chemically, or biologically functionalized39-40 

and applied to study a broad range of phenomena (Figure 1.2).  While tips are commonly 

functionalized to have specific interactions with a surface, the observed data is a 
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convolution of surface features, tip geometry, and chemistry.41  The time resolution of 

AFM techniques is also limited by the raster speed of the probe, typically requiring image 

acquisition times >10-2 s.42   In contrast to purely optical techniques, the spatial resolution 

of AFM-based techniques is, however, very high, approaching atomic resolution in 

carefully controlled systems.43   

 

 

Figure 1.3: Tip-enhanced, optical spectroscopic imaging with sub-diffraction limited spatial resolution. 
Adapted from Atkin, et. al. Reprinted by permission from Taylor and Francis: Adv. Phys., Copyright 2012. 
 

The exquisite spatial control of AFM cantilevers has been leveraged in nano-optical 

imaging systems, where the AFM tip is used as an antenna for optical spectroscopy, to 

achieve sub-diffraction limited resolution of chemical domains, in materials systems like 

block copolymers  (Figure 1.3).44  However, quantitative reproducibility and even 

temporal stability are fundamental and perhaps intrinsic challenges for scanning probe 

microscopy methods because of tip-to-tip variability and changes to tip geometry during 

scanning conditions (due to contamination and/or wear).  Of course, even if reliable 

information on surface chemistry and topography can be obtained, connecting 

heterogeneous surface structure to function remains a difficult task, since the mechanistic 

details of surface processes in heterogeneous environments remain largely unknown.   
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1.1.3 Solution Effects 

 

Surface-sensitive measurements of molecular phenomena can be made under ultra-high 

vacuum conditions, on carefully prepared crystalline substrates, with incredible precision 

and accuracy using electron-based microscopy and spectroscopy.45  A detailed picture has 

developed for molecular dynamics at the solid-gas interface, and simulations can 

accurately describe many phenomena such as adsorption.46-47  The molecular structure of 

the solid-liquid interface is richer and more dynamic than the solid-gas interface and has 

profound importance for many applications including sensing and catalysis.  However, 

the introduction of a liquid solution to the solid surface precludes the use of electron-

based tools because electrons cannot penetrate the bulk phase.  A more limited set of 

primarily optical techniques are available to probe the solid-liquid interface, and one of 

the most-established techniques is non-linear optical spectroscopy.48  It has revealed that 

large organic and small solvent molecules in contact with the surface have orientational 

order that depends on the surface chemistry.49  The anisotropy and ordering of the 

solution near the surface present a significantly different chemical environment than the 

bulk solution.  This complicates attempts to tether functional biomolecules like enzymes 

to the surface or to rationally manipulate molecular building blocks like DNA origami 

that are designed to function in isotropic bulk solution.  

 



 8 

 

Figure 1.4: Influence of organic modifier concentration on retention factor in reversed-phase liquid 
chromatography. Adapted from Corradini, et. al.17  Reprinted by permission from Taylor and Francis: Adv. 
in Phys., Copyright 2012. 
 

Despite the complexity of the fine structure of solvent molecules at the interface, many 

interfacial phenomena can be rationally manipulated by subtly changing the composition 

of the bulk solvent.  For example, changing solution conditions can shift the adsorption 

equilibrium coefficient and enable fast and convenient separations by liquid 

chromatography.17  In reversed phase liquid chromatography, adsorption is driven by 

hydrophobic effects, and decreasing the solution polarity (e.g. adding methanol or 

acetonitrile to an aqueous solution) makes adsorption less favorable.50  This is apparent in 

the experimental retention factors (𝑘 ∝ adsorption equilibrium coefficient) for 

hydrophobic solutes in different solutions presented in Figure 1.4.  In ion exchange 

chromatography, the ionic strength of the solution is varied to control retention of 
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charged molecules, typically proteins, onto the stationary phase.51  We emphasize 

phenomenological effects of solution conditions in chromatography because they have 

been studied intensively for over 100 years52 and provide a valuable source of insight into 

the dynamics of molecules at solid-liquid interfaces.   

 

1.2 ADSORBATE DYNAMICS  

 

Molecular dynamics at the solid-liquid interface dominate technologically important 

processes ranging from heterogeneous catalysis53-54 to chromatographic separations55-56 to 

biosensors57-58 to the formation of organic monolayers.59-60  To be able to rationally 

improve these technologies, one must understand how molecules behave at the interface.  

An isolated molecule can undergo processes including adsorption, surface diffusion, 

conformational change, and desorption.  Multiple adsorbed molecules can interact and 

undergo chemical reaction, oligomerization, or specific binding.  This thesis focuses only 

on the interactions of isolated, amphiphilic molecules with surfaces, while keeping in 

mind the implications for higher order phenomena.   

 

1.2.1 Adsorption  

 

Adsorption of amphiphilic molecules, i.e. surfactants, on solid surfaces is a fundamental 

process governed by a number of forces such as electrostatic attraction, hydrogen 
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bonding and non-polar interactions and involves desolvation of the interface.61  

Thermodynamically, adsorption typically occurs when the favorable enthalpy of 

adsorption is greater than the loss of entropy of the adsorbed solute.62  Macroscopically, 

adsorption is often characterized by measuring the increase in surface coverage over 

time, when a bare surface is exposed to a solution containing the adsorbate at a known 

concentration.  Adsorption kinetics are extracted from the change in surface coverage 

over time, while thermodynamic isotherms are populated from steady-state coverage.63  

Figure 1.5 shows an example sensorgram for protein adsorption onto different surfaces, 

noting the upper bound to the measurable kinetics imposed by mass transfer limitations.   

 

 
Figure 1.5: Kinetics of BSA adsorption on gold surfaces as measured by surface plasmon resonance 
spectroscopy.  Surface were modified with indicated monolayers, described in the reference source in 
detail. MT represents adsorption process with mass transport limitation. Adapted from Silin, et. al.64  
Reprinted by permission from Elsevier BV: J. Colloid Interface Sci. Copyright 1997. 
 

Kinetic models are often fit to ensemble-averaged adsorption data, but since the increase 

in surface coverage arises from a convolution of mass transfer and adsorption and 

desorption kinetics, it is difficult to accurately extract the kinetic parameters.65  The most 
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common theoretical treatment of adsorption considers the steps to include transport from 

the bulk solution to the near-surface layer and then a first-order kinetic process of 

attachment to the surface.58  In Monte Carlo simulations, the near-surface layer has a 

thickness equal to the lattice spacing and the timescale for adsorption is scaled by the 

bulk diffusion coefficient, but the layer thickness does not have a clear physical definition 

upon which to base the rates of exchange.66-67  In single-molecule observations, the 

attachment rate is directly measured without needing to assume a model for adsorption. 

.62,68  Previous single-molecule studies extracted rates of attachment of amphiphilic 

molecules to silica surfaces and found that the attachment process had a positive 

activation energy, similar in magnitude to a hydrogen bond.68  This was consistent with 

the picture presented in Figure 1.6, of adsorption of an amphiphilic fatty acid molecule to 

silica requiring the removal of a solvent molecule.   Thus, adsorption can be viewed as a 

competition between adsorbate and solvent molecules for surface adsorption sites.   
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Figure 1.6: Hypothetical energy diagram for adsorption of C16 fatty acid at the water-silica interface. 
Adapted from Honciuc, et. al.62  Reprinted with permission from American Chemical Society: J. Phys. 
Chem. C. Copyright 2009. 
 

2.2 Surface Diffusion 

 
Molecules adsorbed to a solid surface were traditionally thought to explore the surface by 

2D Brownian motion described by Gaussian statistics, and this type of surface diffusion 

model is often incorporated into models of more complex processes like 

chromatography55 or crystal growth.69  The detailed mechanism of surface diffusion has a 

profound impact on the efficiency of search processes, especially in heterogeneous 

catalysis where a reactive molecule must find catalytic surface sites or in biosensors 

where an analyte must reach the recognition element.70  For many geometrical 

configurations of surface elements, the optimal search strategy is an intermittent strategy 

combining periods of slow local searching separated by ballistic displacements.71  This is 
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often the case at the solid-liquid interface, when molecules diffuse by an intermittent 

hopping mechanism. 

 

Hopping molecules translate across the surface by desorbing, diffusing through the bulk 

solution, and readsorbing.72-76  Isolated molecules on a hydrophobic surface desorb very 

frequently on the timescale of single-molecule imaging,75 and for a desorbed molecule in 

the near vicinity of a surface, the probability of readsorbing and executing a “hop” is 

actually quite high.  In a previous study in our group, experimental data for small 

molecules (BODIPY and Atto6G) and macromolecules (bovine serum albumin (BSA) 

and 40 kDa polyethylene glycol (PEG)) adsorbed to hydrophobic TMS surfaces was 

described by a continuous time random walk (CTRW) model, where adsorbed molecules 

remained immobile for a random waiting time prior to desorbing into bulk solution and 

readsorbing to execute steps across the surface (Figure 1.7).  At short lag times, most of 

the step size distributions had pronounced power law tails, but at longer lag times, the 

central limit theorem applied and the distributions became Gaussian.  Broad step-size 

distributions (approximately power-law) had been theoretically predicted for hopping 

through bulk solution and were used in the simulations.66  The effect of the hopping was 

that an adsorbed molecule made large displacements across the surface much more often 

than would have been expected for a molecule undergoing 2D diffusion with Gaussian-

distributed step sizes. 
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Figure 1.7: Displacement distributions at the annotated Δt for (a) PEG, (b) BSA, (c) Atto6G, and (d) 
BODIPY.  Symbols are experimental data measured using single-molecule tracking and the solid lines are 
simulated data using the model described in the text. Adapted from Skaug, Mabry, and Schwartz.74 
Reprinted with permission from American Physical Society: Phys. Rev. Lett. Copyright 2013. 
 

As shown in Figure 1.7, PEG diffused at the surface by a hopping mechanism, and so we 

applied the same analytical approach to look at the molecular weight dependence of PEG 

surface diffusion.  Since diffusion through the bulk water was fast compared to the 

timescale of imaging, the primary contribution to the scaling of the diffusion coefficient, 

was the desorption rate.  Consequently, the diffusion coefficient scaled in proportion to 

the desorption rate constant (Figure 1.8).74-75   
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Figure 1.8: Chain length scaling of polymer surface dynamics and kinetics.  (a) The mean waiting time 
〈τdes〉 and (b) the effective surface diffusion coefficient Deff versus the chain length N.  Symbols are 
experimental data and the solid lines depict the power-law scaling with best-fit exponents of 0.6 ± 0.1 and -
0.6 ± 0.2 for data in (a) and (b) respectively.  Adapted from Skaug, Mabry, and Schwartz.75  Reprinted with 
permission from American Chemical Society: JACS. Copyright 2014. 

 
 
Importantly, the desorption of the entire polymer (with chain length N) from the surface 

could be thought of as a series of independent desorption events (the desorption of each 

train).  In this scenario, the characteristic desorption time was proportional to the fraction 

of adsorbed monomers.77  We found the characteristic desorption time scaled roughly as 

N0.6 for PEG desorbing from a solid hydrophobic surface.75  This suggested that N0.6 PEG 

monomers attached to the hydrophobic surface with the polymer adsorbed in a three-

dimensional loop-train-tail conformation, in direct contrast to the two-dimensional 
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“pancake” conformation inferred from previous measurements of surface diffusion using 

a model-dependent analysis of fluorescence correlation spectroscopy data.78  If the 

adsorbed chains had adopted strictly 2-dimensional pancake conformations, the number 

of adsorbed monomers would have increased in proportion to N and the waiting times 

would have fallen off exponentially with chain length rather than as a power-law as we 

observed.  These detailed results on the conformation of an adsorbed polymer highlight 

the types of theoretical insights that can be gained from single-molecule observations, 

and we have attempted to build on this statistically rigorous approach in the work 

presented in this thesis.  

 

1.2.3 Conformational Change 

 

When a macromolecule, such as a peptide, protein, or DNA, adsorbs to a surface, it may 

retain its solution conformation after adsorption (i.e. become pinned to the surface) or it 

may be induced to (un)fold into a different conformation.  Irreversible binding of proteins 

to surface is observed macroscopically and believed to result from surface-induced 

unfolding (i.e. the loss of secondary structure).64-65  In spectroscopic studies, utilizing 

circular dichroism and fluorescence and other techniques, the average structure of an 

adsorbed protein population has appeared to become more disordered over time.79-81  The 

mechanistic details of this process are subject to speculation but have not been 

extensively characterized.  One recent study in our group demonstrated, that while 

unfolded proteins remain on the surface longer, they are not necessarily irreversibly 
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adsorbed (Figure 1.9).82  This implies that the surface could also affect the balance of the 

populations of folded and unfolded proteins in solution.  

 

Figure 1.9: Surface residence time distributions for different organophosphorus hydrolase protein 
conformations.  Adapted from McLoughlin, et. al.82 Reprinted with permission from National Academy of 
Sciences USA: PNAS. Copyright 2013. 
 

For many applications, such as the separation of proteins by chromatography or the 

immobilization of enzymes to impart reusability, surface-induced denaturation is highly 

undesirable.  Since protein folding is largely driven by hydrophobic interactions, 

unsurprisingly, surface hydrophobicity has been correlated with the loss of structure of 

adsorbed proteins and peptides.83-84  The variety of protein immobilization methods is 

incredibly large, with non-covalent adsorption, physical entrapment, covalent linkage, 

and affinity immobilization methods and many derivatives all in use.85  The rational 

design of support materials is severely limited, however, by the lack of techniques to 

study the full ensemble of adsorbed proteins and the heterogeneity of the surface.   
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1.3 FLUORESCENCE PHENOMENA AND MEASUREMENT TECHNIQUES  

 

Fluorescence spectroscopy and microscopy are primary research tools in the biological 

sciences because fluorescence can be detected from low concentrations of probe 

molecules and localized with high spatial precision without disrupting the function of 

cells.86  With biological applications driving their intensive development, fluorescence 

techniques have become  well-suited for the study of macromolecules in aqueous systems 

at moderate temperatures, which contrasts with other highly sensitive materials-

characterization techniques requiring cryogenic temperatures and ultra-high vacuum 

conditions.87    Practically, to detect fluorescence above background photon emission, the 

fluorescent molecules must be bright, with high absorbance and quantum yield, and the 

Stokes shift must be large (> 20 nm).  Easily detectable fluorophores are almost always 

highly conjugated, aromatic molecules, and common examples are given in Figure 1.10.  

The inset of Figure 1.10 shows the prototypical excitation and emission spectra for 

fluorophores.  Molecules such as fluorescein and Cy5 shown in the top two rows of 

Figure 1.10 have been used successfully in our laboratory for single-molecule imaging at 

the solid-liquid interface and previously with less sophisticated techniques.  In the past 

two decades, many different fluorescence spectroscopy and microscopy techniques have 

been applied to studying interfacial processes, and we describe several of the most 

important techniques in the following sections.     
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Figure 1.10: Typical fluorescent dyes: brightness vs. wavelength of maximum absorption. Inset: Typical 
absorbance and fluorescence emission spectra. Adapted from Lavis, et. al.88 Reprinted with permission 
from American Chemical Society: ACS Chem. Biol. Copyright 2008. 
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1.3.1 Fluorescence Recovery after Photobleaching 

 

One of the oldest and most powerful methods for studying interfacial diffusion is 

fluorescence recovery after photobleaching (FRAP).89  Basically, after bleaching a finite 

region of a fluorescently labeled interface, the recovery of fluorescence in that area due to 

the diffusive flux of fluorescent molecules from the surrounding unbleached areas can be 

monitored by microscopy. The apparent diffusion coefficient is proportional to the square 

of the radius of the bleached area divided by the time constant for the recovery process.90   

As shown in the example of Figure 1.11, FRAP has been used to characterize the fluidity 

of liquid interfaces, such as lipid bilayers.  Indeed, the extensive knowledge of interfacial 

diffusion derived from study of liquid-liquid interfaces guided the development of 

methods to characterize the solid-liquid interface.  Since FRAP measures diffusion over 

long timescales (seconds to minutes), the assumption of a single characteristic diffusion 

coefficient seems reasonable.  The other typical variable measured is a “mobile fraction”, 

reflecting the fact that the fluorescence often does not fully recover.  This latter 

observations reflects that the interface is often more heterogeneous than implied by the 

assumption of a single characteristic diffusion coefficient.91   
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Figure 1.11: FRAP of lipid bilayer. Scale bar 500 µm. Adapted from Dutta, et. al.88 Reprinted with 
permission from Royal Society of Chemistry: Analyst. Copyright 2014. 
 

1.3.2 Fluorescence Correlation Spectroscopy 

Early “single-molecule” studies of adsorbate dynamics at interfaces relied on 

fluorescence correlation spectroscopy (FCS).92-94  FCS is based on measuring the 

temporal autocorrelation of fluorescence intensity arising from fluorescent molecules 

passing through a diffraction-limited volume, which can be centered at an interface.95  A 

significant drawback of FCS measurement of molecular dynamics is that it requires the 

assumption of a model to extract kinetic parameters from the autocorrelation data.  In 

practice, only one dynamic phenomena, such as surface diffusion, is usually included in 

the model to avoid overwhelming complexity.  For example, by neglecting 

adsorption/desorption dynamics, surface diffusion can be characterized.56,96  These types 

of limiting assumptions are valid under certain conditions (e.g. if all the molecules are 

strongly adsorbed to a fluid layer), but it is not generally clear which conditions apply, 

especially at the highly heterogeneous solid-liquid interfaces.  As shown in Figure 1.12, 
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heterogeneity can be accounted for to an extent, by adjusting the size or position of the 

fluorescence detection volume.  Indeed, Wirth and co-workers56,93,96-98 recognized the 

heterogeneity of the silica-water interface and characterized it semi-quantitatively using 

FCS and low-resolution imaging methods.  We have built off of much of their early work 

and the work of others78,92,99-107 and bypassed the limitations of FCS by adopting a single-

molecule imaging approach. 

 

 
Figure 1.12: Detecting nanodomains in membranes using FCS. Adapted from He, et. al.108 Reprinted with 
permission from Annual Reviews: Annu. Rev. Phys. Chem. Copyright 2011. 
 

1.3.3 Total Internal Reflection Fluorescence Microscopy 

 

Total internal reflection fluorescence microscopy (TIRFM) achieves single-molecule 

sensitivity by limiting excitation of fluorophores in solution to within about 100 nm of 

the solid surface.109  The thin “evanescent field” is produced by an excitation light beam 
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encountering the solid-liquid interface at a high angle of incidence, greater than the 

“critical angle” derived from Snell’s law. 

𝜃! = 𝑠𝑖𝑛!! 𝑛!"#
𝑛!"#           (1.2) 

where 𝑛!"# and 𝑛!"# are the refractive indices of the liquid and solid interfaces 

respectively.  The evanescent wave decays exponentially with distance perpendicular to 

the interface.  While there are several possible illumination geometries for TIRFM, the 

work reported here used a prism-based geometry as indicated in Figure 1.13. 

 

 

Figure 1.13: Prism-based TIRFM.  
 

The surface sensitivity of the measurements arose because of the difference in diffusion 

coefficients for molecules in solution (~102 µm2 s-1)110 versus on the surface (< 1 µm2 s-1 
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).111  To accumulate sufficient photons from adsorbed molecules to distinguish them from 

background fluorescence, acquisition times greater than ~10 ms were required. A field of 

view of ~20 microns in size was typically recorded, with up to about 102 molecules 

present.  To capture spectroscopic phenomena such as energy transfer, the image could 

be split into two channels with separate filters and projected onto distinct regions of the 

CCD sensor.  Adsorbed molecules were identified and tracked using computational 

image processing as described in the experimental methods for each subsequent chapter.   

 

1.3.4 Förster Resonance Energy Transfer 

 

Förster resonance energy transfer (FRET) has been termed a “spectroscopic ruler”112 

because it redirects energy absorbed by a low-wavelength “donor” fluorophore to a long-

wavelength “acceptor” fluorophore over distances about 1–10 nm, the size range of many 

biomolecules.  The efficiency of FRET, EFRET, is readily predictable from the spectral 

properties of the fluorophores and obeys the following relation 113 

𝐸!"#$ = 1+ 𝑟 𝑅!
!!
          (1.3) 

where r is the distance between donor and acceptor and 𝑅! is the Förster radius that 

depends on the donor/acceptor pair, orientation of fluorophores, and the solvent 

environment with typical values of ~5 nm.113  FRET has been used previously in our 

group to monitor the conformation and aggregation of adsorbed biomolecules.82,114-115  
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Figure 1.14 shows an example of using FRET to monitor the conformational state of a 

DNA hairpin.   

 

 

Figure 1.14: DNA hairpin conformation by FRET measurements.  Small spheres represent donor 
florophores while acceptors are shown as large spheres. Light grey indicates strong fluorophore emission 
while dark grey indicates weak emission. The relative donor/acceptor distance is given by d. Adapted from 
Kastantin, et. al.116 Reprinted with permission from John Wiley and Sons: Small. Copyright 2012. 
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 1.4 OBJECTIVES 

 

Our group has developed high-throughput single molecule imaging methods based on 

TIRFM that allow unambiguous characterization of interfacial dynamics117 of 

fundamental importance to self-assembly, as well as separations, sensing, and catalysis. 

In this work, we studied adsorption, diffusion, and conformational changes of 

biomolecules on functionalized silica surfaces of significant technological interest.  Our 

overall strategy was to use single-molecule tracking understand the behavior of adsorbed 

molecules, and we leveraged computational tools to create massive datasets capturing 

broad distributions of molecular kinetics and detailed information on surface lateral 

heterogeneity.  We developed novel statistical approaches to learn about the molecular-

level physical processes in unprecedented detail.  The following three specific objective 

were pursued in this work.   

1. Characterize adsorption on model reversed phase chromatography media and 

relate it to the macroscopic system performance.   

2. Construct a new framework for understanding surface diffusion of molecules on 

hydrophobic surfaces and demonstrate the ability to tune interfacial transport. 

3. Develop a mapping method to correlate peptide conformation and surface 

chemistry.  
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CHAPTER 2: SINGLE-MOLECULE INSIGHTS INTO RETENTION 

AT A REVERSED-PHASE CHROMATOGRAPHIC INTERFACE 

 
Publication:  
 

Mabry, J. N.; Skaug, M. J.; Schwartz, D. K., Single-Molecule Insights into 
Retention at a Reversed-Phase Chromatographic Interface. Anal. Chem. 2014, 86 
(19), 9451-9458. 

 

2.1 ABSTRACT 

 

The efficiency of chromatographic separations decreases markedly when peaks exhibit 

asymmetry (e.g. “peak tailing”).  Theoretically, these effects can arise from 

heterogeneous adsorption kinetics.  To investigate the nature and consequences of such 

heterogeneity, we used a combination of single-molecule imaging and reversed phase 

liquid chromatography (RPLC).  In both single-molecule and macroscopic RPLC 

experiments, the stationary phase was hydrophobic end-capped (trimethylsilyl-

functionalized) silica, which we exposed to different methanol/water solutions (50% - 

62% methanol), containing a fluorescent fatty acid analyte.  Super-resolution maps based 

on single-molecule observations revealed rare, strong adsorption sites with activity that 

varied significantly with methanol concentration.  The adsorption and desorption kinetics 

on the strong sites were heterogeneous and positively correlated, suggesting a broad 

underlying distribution of site binding energies.  Adsorption equilibrium on the strong 

sites was more sensitive to solution conditions than overall retention measured in RPLC 
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experiments, suggesting the effect of strong sites on the overall adsorption kinetics 

should change with solution conditions.  Interestingly, in RPLC experiments, peak tailing 

had a non-monotonic dependence on methanol concentration within the range studied.  

Using the stochastic model of chromatography, we showed quantitatively that our single-

molecule kinetic results were consistent with this macroscopic trend.  This approach to 

identifying and quantifying adsorption sites should be useful for designing better 

chromatographic separations and for identifying the role of heterogeneous surface 

chemistry in molecular dynamics.   

 

2.2 INTRODUCTION 

 

Reversed phase liquid chromatography (RPLC) is used extensively for purification and 

analysis of food and pharmaceutical products, as well as metabolites and environmental 

toxins.1  In an ideal system, the chromatographic elution peaks would be infinitely-sharp, 

but in real systems both transport and adsorption kinetics cause the peaks to have non-

zero width.2-3  When the adsorption kinetics are heterogeneous, peak tailing (i.e. 

asymmetry) can become a significant problem.4-5  The stochastic model of 

chromatography, introduced by Giddings and Eyring4 and recently reviewed by Felinger,6 

predicts the microscopic contribution of heterogeneous molecular adsorption kinetics to 

peak shape.  The stochastic model of chromatography based on Lèvy processes directly 

incorporates single-molecule kinetics data for the prediction of theoretical 

chromatograms.7  The stochastic modeling of adsorption kinetics was recently combined 
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with three-dimensional pore-scale simulations of mass transfer to describe the 

chromatographic process in a bed packed with solid spheres.8  These simulations 

predicted that microscopic adsorption kinetics strongly affect peak shape.  Therefore, in 

principle, single-molecule approaches that capture the full heterogeneous distribution of 

adsorption kinetics can provide the detailed statistical data needed for such simulations.    

 

Early studies of adsorbate dynamics at chromatographic interfaces relied on fluorescence 

correlation spectroscopy (FCS).9-11  Under conditions where lateral diffusion of adsorbed 

solutes (surface diffusion) can be neglected, adsorption and desorption rates can be 

measured using FCS.9 On the other hand, under conditions where adsorption/desorption 

dynamics can be neglected, surface diffusion can be characterized using FCS.12-13  These 

limiting assumptions are valid under certain conditions, but it is not generally clear which 

conditions apply in a given experimental realization. Our group has developed high-

throughput  tracking methods that allow unambiguous separation and characterization of 

interfacial adsorption, desorption, and surface diffusion.14  This work is the first 

application of these methods to study adsorbate dynamics under conditions that directly 

mimic an RPLC experiment.  In particular, we used organosilane-modified, planar fused 

silica as a model RPLC stationary phase, and systematically varied the concentration of 

methanol in the contacting aqueous “mobile phase”.   

 

It is generally expected that any RPLC stationary phase will exhibit heterogeneous 

adsorption sites.  The silica support will typically have topographic defects, and the 
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functionalization of the surface with organic ligands is necessarily incomplete due to 

steric hindrance.15  Single-molecule methods are exquisitely sensitive to rare strong sites.  

Fluorescence imaging has been combined with FCS to identify and focus on adsorption 

hot spots on planar surfaces that correlate with nanoscale topographic features similar to 

those found in high-quality silica gel.13,16-19  These hot spots are the sites of long-lived 

binding events, which are attributed to strong interactions between the adsorbate and 

isolated silanols at these sites.17  In FCS18-19 and single-molecule tracking20 studies of 

porous silica particles, typically used in commercial RPLC systems, long binding events 

were similarly observed.  However, with either confocal or widefield fluorescence 

microscopy suitable for imaging in particles, the thickness of the imaging volume along 

the optical axis (~ 1µm) is significantly greater than the pore size of the particles (~10 

nm), and so information on specific surface sites is not available.  Thus, to study the 

effect of surface chemistry a planar geometry is preferred.  A recent study of a planar ion-

exchange chromatographic surface used super-resolution mapping to identify strong 

adsorption sites for kinetic characterization and predicted their contributions to 

theoretical chromatograms via the stochastic model.21   

 

In RPLC, nonspecific hydrophobic interactions determine the average retention of a 

molecule in the column.  Silanol activity has been widely associated with rare strong 

adsorption events that cause tailing.10,16-17,22-26  In this work, our probe molecule was a 

fatty acid, capable of both non-specific hydrophobic interactions as well as of hydrogen 

bonding with the silanol groups.27  We studied the chromatographic surface at the single-
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molecule level in imaging experiments and at the ensemble level with RPLC 

experiments.  In the single-molecule experiments, heterogeneous adsorption kinetics 

were observed and showed a significant dependence on solution conditions.    In the 

macroscopic chromatography experiments, the peaks exhibited different amounts of 

tailing under different solution conditions.  Using the stochastic model of 

chromatography, we demonstrated that the solution-dependence of the tailing was 

quantitatively consistent with our single-molecule data, suggesting that the adsorption 

sites rigorously characterized by single-molecule imaging experiments caused the tailing 

in RPLC.  This approach to quantifying adsorption sites on surfaces should be useful not 

only for designing more effective separations but also for engineering surfaces with 

specific, molecular-level functionalities.    

 

2.3 EXPERIMENTAL SECTION 

2.3.1 Single-Molecule Experiments 

 

A detailed description of the experiments is provided in the Supporting Information (SI).  

Using total internal reflection fluorescence microscopy (TIRFM), we collected movies of 

BODIPY C12 fatty acid (BFA) molecules at the planar interface of a highly polished, end-

capped (trimethylsilyl- or TMS-functionalized) fused silica wafer and methanol-water 

solution.  We studied a range of methanol-water solutions from 50% to 62% methanol by 

volume, where interfacial kinetics could be accurately measured as discussed in the SI.  
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In these experiments, molecules adsorbed to the interface and appeared as diffraction-

limited spots; adsorbed molecules could be tracked from frame-to-frame prior to 

desorbing to bulk solution and disappearing from the field of view.  Desorption could be 

confused with photobleaching or photoblinking if these photophysical effects occurred on 

the same timescale.  To check for photophysical effects, we characterized the desorption 

kinetics at different incident laser intensities as shown in the SI.  Finding no difference in 

the kinetics under the different conditions, we ruled out the presence of photophysical 

artifacts.   

 

2.3.2 Single-Molecule Data Analysis  

 

Our analysis made extensive use of previously reported equations, and the conventional 

symbols sometimes conflicted.  We defined original notation as needed to minimize 

conflicts in notation, but we encourage the reader to consult the cited literature in the case 

of any uncertainty. 

 

2.3.2.1 Correlation Analysis of Adsorption Event Positions 

 

At the 75 ms exposure times of the imaging experiments, molecules could be localized 

only when bound to the surface; molecules diffusing quickly in solution contributed to 

background fluorescence.  On functionalized silica, adsorbed molecules are immobilized 



 40 

and move to different adsorption sites by executing hops through bulk solution.28-29  (We 

show in the SI that the 1D step size distributions are consistent with a hopping 

mechanism for surface transport.)  If the surface is homogeneous, the positions of 

adsorption events will be uncorrelated.  We tested for correlation by calculating a pair 

radial auto-correlation function 𝑔 𝑟  of adsorption event positions. 

𝑔 𝑟 =
𝐴
𝑁! 𝛿(𝑟! − 𝑟! − 𝑟)

!,!
!"#$%                               (2.1) 

This function is defined for a set of N adsorption events at positions 𝑟! for 1 < 𝑖 < 𝑁 in a 

total area 𝐴, with the brackets indicating averaging and 𝛿 indicating the Kronecker delta 

function. It is normalized such that 𝑔 𝑟 = 1 for a random distribution of adsorption 

sites.  (We calculated 𝑔 𝑟  and analyzed the resulting data using the procedures of 

Veatch et. al.30)  If each adsorption site can be occupied more than once and the spatial 

distribution of sites is random, then the following function describes the correlation 

𝑔!"# 𝑟 = (4𝜋𝜎!"#! 𝜌!"")!!  exp  [−𝑟
!

4𝜎!"#!
]+ 1                              (2.2) 

where σloc is the resolution for localizing the adsorption sites.  In the case where the 

sampling of sites is well described by a Poisson distribution, 𝜌!"" is the apparent density 

of sites (i.e. the density of sites actually measured in a given experiment as opposed to the 

actual density of strong binding sites on the surface).  
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2.3.2.2 Super-Resolution Imaging and Adsorption Site Analysis 

 

We generated super-resolution maps of BFA adsorption events and identified adsorption 

sites using a variation of the localization technique termed “motion blur” point 

accumulation for imaging in nanoscale topography (mbPAINT) by Landes and co-

workers.21,31-32  To generate the super-resolution maps, we first placed the adsorption 

event position centers on a high-resolution pseudo image (15 nm pixels). We blurred 

these images such that each adsorption center was converted to a Gaussian peak with 

standard deviation σloc and amplitude of 1 adsorption event. The blurred pseudo images 

were summed to generate the super-resolution maps of adsorption events.  We identified 

sites with 1 or more adsorption events by binarizing the maps and grouping connected 

pixels above the threshold.  Each contiguous region comprised an adsorption site; the 

maximum pixel value for the site was recorded as that site’s adsorption events count, x.  

The probability histogram for x was fit to a multicomponent Poisson distribution 𝑓!"# 𝑥  

normalized for x > 0 

𝑓!"# 𝑥 = 𝑝!
𝜆!
!  𝑒!!!

𝑥! (1− 𝑒!!!)

!

!!!

                              (2.3) 

where for the ith population of sites, 𝜆! is the mean number of adsorption events per site 

and pi is the fraction of total sites with 𝑝! = 1. The average site has 𝜆 = 𝑝!𝜆! 

adsorption events.  If N molecules adsorb, the total number of sites S is given by 

𝑆 = 𝑁/𝜆.  
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2.3.2.3 Adsorption/Desorption Kinetics and Adsorption Equilibrium Calculations 

 

The observed attachment rate was kads c where c was the concentration of BFA in 

solution.  The adsorption rate constant for each condition was defined as kads (nm s-1).  To 

quantify the desorption kinetics, the adsorption site residence time of a single molecule 

was recorded as the time interval between adsorption and desorption.  We then 

determined the complementary cumulative distribution 𝐹 𝜏!  of observed residence times 

𝜏!, which represented the fraction of objects with a residence time ≥ 𝜏!. This distribution 

was then fit using an exponential mixture model.33   

𝐹 𝜏! =   𝑝!

!

!!!

𝑒!!!/!!                               (4) 

Each component distribution of the mixture model had a characteristic residence time τi 

and represented a fraction pi of the adsorption events.  The most common physical 

interpretation of this model is that the surface adsorption sites have n possible binding 

energies, giving rise to n characteristic times for first-order desorption.  The distribution 

of binding energies can arise from having physically different surface sites or from the 

adsorbed molecule having different binding configurations.  The average residence time 

𝜏! was given by 𝜏! = 𝑝!𝜏! with the desorption rate constant 𝑘!"# = 1 𝜏!. The 

equilibrium adsorption coefficient (K) was calculated according to its canonical 

definition. 

𝐾 = 𝑘!"# 𝑘!"#                             (2.5) 
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We note that K has units of distance and represents the adsorption depth, which is the 

thickness of a slice of solution containing the number of molecules necessary to populate 

the surface.  The rate constants were calculated for three subsets of data, and the 

uncertainty was quantified using the t-distribution and displayed as standard error.   

 
2.3.3 Reversed Phase Liquid Chromatography  
 

2.3.3.1 Experiments 

 

We conducted chromatography experiments with a trimethylsilyl analytical column 

(Waters #PSS832611, particle size 5 µm, pore size 80 Å, carbon content 2.38%, surface 

area 193 m2/g) using a Waters HPLC system with a Gradient Module (#2545), Sample 

Manager (#2762), and UV/Vis Detector (#2489).  Stock solutions for RPLC were made 

with BFA (180 µM) and uracil (340 µM) in a methanol-water solution of the same 

composition as the mobile phase.  20 µL of stock solution was injected into the column at 

a mobile phase flow rate of 8 mL min-1, and elution was monitored using UV/Vis 

absorbance measurements at 260 nm for uracil and 530 nm for BFA.  The capacity factor 

k’ was calculated using the expression 

𝑘! =
𝑀! − 𝑡!
𝑡!

                              (2.6) 

where 𝑀! is the position of the peak centroid of BFA and 𝑡! is the elution time for uracil 

(also measured at peak centroid). Uracil is commonly assumed to not bind to RPLC 

columns, and so its elution time equals the column dead time.34-35   
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2.3.3.2 Stochastic Model of Chromatography 

 

The stochastic model of chromatography, introduced by Gidding and Erying4 and refined 

further by Felinger, Dondi, and co-workers,6-7,36 views chromatography as a Poisson 

process, where the number of adsorption events and duration of individual adsorption 

events (residence times) are randomly distributed.  We provide a more detailed 

discussion of the theory and our modeling in the SI.  In brief, if the true residence time 

distribution 𝑓!(𝜏!) and mean number of adsorption events 𝑟! are known, the 

chromatographic process can be represented by a characteristic function 𝜙!! in the 

frequency (𝜔) domain for molecules spending time 𝑡! in the mobile phase.7  

𝜙!! 𝑡!;𝜔 𝑡! = exp  [𝑟! exp 𝑖𝜔𝜏! − 1 𝑓!(𝜏!)𝑑𝜏!
!
! ]              (2.7) 

The chromatographic peak is obtained by transforming 𝜙!! to the time domain.  We note 

that in our calculations 𝑟! was obtained by dividing the adjusted experimental 

chromatographic retention time (𝑀! − 𝑡!) by the estimated mean residence time. We 

detail in the following paragraph how we estimated the distribution of residence times.  

To account for mobile phase effects, such as axial diffusion and eddy diffusion, we 

convoluted the peak obtained after the transformation with the experimental uracil peak, 

making the assumption that solution-phase transport of BFA and uracil is similar.36   

 

Using current techniques, the whole spectrum of adsorption site residence times cannot 

be directly observed.7,10,33  To demonstrate the conceptual link between peak tailing and 
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adsorption on strong sites, it was necessary to adopt a consistent way to estimate the full 

residence time distribution 𝑓!(𝜏!) under different solution conditions.  Single-molecule 

imaging characterizes adsorption events in which the surface residence time is long 

enough to reach signal-to-noise levels that allow fluorescent molecules to be 

distinguished from the background.21,33  Using model RPLC stationary phase materials, 

single-molecule experiments typically measure molecular residence times on rare, strong 

“specific” (SP) adsorption sites over millisecond to second timescales.7,18-19  However, in 

chromatography experiments, the average retention of the analyte is presumably 

determined by more abundant, weaker interactions with “nonspecific” (NS) adsorption 

sites, while adsorption onto the SP sites (comprising a fraction 𝑝!" of the total adsorption 

events) contributes to peak tailing.7,37-38  Pasti et. al.7 suggested that the true residence 

time distribution can be modeled as a linear combination of these two processes, and so 

we adopted the following estimate of 𝑓!(𝜏!).  

𝑓! 𝜏! = 𝑝!"𝑓!" 𝜏! + (1− 𝑝!")𝑓!" 𝜏!                (2.8) 

In our calculations, 𝑓!" 𝜏!  was the distribution of residence times fit to our single-

molecule data (using Eq 2.4) with mean 𝜏!", and 𝑓!" 𝜏!  was an exponential distribution 

with a mean residence time 𝜏!", which was set to be one order of magnitude lower than 

residence times measured by single-molecule experiments.  (In the SI, we present a 

sensitivity study with different estimates of 𝜏!", showing that the trends predicted by the 

model were insensitive to the specific value of 𝜏!".)  To estimate how the fraction of 

strong sites, 𝑝!", changed with solution conditions in our chromatography experiments, 

we derived the following expression (see SI).   



 46 

 𝑝!" = 𝜑/𝛿                  (2.9) 

where 𝜑 = !
!!

!!"
  !!"  

 and 𝛿 is a fitting parameter inversely proportional to both the 

concentration of analyte and area of the stationary phase in a theoretical plate that is 

assumed to be independent of solution conditions.  The critical assumption is that average 

retention on the chromatography column is primarily determined by NS sites, while 

average retention in the single-molecule experiments is determined by SP sites.  In our 

modeling of experimental chromatograms, we adjusted 𝛿 as shown graphically in Fig 

A10 such that the experimental and theoretical measures of peak asymmetry agreed.   

 

 
 

Figure 2.1:  Pair autocorrelation function of molecule adsorption positions, where ordinate values > 0 
signify correlation.  Significant correlation was detected at distances < 300 nm.  The data came from 
experiments with solution compositions as indicated in the legend in terms of percent methanol by volume.  
We modeled the data with Eq 2.2, which applies when randomly distributed adsorption sites can be 
occupied more than one time and are resolved with precision σloc.  Solid lines show fits of Eq 2.2 with 
σloc of 45 nm, 47 nm, and 54 nm and 𝜌!"" of 0.07 µm-2, 0.20 µm-2, and 0.09 µm-2 for 62%, 56%, and 
50% (v/v) methanol respectively.  Ordinate values were normalized by the height of the fitted peaks.  The 
error bars represent standard error.   
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2.4 RESULTS AND DISCUSSION 

2.4.1 Mapping Adsorption Sites 

The silica surfaces imaged in the current study were highly polished and functionalized 

with a small modifier (TMS), and so one might reasonably expect them to appear 

relatively homogeneous to an adsorbate molecule.  To test this hypothesis, we calculated 

a pair autocorrelation function of molecule adsorption positions (Fig 2.1).  The function 

𝑔 𝑟  would have a constant value of one if the adsorption positions were uncorrelated.  

Adsorption events were spatially correlated at distances less than 300 nm, and we were 

able to model this correlation with Eq 2.2, which applies when adsorption sites are 

randomly distributed and can be localized with a precision of σloc (~50 nm in our 

experiments). 30 Based on this modeling, we concluded that many of the observed 

adsorption events occurred on strongly binding, discrete sites smaller than our resolution 

limit.  
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Figure 2.2: Super-resolution map of BFA adsorption events in 62% methanol from a dataset with 2.3 
molecules µm-2. Scale bar 1 µm.   

 

 
To visualize the adsorption sites, we created super-resolution maps of adsorption events 

(Fig 2.2).  Sites with a large number of adsorption events are emphasized in these maps, 

and previous work focused on characterizing the kinetics of these sites exclusively, since 

they are clearly anomalous.21,32  However, the absolute density of strong sites will remain 

unknown if a threshold based on the number of adsorption events is used to identify 

strong sites because the number of observations is finite.  We observed about 2 

adsorption events per square micron on average over the course of our movies (using 

very low adsorbate concentrations), but we expect the density of molecular-scale 

adsorption sites to be much higher.  We set out to estimate the number of adsorption sites 

and to determine if the adsorption sites could be approximated as a single type of site, for 

which simple Poisson statistics should describe the number of adsorption events.  
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Figure 2.3: Probability histogram of site adsorption events. Fits to multicomponent Poisson distributions 
(Eq 2.3) are shown with solid lines.  Based on the fit parameters (Table A1), we calculated site densities of 
15 ± 2 µm-2, 18 ± 2 µm-2, and 10 ± 2 µm-2 in 50%, 56%, and 62% methanol, respectively. Percent methanol 
in solution as annotated.  The error bars represent standard error. 
 

We constructed a probability histogram of the site adsorption event counts (Fig 2.3) and 

found that the distribution was heavy-tailed.  We then fit the histogram with a Poisson 

mixture model (Eq 2.3), assuming that the adsorption kinetics were due to several 

different types of sites exhibiting first-order kinetics.  Previous studies have shown that 

kinetics on individual sites are indeed first-order.21,32  Three populations were required to 

fit the data (Fig A1), meaning that adsorption was observed on some sites significantly 

more often than would be expected for a single population of sites obeying Poisson 

statistics.  The model parameters are reported in full detail in Table A1.  Approximately 

90% of the adsorption sites were of the weakest type with 0.1 adsorption events, 10% of 

the intermediate type with 1 adsorption event, and 1% of the strongest type with 10 

adsorption events.  The site adsorption rates were heterogeneous, suggesting that the 
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adsorption sites had a distribution of characteristic binding energies.  We calculated 

average site densities of 15 ± 2 µm-2, 18 ± 2 µm-2, and 10 ± 1 µm-2 for 50%, 56%, and 

62% methanol, respectively.  Thus, these sites, which we classify as specific (SP) sites, 

were rare on the scale of a nanometer-sized BFA molecule and displayed a range of 

adsorption rates.  To the best of our knowledge, we are the first investigators to introduce 

Poisson mixture modeling of adsorption site kinetics in the context of single-molecule 

imaging and to report adsorption site densities.  By extracting an absolute strong site 

density for a given surface, we provide a new quantitative method for comparing 

different surfaces. 

 

 
Figure 2.4: Adsorption site residence time distributions. Main Figure: complementary cumulative residence 
time distributions for all sites. Experimental data are shown with standard error for percent methanol in 
solution as annotated.  Fits using Eq 2.4 are shown with solid lines.  Inset: Average residence times for sites 
with adsorption event count x =1 (□) and sites with x > 1 (■), showing that sites exhibiting faster 
adsorption kinetics also displayed longer site residence times.  An average of 2.3 adsorption events µm-2 
were observed at each condition.  Average residence times were calculated from fits reported in Table A3. 
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Table 2.1: Eq 2.4 fit parameters for site residence time distributions.  The parameter values are for the fits 
shown in Fig 2.4.  The numbers in parentheses represents the uncertainty in the last significant digit of each 
value (standard error).  
 

Percent 

Methanol 

𝝉𝑺 𝒑𝒊 𝝉𝒊 

50 0.13(1) 0.915(3) 0.071(1) 

0.075(2) 0.50(9) 

0.010(1) 2.8(5) 

56 0.16(3) 0.932(2) 0.070(6) 

0.058(2) 0.7(1) 

0.009(1) 6.3(7) 

62 0.08(1) 0.969(4) 0.055(4) 

0.028(3) 0.47(3) 

0.004(1) 5.0(5) 

 

2.4.2 Heterogeneous Adsorption Site Residence Time Distributions 

 

Desorption kinetics were characterized under each solution condition by analysis of ~104  

molecular trajectories. The residence times from all adsorption sites are presented in Fig 

2.4.  The presence of multiple types of adsorption sites led to heavy-tailed distributions of 

residence times.  Specifically, long residence times were observed at a higher frequency 

than would be expected for data from a single exponential distribution (originating from a 

single type of site), as demonstrated graphically in Fig A2.  For each solution condition, 

we fit the adsorption site residence distributions with an exponential mixture model (Eq 

2.4) with three populations (the minimum number of components that fully described the 

residence time distributions), as discussed in the SI.  Table 2.1 shows the parameter 

values for the fits to the residence time distributions.  The fastest-desorbing population 



 52 

had a characteristic residence time close to the 75 ms frame time and its prevalence (92% 

- 97%) increased as the amount of methanol in solution increased.  Interestingly, the 

characteristic times for the two slower populations had maximum values at the 

intermediate 56% methanol condition.  Thus, the probability of observing long residence 

times (> 1 s) was significantly higher in 56% methanol.  We note that the values of the 

population fractions (𝑝! values) shifted slightly in the different solution conditions, 

indicating that the exact composition of the active adsorption sites may have had a weak 

solution dependence.   

 

Methanol-water mixtures exhibit nonideal properties at chromatographic interfaces;39 for 

example, excess adsorption of methanol peaks at about 40% methanol by volume.40-41  

Molecular simulations have also shown that polar molecules form the most hydrogen 

bonds with silanol groups and adsorbed solvent molecules at intermediate methanol 

concentration.39  Such nonideal thermodynamics may contribute to the non-monotonic 

dependence of the observed residence time distributions on solution conditions.   

 

The average residence times  of 0.13 s ± 0.01 s and 0.16 s ± 0.03 s in 50% and 56% 

methanol respectively were not significantly different, while the average residence time 

in 62% methanol condition, 0.08 s ± 0.01 s, was significantly lower (Table 2.1).  

Extending these results to retention in RPLC, we expect that the solution conditions 

dictate what types of surface sites significantly contribute to retention.  For example, the 

two-site (strong-site/weak-site) model has previously been used to model RPLC elution 
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curves for phenol in different methanol/water solutions;36 the characteristic residence 

times for the strong sites increased as the methanol content decreased, with larger 

increases at lower methanol concentrations.  Our averaged single-molecule residence 

times represent the behavior on the strong sites and exhibit a similar dependence of 

residence times on methanol concentration. 

 

2.4.3 Correlation of Adsorption and Desorption Kinetics 

 

Both the adsorption and desorption kinetics for a single adsorption site should be related 

to the site binding strength.42  In principle, the three populations identified in the 

desorption kinetics data (site residence time data) and the adsorption kinetics data 

(adsorption site event counts) could have arisen from three distinct types of sites, with the 

sites with the fastest adsorption kinetics having the slowest desorption kinetics.  

However, the mean number of adsorption events for a given site was low (~0.3 

events/site), and so definitively assigning an individual site to a given population based 

on adsorption kinetics was not possible.  If there were distinctly different types of sites, 

then sites with larger numbers of adsorption events should have been more likely to have 

longer site residence times.  To test this hypothesis, we analyzed residence times for sites 

with only one adsorption event (x = 1) and sites with larger numbers of adsorption events.  

We fit the residence time distributions as shown in the SI (Table A3) with exponential 

mixture models and calculated average residence times shown in the Fig 2.4 inset. The 

phenomenon of faster adsorption kinetics (higher numbers of adsorption events x) being 
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correlated with slower desorption kinetics (longer residence times) was observed in all 

the solution conditions.  Thus, we can infer that sites with different binding strengths 

affect the kinetics in the expected way for a reversible process. 

 

 
 

Figure 2.5: Dependence of average solute behavior on methanol concentration.  (a) Measurements of 
retention: log(k’) from chromatography experiments and log(K) from single-molecule TIRFM.  K in units 
of µm.  (b) Single-molecule adsorption rate kads and desorption rate kdes constants on logarithmic scales. 
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2.4.4 Retention in Single-Molecule and Macroscopic RPLC Experiments 

 

It is well known that retention of a hydrophobic solute on a hydrophobic surface such as 

TMS decreases with increasing methanol concentration as the solvent becomes more 

nonpolar.43-45  We characterized retention of BFA, which is largely hydrophobic, under 

different solution conditions with both single-molecule and ensemble methods, 

calculating the single-molecule adsorption equilibrium coefficient K (Eq 2.5) and RPLC 

capacity factor k’ (Eq 2.6), respectively, which relate to the adsorption free energy 

𝛥𝐺!"#  as follows43-45 

log  (𝑘!) = log 𝐾/𝑑! + log  (𝛷)                                (2.6𝑎) 

𝛥𝐺!"# = −𝑅𝑇𝑙𝑛(𝐾/𝑑!)                            (2.6𝑏) 

where 𝛷 is the phase ratio (the volumetric ratio of the stationary and mobile phases), 𝑑! 

is the effective thickness of the stationary phase, R is the gas constant, and T is 

temperature.  

 

Fig 2.5(a) shows that log(k’) and log(K) values had a qualitatively similar monotonic 

dependence on the solution conditions as expected for hydrophobic interactions.  

However, log(K) values, calculated from single-molecule data, reflected adsorption only 

on rare, strong SP sites and were more sensitive to methanol concentration than log(k’) 

values, which were measured with macroscopic RPLC and presumably determined by the 

more abundant, weak NS sites.  Similar trends were seen in macroscopic RPLC 
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experiments with amphiphilic phenol, when the two-site stochastic model was used to fit 

experimental chromatograms (i.e. the strong sites were more sensitive to solution 

conditions).36   We note that the changes in retention on the SP sites were almost entirely 

due to changes in the adsorption rate constant as shown in Fig 2.5(b).  We speculate that 

the strong SP sites were areas with unreacted silanols with which the carboxylic acid 

moiety of BFA can form hydrogen bonds.46 Molecular simulations suggest that nonpolar 

solutes also prefer to adsorb to these sites due to steric effects.24  Adsorption of 

amphiphilic solute molecules can then be viewed as a competition between the solute and 

solvent molecules for these strong adsorption sites.27   Due to the hydrophobic nature of 

the stationary phase, it is more highly solvated by methanol than by water,47 and isotherm 

measurements of solvent adsorption seem to indicate that within bonded stationary 

phases methanol interacts with silanols more strongly than does water.40-41  Thus, the 

enhanced sensitivity of SP site adsorption to solution conditions could be a consequence 

of the solvent and solute competing for these unreacted adsorption sites.   
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Figure 2.6:  Experimental chromatogram for BFA with 56% methanol mobile phase. A and B measured at 
10 % peak height.  
 

Table 2.2: Chromatographic figures of merit: peak position (tr), centroid (M1), width (W), and asymmetry 
factor (As) for different methanol/water mobile phase compositions.  Model data for 𝛼 = 10 and 
δ!! = 33  𝜇𝑚!!. 

 Experimental Theoretical Model 

Percent 
Methanol 

(v/v) 
tr (min) M1 (min) W (min) As W (min) As 

50 28.4(4) 28.5(3) 8.3(3) 1.38(4) 0.77 1.42 

56 6.60(5) 6.76(8) 2.7(1) 1.6(1) 0.26 1.67 

62 1.86(7) 1.86(1) 0.80(4) 1.1(2) 0.09 1.01 
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2.4.4 Chromatographic Peak Tailing 

 

Chromatographic peaks can exhibit tailing when the analyte interacts with a 

heterogeneous stationary phase (kinetic effect) or when the concentration of the 

analyte reaches the nonlinear regime of the adsorption isotherm (overloading 

effect).22,48  Our peak shapes did not exhibit a dependence on concentration (Fig A9) 

and therefore reflected kinetic effects.  The simplest model for a heterogeneous 

surface is the two-site model.  When a chromatographic surface has weak NS and 

strong SP sites, peak asymmetry is maximized when the fraction of strong-site 

adsorption events 𝑝!" is relatively small; the asymmetry increases as the difference in 

the residence times on the two types of sites becomes greater.37  Our experimental 

chromatograms had asymmetry factors (As, as defined in Fig 2.6 and reported in 

Table 2.2) that correlated with average residence times for SP sites (𝜏!   in Table 2.1).   

So if the fraction of adsorption events onto SP sites remained constant and the 

residence time on the NS sites was constant, we would expect peak asymmetry to be 

correlated simply with SP site residence times.  However, the adsorption rate 

constants for the SP sites were particularly sensitive to solution conditions, and so a 

more complex analysis was required.  Specifically, using Eq 2.9, we determined that 

𝑝!" was increasing as methanol concentration decreased.  The change in  𝑝!" is 

primarily due to the ratio 𝐾/𝑘′ changing with solution conditions, as can be seen in 

Fig 2.5.  We relied on Eq 2.9 and our empirical SP-site residence time data from 
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single-molecule experiments to approximate the overall residence time distribution 

(Eq 2.8).  

 

We generated theoretical chromatograms by the stochastic model of chromatography 

(see SI).  Since this simple model does not fully account for mass transfer effects in 

the stationary phase, which contribute significantly to experimental peak widths.3,8,48-

50 we focused our efforts on matching the peak asymmetry data that depend directly 

on the adsorption/desorption kinetics.6,38  We show in Table 2.2 and Fig A10 that, 

with proper choice of a single fitting parameter δ, our theoretical peaks had the same 

asymmetry as the experimental peaks and that the widths scaled as expected.  The 

peak asymmetry depends on two factors: (1) the difference in NS and SP site 

residence times and (2) the fraction of adsorption events onto SP sites.  Both of these 

factors depended on solution conditions and were accounted for in our modeling of 

chromatographic peaks that properly accounted for peak asymmetry.  These results 

demonstrate that the SP sites identified in our single-molecule experiments are likely 

responsible for tailing in the chromatographic system. 

 

2.5 CONCLUSIONS 

 

Single-molecule tracking provided a detailed view of kinetics on rare strong adsorption 

sites on an end-capped silica surface.  The dynamics were extremely sensitive to changes 

in the composition of the overlying methanol-water solution, in agreement with the 
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viewpoint that adsorption represents a competition between the adsorbate and solvent 

molecules.  These strong sites exhibited heterogeneous adsorption and desorption kinetics 

that were correlated, suggesting a common energy landscape for the forward and reverse 

adsorption process. Using single-molecule data to represent the detailed molecular 

behavior on strong binding sites, we approximated the overall adsorption site residence 

time distribution in the context of a model that included both weak and strong binding 

sites. By incorporating this approach into the standard stochastic model of the 

chromatographic process, we were able to reproduce the solvent dependence of 

chromatographic peak asymmetry.  With the ability to directly resolve and characterize 

strong sites, advanced stationary phase chemistries, such as embedded polar groups, can 

be evaluated based on their ability to decrease strong site adsorption events.  These 

measurements can be conducted with small samples and without convoluting effects such 

as mass transfer, which should greatly simplify the design process for new separation 

media.   More generally, we have demonstrated a robust statistical approach to 

characterizing adsorption kinetics on a functionalized surface, which can be applied to 

other surface-based technologies such as biosensing and heterogeneous catalysis.   
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CHAPTER 3: TUNING THE FLIGHT LENGTH OF MOLECULES 

DIFFUSING ON A HYDROPHOBIC SURFACE 

 

Publication:  

 

Mabry, J. N.; Schwartz, D. K. Tuning the Flight Length of Molecules Diffusing 

on a Hydrophobic Surface. Submitted. 

 

3.1 ABSTRACT 

 

Transport at solid-liquid interfaces is critical to self-assembly, biosensing, and 

heterogeneous catalysis, but surface diffusion remain difficult to characterize and 

rationally manipulate, due to the inherent heterogeneity of adsorption on solid surfaces.  

Using single-molecule tracking, we characterized the diffusion of a fluorescent long-

chain surfactant on a hydrophobic surface, which involved periods of confinement 

alternating with bulk-mediated “flights”.  The concentration of methanol in solution was 

varied to tune the strength of the hydrophobic surface-molecule interaction.  The 

frequency of confinement had a non-monotonic dependence on methanol concentration 

that reflected the relative influence of anomalously strong adsorption sites.  By carefully 

accounting for the effect of this surface heterogeneity, we demonstrated that flight 

lengths increased monotonically as the hydrophobic attraction decreased, in agreement 
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with theoretical predictions for bulk-mediated surface diffusion.  The theory provided an 

accurate description of surface diffusion, despite the system being heterogeneous, and 

can be leveraged to optimize molecular search and assembly processes.    

 

3.2 INTRODUCTION 

 

Stepwise control of surface diffusion can enable the precise assembly of molecular 

building blocks, such as DNA origami, on solid substrates.1  While surface diffusion is an 

activated, temperature-sensitive process,2-3 many molecules, such as proteins, are stable 

only over a narrow temperature range, and so other isothermal control strategies for 

surface diffusion are needed.  The exact mechanism of surface diffusion determines how 

the overall molecular mobility is affected by environmental conditions and drastically 

affects the efficiency of molecular search processes,4-8 important in heterogeneous 

catalysis,9 surface-based biosensing,10 and self-assembly of organic monolayers and 

complex hierarchical structures.11  In the simplest model of interfacial transport,12-14 

molecules are hypothesized to adsorb to the interface, undergo Gaussian diffusion, and 

then desorb from the interface.  This model can describe behavior at liquid-liquid 

interfaces,15 but the frozen, heterogeneous nature of a solid surface makes this scenario 

less likely.16-18  At solid-liquid interfaces, the energy landscape is typically more 

complex, and multiple modes of diffusion may contribute to the overall transport of 

molecules at the interface.19   

 



 67 

After molecules adsorb from solution to a solid surface, they typically remain confined to 

nanoscale surface sites prior to desorption.20-22  Once a molecule desorbs, it diffuses 

through solution, but is not necessarily “lost to the bulk”.  Under strongly adsorbing 

conditions, a molecule may quickly reabsorb, executing a “flight” though solution.23-25  

This bulk-mediated surface diffusion controls the rate at which inhomogeneous surface 

density perturbations relax when the timescale for re-adsorption is much less than for 

desorption.23-25  This mode of surface diffusion dominates the effective interfacial 

transport of hydrophilic polymers,26-27 DNA origami,1 small fluorescent dyes,28 and 

proteins20 at solid-aqueous interfaces.  Both the frequency and the length of flights 

influence exactly how a molecule explores the surface, and independent control of these 

variables would enable optimization of search and assembly processes.   

 

The frequency of bulk-mediated displacements, i.e. flights, is very sensitive to the 

strength of adsorbate-surface interactions and is directly proportional to the desorption 

rate.  For polyethylene glycol (PEG) polymers on silica, flights are more frequent at high 

pH when hydrogen bonding interactions between the polymer and surface are weaker.  

For PEG on a hydrophobic surface, more flights are observed as PEG chain length 

decreases and desorption becomes faster.29  Bulk-mediated diffusion is a significant mode 

of surface diffusion only when the probability for fast re-adsorption is significant.  

Because of this phenomenon, flights were observed on a polyelectrolyte surface only 

when there was a strong electrostatic attraction between the small-molecule probes and 

the surface.28  The frequency of flights is not the only contributor to the overall mobility 
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of the molecules, however.  The distribution of flight lengths is also critically 

important.4,30  Surface topography can influence the length of flights; on a surface 

decorated with pillars 3 nm – 7 nm in height, surface diffusion was slowed as pillar 

height increased, presumably due to flights being obstructed by the pillars.27  At a strictly 

planar interface, the theoretical behavior of an adsorbate flying across a surface has been 

carefully examined,23-25,30 and the expected behavior is remarkably simple: flight lengths 

should increase as the re-adsorption probability decreases.  However, this simple 

relationship has not been tested or demonstrated experimentally. Flight lengths are 

difficult to examine in isolation, because in practice, the flight length distribution is 

convoluted with the apparent step-size distribution for confined (i.e. adsorbed) molecules.  

Further complicating the picture, the frequency of flights is particularly sensitive to 

experimental parameters that might shift the distribution of flight lengths.  We present 

here a careful analysis of single-molecule mobility under a broad range of solution 

conditions, accounting separately for the contribution of confined and flying motion to 

the mobility of the ensemble. For the case of a hydrophobic surface, we examine how 

changing the solvent polarity affects interfacial transport.   
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3.3 RESULTS AND DISCUSSION 

 

 

Figure 3.1: Schematic depiction of surface diffusion.  (A) Molecules undergoing bulk-mediated surface 
diffusion and (B) the expected sensitivity of adsorption probability and flight length to the methanol 
content of an aqueous solution.  These qualitative relationships apply to a nonpolar adsorbate molecule 
undergoing bulk-mediated diffusion on a hydrophobic solid surface. 
 

We depict the mechanistic relationship between adsorption kinetics and flight lengths in 

Figure 3.1  If the (re-)adsorption probability is unity, flights are short in length because a 

flight is terminated the first time the molecule, diffusing in bulk solution, encounters the 

surface.  When the adsorption probability is less than unity, the diffusing molecule may 

encounter the surface without re-adsorbing, thus executing a hop across the surface.  

When multiple hops can comprise a single flight, the flight lengths increase.  At the solid-

liquid interface, the adsorption probability is orders of magnitude less than unity, so that a 

diffusing molecule may have many interactions with the surface prior to adsorption.31-32  

The system studied here was comprised of a largely nonpolar fluorescent BODIPY C12 

fatty acid (BFA) probe molecule and a hydrophobic trimethylsilane (TMS) surface in 

methanol-water solutions.  Methanol is commonly added to modify the polarity of 
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aqueous solutions, especially for liquid chromatography,33 and the adsorption rate 

constant of nonpolar adsorbates to hydrophobic surfaces is known to decrease 

logarithmically with the volumetric concentration of methanol.34-35  In this work, we 

studied the molecular mobility of molecules over the range 0% to 50% methanol by 

volume, over which re-adsorption rates were high enough for bulk-mediated diffusion to 

be significant.  At these methanol concentrations, the attachment rate was so high that the 

bulk solution actually became depleted of molecules; without knowledge of the bulk 

adsorbate concentration, the adsorption rate constant cannot be simply calculated.21  

However, extrapolating from previous measurements,21 we could be confident that the 

adsorption rate constants varied by several orders of magnitude over the range of 

conditions studied.   

 

The adsorbed molecules switched between two qualitatively different behaviors: 

confinement and mobility (Figure 3.2A).  As the methanol content of the solution was 

varied, the frequency of confinement and characteristic step sizes both appeared to 

change.  When the frequency of confinement was high, molecules often remained 

confined the duration of the trajectory and had small radii of gyration.  These types of 

trajectories (far left side of the plots in Figure 3.2A) were common in 0% and 50% 

methanol but were not observed in 25% methanol.  We verified that the molecules were 

actually physically confined, and not simply diffusing slowly, by examining the lag-time 

dependence of the step-size distributions (Figure 3.2B).  The statistical signature of 

confinement was a peak in the step-size distribution, at small r as annotated in Figure 
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3.2B, that did not broaden at longer lag times.  Not all trajectories contained long periods 

of confinement, however; these trajectories, with larger radii of gyration, were placed at 

the bottom of the plots in Figure 3.2A.  The steps composing these trajectories increased 

in length monotonically from 0% to 50% methanol, consistent with the expectation that 

flight lengths increase as the re-adsorption probability decreases, as depicted in Figure 

3.1B.  Further evidence of flying motion was apparent in the step-size distributions, 

which exhibited a power law tail at the shortest lag time (0.115 s) that transformed to a 

Gaussian tail at longer lag times (Figure 3.2B).  This feature of the step-size distributions 

was consistent with previous observations and modeling of desorption-mediated diffusion 

i.e. flying motion.20,29    
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Figure 3.2: Selected trajectories and detailed statistics of surface diffusion in different solutions. (A) 
Randomly selected trajectories (each 10 frames or 1.15 s in length) in aqueous solutions with indicated 
percent methanol by volume.  The trajectories were colored and positioned on the x-axis based on their 
respective radii of gyration (Rg). (B) Step-size distributions in 25% methanol, measured at the indicated lag 
time and (C) ensemble-averaged diffusion coefficients and fraction of steps characteristic of mobility 
(flying), from trajectories exhibiting mobility (end-to-end distance > 200 nm).   

 
Fitting the step-size distributions by Equation 3.3 provided the fraction of steps 

representing mobility (fmobile) (Figure 3.2C) and confinement (1 – fmobile).  The detailed 

fitting procedure is presented in the SI (Figure B1–B5 and Tables B2–B2).  The fraction 

of time molecules spent confined (1 – fmobile) had the same non-monotonic dependence on 

solution methanol content apparent in the representative trajectories of Figure 3.2A.  In 

general, adsorbate-surface interactions are very sensitive to the fine chemical 

environment, and the chemical properties of methanol-water solutions near alkyl-coated 
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silica are very non-ideal.34  For example, the excess adsorption of methanol varies non-

monotonically with concentration, with a maximum at about 40% methanol by volume.36-

37  It was expected, therefore, that anomalous adsorbate-surface interactions might peak at 

intermediate methanol concentrations, leading to increased confinement on anomalous 

surface sites.   Indeed, the frequency of confinement correlated strongly with the 

probability of molecular adsorption onto anomalously strong surface sites (Figure B7–

B8, Table B3).  We previously observed that molecules remained bound for longer times 

on these anomalous sites on TMS and that the frequency of adsorption onto these sites 

varied strongly with solution conditions.21-22  The long periods of confinement evident in 

the trajectories were clearly associated with specific areas of the surface, which was 

noted in other studies of surface diffusion, as well.18,32  The consequence of confinement 

at the macroscopic level was slower overall transport.  Interestingly, when confinement 

increased, the scaling exponent of the mean squared displacement as a function of time 

decreased (Figure B6), from a maximum of 0.97(2) at 25% methanol to 0.72(3) at 50% 

methanol. The average diffusion coefficient Densemble also decreased from ~0.8 µm2 s-1 at 

25% methanol to ~0.3 µm2 s-1 at 50% methanol.    

 

Clearly, the confinement arising from microscopic surface heterogeneity affected the 

average mobility of molecules.  The variation in Densemble was strongly correlated with 

fmobile (Figure 3.2C).  However, this correlation explained only some of the variability of 

Densemble (Pearson correlation coefficient = 0.56), suggesting that the flight length 

distribution was also changing with solution polarity.  The shift in flight lengths with 
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solution condition was visually evident in the 27 representative trajectories (Figure 3.2A) 

as previously discussed.  To provide quantitative evidence of the increase in flight length 

with increasing methanol concentration, we fit the broad tails of the step-size 

distributions using a mixture of Gaussian distributions and then found the weighted 

average diffusion coefficient, Dmobile.   Dmobile scales with the flight lengths, and as 

expected from theory presented in Figure 3.1, we found that Dmobile increased 

monotonically as the methanol content of the aqueous solutions increased and the 

adsorption probability decreased (Figure 3.3A).  The rate of increase in Dmobile diminished 

at higher methanol concentrations, indicating that the characteristic flight lengths were 

approaching the maximum measurable displacement rmax.  The finite field of view and 

nearest-neighbor tracking algorithm (see Experimental Methods) limited the maximum 

displacement that could be measured by single-molecule tracking, and so the apparent 

changes in Dmobile may not have fully reflected increases in characteristic flight length at 

higher methanol concentrations.  Nonetheless, the mobility of the molecules showed the 

expected dependence on adsorption probability. 
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Figure 3.3 Flying mode diffusion coefficients.  (A) Weighted average diffusion coefficient from fitting the 
tails of the step-size distributions of mobile molecules in various methanol-water solutions (see Figure B5 
and Table B2). (B) Scaling of diffusion coefficient from the theoretical description (Equation B4) of bulk-
mediated diffusion (flying) as a function of adsorption probability~ (r*)-1. 

 
Since the flight length distribution has been derived analytically (Equation B3),30 we are 

able to compare the experimental results to theory.  The theoretical step-size distribution 

for flying molecules is expressed in terms of a characteristic length scale r* ~ (adsorption 

probability)-1.  In Figure 3.3B, we show how the diffusion coefficient for flying motion 

Dflying depends on r*, when steps can be measured up to a finite tracking radius (rmax) 

(Equation B4).   Basically, Dflying increases as r* increases ultimately saturates for r* >> 

rmax.  The theoretical dependence of the flying mode diffusion coefficient on the 

adsorption probability is quite similar to that observed experimentally (characterized by 

Dmobile).  This agreement between experiment and theory provides further evidence that 

bulk-mediated surface diffusion dominates interfacial diffusion at solid-liquid interfaces 

when there is a significant driving force for re-adsorption, such as hydrophobic21,29 or 

electrostatic effects.28   
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In summary, we have developed a robust statistical approach to characterize diffusion on 

heterogeneous surfaces when molecules exhibit both confined and bulk-mediated (flying) 

surface diffusion modes.  The presence of anomalous surface binding sites primarily 

determined the relative frequencies of the two modes, with confinement increasing as the 

surface adsorption became more heterogeneous.  Flying molecules likely encountered the 

surface many times prior to re-adsorption, and so the average surface interaction 

determined the flight lengths.  In this system dominated by hydrophobic interactions, 

flight lengths increased as the solvent polarity and adsorption probability decreased, and 

the measured surface diffusion coefficients for flying molecules agreed with theoretical 

predictions.  This strategy of altering solution conditions to control adsorption 

probabilities and the rate of desorption-mediated surface diffusion can be applied quite 

generally.  We expect our improved understanding of surface diffusion to enable the 

stepwise, isothermal control of molecular self-assembly at solid surfaces and the 

optimization of molecular searching processes.   

 

3.3 EXPERIMENTAL METHODS 

 

The experimental system was recently described in detail in Mabry, et. al.21  Using total 

internal reflection fluorescence microscopy, we collected image sequences of BFA 

(Invitrogen) molecules adsorbed to the planar interface of a water-methanol solution and 

a fused silica wafer coated with a TMS monolayer to render it hydrophobic (water 

contact angle 91° ± 1°).   Molecules in solution underwent diffusion that was much faster 
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(D ~ 102 µm2 s-1)38 than for molecules on the surface, and so only adsorbed molecules 

were distinguished from background  fluorescence in these images with 0.115s 

acquisition times.  The bulk concentration of BFA was chosen to achieve extremely 

dilute surface coverage of adsorbed molecules (~0.01 molecules µm-2) and ranged from 

0.1 pM to 1 nM.  Low surface coverage was necessary so that individual molecular 

trajectories did not overlap.  Using custom Mathematica programs, we identified the 

positions of individual adsorbed molecules in each image and then tracked the molecules 

from frame-to-frame by connecting nearest-neighbor objects within a radius rmax = 5.8 

µm.  Trajectories greater than 10 frames in length were selected for subsequent analysis 

to minimize the effects of falsely identified molecules20 and to allow us to distinguish 

molecules that remained confined for their entire trajectory by end-to-end distance 

(Figure B1).  For each solution condition, we analyzed >103 molecular trajectories and 

could gain detailed insight into the statistics of surface diffusion.   

 

At short timescales, the statistics of molecular motion are sensitive to the underlying 

mechanism, and the spatial position evolves over time according to the relevant 

distribution.23  For heterogeneous systems, one of the simplest descriptions of the 

molecular motion comes from assuming that a molecule can exhibit multiple modes of 

Gaussian diffusion.   The distribution of displacements of length R observed over time Δ𝑡 

can be described by a Gaussian mixture distribution that is simply the weighted sum of 

the component distributions.   
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Fitting to a complementary cumulative distributions of squared displacements minimizes 

fitting error, and the relevant form of the Gaussian mixture model is given by 

𝑝 𝑅! ≥ 𝑟!,Δ𝑡 = 𝑓!𝑒!!
!/(!!!!!)

!

!!!

          (3− 2) 

Each mode of diffusion has a characteristic diffusion coefficient Di and is responsible for 

a fraction fi of all observed steps.  The average diffusion coefficient 𝐷  is given by 𝑓!𝐷!! .  

In this work, the model was fit to steps observed over lag time Δ𝑡 = 0.115 s.  Because 

molecules switched between periods of confinement and mobility, we fit the step size 

distributions using a more sophisticated model that accounted for both behaviors. 

𝑝!"#!$%&! 𝑅,Δ𝑡 = 𝑓!"#$%#&'𝑝!"#$%#&' 𝑅,Δ𝑡 + 𝑓!"#$%&𝑝!"#$%& 𝑅,Δ𝑡           (3− 3) 

The constraint was imposed that 𝑓!"#$%#&' and 𝑓!"#$%& sum to unity.  The step-size 

distributions of confined molecules 𝑝!"#$%#&' and mobile molecules 𝑝!"#$%& were of the 

form of Equation 3.1.  The function 𝑝!"#$%#&' was determined by fitting the step-size 

distributions of molecules with end-to-end distances less than 50 nm (Figure B2–B4 and 

Table B1) for each condition.  Because these molecules were confined and the apparent 

diffusion coefficient was not independent of lag time, the relevant descriptor of them was 

the length scale of confinement ℓ𝓁!"#$%#&' = 4𝐷!"#$%#&'Δ𝑡.   To characterize molecular 

mobility, the step-size distributions of molecules with end-to-end distance > 200 nm (see 

Fig B1 for details on selection of this subset) were then fit to Equation 3.3 with 𝑃!"#$%#&' 
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fixed as described.  The weighted average diffusion coefficient determined from fitting of 

𝑝!"#$%& was referred to as Dmobile.  The apparent ensemble-averaged diffusion coefficient 

was given by 𝐷!"#!$%&! = 𝑓!"#$%#&'𝐷!"#$%#&' + 𝑓!"#$%&𝐷!"#$%&.   
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4.1 ABSTRACT 

 

Molecular building blocks, such as carbon nanotubes and DNA origami, can be fully 

integrated into electronic and optical devices if they can be assembled on solid surfaces 

using biomolecular interactions.  However, the conformation and functionality of 

biomolecules depend strongly on the local chemical environment, which is highly 

heterogeneous near a surface. To help realize the potential of biomolecular self-assembly, 

we introduce here a technique to spatially map molecular conformations and adsorption, 
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based on single-molecule fluorescence microscopy.  On a deliberately patterned surface, 

with regions of varying hydrophobicity, we characterized the conformations of adsorbed 

helicogenic alanine-lysine co-peptides using Förster Resonance Energy Transfer.  The 

peptides adopted helical conformations on hydrophilic regions of the surface more often 

than on hydrophobic regions, consistent with previous ensemble-averaged observations 

of α-helix surface stability.  Interestingly, this dependence on surface chemistry was not 

due to surface-induced unfolding, as the apparent folding and unfolding dynamics were 

usually much slower than desorption.  The most significant effect of surface chemistry 

was on the adsorption rate of molecules as a function of their initial conformational state.   

In particular, regions with higher adsorption rates attracted more molecules in compact, 

disordered coil states, and this difference in adsorption rates dominated the average 

conformation of the ensemble.   The correlation between adsorption rate and average 

conformation was also observed on nominally uniform surfaces.  Spatial variations in the 

functional state of adsorbed molecules would strongly affect the success rates of surface-

based molecular assembly and can be fully understood using the approach developed in 

this work.    

 

4.2 INTRODUCTION 

 

Biological recognition mechanisms, such as DNA hybridization and antibody-antigen 

binding, can be exquisitely selective and enable facile assembly of nanodevices1-3 and 

programmable materials.4-6   The specificity of the biomolecular interactions arises 
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because the interacting molecules adopt well-defined secondary structures, such as α-

helices in the case of coiled-coil peptide interactions.7   If biomolecule secondary 

structure can be retained in the vicinity of a surface, then device building blocks can be 

reliably positioned and oriented on solid planar substrates via biomolecular recognition.8-

9  Many important sensing mechanisms also rely on biomolecular interactions at 

interfaces, for example in DNA and peptide microarrays.10-11 However, the structure of 

biological macromolecules near interfaces can be different from the bulk structure due to 

confinement effects and also can be sensitive to surface chemistry.12-15  Surface-induced 

effects on biomolecule conformation present a challenge to the bottom-up assembly of 

hierarchical devices on solid substrates because most of our understanding of 

biomolecular interactions is based on solution measurements.16-17  Furthermore, while 

solutions are relatively homogeneous, solid surfaces are very heterogeneous chemical 

environments due to variations in local surface chemistry18-19 and interfacial structuring 

of the solvent environment.20-22  Lateral heterogeneity of surface chemistry presents a 

particularly difficult challenge to the self-assembly of large-scale devices.   

 

The detailed chemical microenvironment in technologically and biologically important 

systems is generally unknown a priori, and so there is an acute need for methods that can 

study the dynamics of molecules while properly accounting for environmental 

heterogeneity.23  For surfaces, a variety of chemical imaging techniques exist,24 and low-

throughput scanning probe measurements can examine the conformations of relatively 

static molecular species.8,25-26  Here, we present a unified technique, based on single-
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molecule total internal reflection fluorescence microscopy (smTIRFM), for 

simultaneously mapping a surface and extracting thousands of highly dynamic, single-

molecule observations from distinct regions that are identified.  This approach is an 

extension of the previously developed technique, known as Mapping using Accumulated 

Probe Trajectories (MAPT).  MAPT can distinguish different regions of a surface based 

on the dynamics of probe molecules, including adsorption, desorption, and interfacial 

diffusion.27  We have extended MAPT imaging to use molecular conformation 

(specifically molecular end-to-end distance) as a measure of surface functionality, both 

for the purpose of surface characterization and as a way to study conformational 

dynamics of adsorbed macromolecules on heterogeneous surfaces.  We measured relative 

end-to-end distances for adsorbed molecules using Förster Resonance Energy Transfer 

(FRET), which is sensitive to distance changes over the 1 – 10 nm range.28  To validate 

our approach, we correlated observations on a deliberately patterned surface with uniform 

surfaces of the same surface chemistry.  The molecular probe was a helicogenic peptide, 

which freely adsorbed onto hydrophilic fused silica (FS) and hydrophobic trimethylsilyl 

(TMS) surfaces.  This particular combination of surface chemistries can be patterned with 

e-beam lithography and has been used to direct interfacial assembly of biomolecular 

building blocks, including DNA origami.8,29-30  More generally, by developing a new 

spatially resolved, single-molecule technique to study molecular conformation, we can 

better understand the effect of surface heterogeneity on the structure of freely adsorbing 

molecules.     

     



 86 

4.3 RESULTS AND DISCUSSION 

4.3.1 Peptide Conformation in Solution and on the Surface 

 

We examined the conformation of short adsorbed peptides, rich in alanine with lysine 

residues included to confer solubility (specific sequence given in Methods).  Peptides 

with such sequences are known to be strong α-helix formers in solution.31-32  As depicted 

in Figure 1, the peptide was end-labeled with donor dye (HiLyte Fluor 488) on the N-

terminus and acceptor dye (HiLyte Fluor 594) on the C-terminus so that, upon excitation 

of the donor dye, the end-to-end distance could be monitored with FRET.  To 

characterize the solution conformation of the peptide, we performed circular dichroism 

(CD) spectroscopy of the peptide solution and found that the spectra could be fit 

reasonably well using a linear combination of helix and coil reference spectra (Figure 

C1).  Based on this fit, we estimated that the ensemble-averaged α-helical content of the 

peptides in solution was ~40% at room temperature. The conformational heterogeneity of 

alanine-rich helical peptides has been an active area of both theoretical and experimental 

research over the last two decades.31-41  A broad distribution of conformations exist at 

intermediate fractional helicities for peptides that are approximately 20 residues in length, 

and the kinetics of the conformational state transitions are strongly sequence-

dependent.36,40-41  However, the two-state approximation of single-helix structures in 

equilibrium with coil structures is widely accepted.33,36,38  Importantly, atomistic 

simulations show that the average end-to-end distance for the single-helix population is 

significantly longer than the average-end-to-end distance for the coil population, even 
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with some fraying of the helix ends, at temperatures where the overall helical content is 

approximately 40%.33   

 

 

Figure 4.1: Schematic of mapping technique.  On a heterogeneous surface — hydrophobic trimethylsilyl 
(TMS) with defined hydrophilic fused silica (FS) regions — single molecule observations were 
accumulated in specific regions (pixels).  Peptide end-to-end distance d was identified by Förster 
Resonance Energy Transfer (FRET) between a donor dye at the N-terminus and an acceptor dye at the C-
terminus.  The end-to-end distance was large for a peptide in the helix state, resulting in low FRET 
efficiency; for the majority of possible coil conformations, the end-to-end distance was shorter, resulting in 
high FRET efficiency.  The conformations of adsorbed peptides depicted in this scheme are idealized 
representations for illustrative purposes.          

 
Adsorption of a peptide to a solid surface changes the free energy landscape with respect 

to molecular conformation.  For example, hydrophilic silica surfaces, which are 

negatively charged at neutral pH,19 can stabilize helical conformations of peptides 

containing positively-charged residues such as lysine through electrostatic interactions.42-

43  In contrast, the helical content of peptides generally decreases upon adsorption to 

hydrophobic materials, such as carbon nanotubes,16,44-45 unless the peptide has been 

carefully designed to be amphiphilic.46-47  For many proteins, including bovine serum 

albumin and fibrinogen, more secondary structure is lost upon adsorption to hydrophobic 

surfaces than to hydrophilic surfaces.48-49  Thus, based on previous literature, we 
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expected a hydrophilic silica surface to favor helical peptide conformations and a 

hydrophobic surface to destabilize the helix.   

 

Using smTIRFM, we acquired image sequences at room temperature for each surface 

studied, in which >106 peptides were observed to adsorb to the surface, and after finite 

surface residence times, desorb from the surface.  We recorded in separate channels the 

fluorescence intensity of the FRET donor and acceptor dyes, which were spectrally well-

separated.  Single-molecule FRET measurements were converted to relative end-to-end 

distance, d, for peptides adsorbed on hydrophilic FS, hydrophobic TMS, and patterned 

TMS/FS surfaces.  In the Methods section we detail the theoretical relationship between d 

and absolute end-to-end distance.  In short, d equals the absolute end-to-end distance 

divided by a distance on the order of the Förster radius (~5 nm).  The probability 

distributions of all of observed d-values (Figure 4.2A) had similar features on all the 

surfaces studied.  While many molecules had intermediate d-values between 0.4 and 1.8 

(i.e. the fluorescence intensity of both the donor and acceptor dye was significant), some 

molecules had extremely high or extremely low apparent d-values, as represented by 

rectangular bins at the ends of the distributions in Figure 4.2A.  This measurement 

artifact largely stemmed from the difficulty of quantifying single-molecule FRET when 

fluorescence intensity in one channel was very. Thus, the most salient information 

available from these d-distributions was the frequency of low d-values compared to the 

frequency of high d-values, i.e. the height of the low d peak (centered at d=0.8) and the 

height of the high d peak (centered at d=1.5).  The low d and high d peaks were well-
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separated by a threshold of d=1.14 so that two conformational states were readily 

distinguished.  This general approach has previously been applied to understand the 

conformational states of DNA and proteins.50-51   The only drawback to this approach was 

that the fraction of molecules observed in the high d state may have been increased 

slightly by the presence of molecules labeled with only the donor dye, but this this 

artifact would not have changed the overall trends reported below with respect to surface 

chemistry and the kinetics of molecules that changed conformational state.    

 

 

Figure 4.2: Peptide end-to-end distance distributions. (A) Peptide conformation on hydrophobic 
trimethylsilyl (TMS), hydrophilic fused silica (FS), and a patterned TMS/FS surface. The distributions 
describe the probability of observing a given relative end-to-end distance, d. The boxes from d = 0 to 0.2 
and from d = 1.8 to 2.2 represent adsorbed peptides with negligible intensity in either the acceptor or donor 
channel, respectively.  The area of each box is proportional to the number of molecules in these extreme 
states.  The cumulative area under the boxes and curve integrates to unity. Note that probability is reported 
on a logarithmic axis to highlight the minima at approximately d = 1.14, which are marked with a dashed 
vertical line.  This value of d was used as a threshold to classify a given observation of peptide 
conformation as either “coil” (d < 1.14) or “helix” (d > 1.14).  (B) Absolute end-to-end distance probability 
distributions (black curves) for disordered peptide based on a self-avoiding random walk in 2D and in 3D 
as described in the SI (Equation C2) and the end-to-end distance for the fully helical peptide (gray vertical 
line).  
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To assign low d and high d “states” identified by these distributions to physical molecular 

conformations, we carefully considered the potential conformations that an adsorbed 

peptide can adopt.  Using NMR spectroscopy, Burkett and Read52 found that peptides 

that were strongly helical in solution adopted conformations that, when adsorbed on 

silica, retained significant helical character, with some helical loss at the peptide termini.  

Similarly, using molecular dynamics simulations, Gnanakaran35 and co-workers 

characterized the conformations of a 20-residue alanine-lysine helical peptide and found 

that at intermediate temperatures, in the helix-coil transition regime, helical loss was also 

most significant at the peptide termini.  Peptides with significant helical content were 

considerably longer than the disordered peptides, which had an end-to-end distance 

distribution resembling that of a compact random coil.  Thus, with respect to our 

experiments, while the adsorbed peptides potentially had a range of fractional helicities, 

the end-to-end distances were expected to be systematically larger for molecules with 

more helical structure. For simplicity we refer to more-extended structures as being in the 

“helix” state, and to less-extended structures as being in the “coil” state throughout the 

rest of the paper.            

 

If the adsorbed peptides lacked all secondary structure, then the conformation could have 

resembled either the structure of a disordered a peptide in solution (a three-dimensional 

coil) or the structure of a two-dimensional “pancake,” with longer end end-to-end 

distances.53  Using sum frequency generation (SFG) vibrational spectroscopy to 

investigate adsorbed peptide conformations, Mermut and co-workers found that only 
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certain side chains (charged, polar side chains on hydrophilic silica and alkyl side chains 

on hydrophobic polystyrene) had significant interactions with the surface,54 suggesting 

that the adsorbed coil conformations of our alanine-lysine peptide were largely three-

dimensional in nature.  In Figure 4.2B, we present theoretical distributions of the end-to-

end distance for two-dimensional and three-dimensional statistical coils and for a fully 

helical peptide.  (The details of these idealized calculations are in the SI.)  Fewer than 

17% of the two-dimensional coils and 2% of the three-dimensional coils had end-to-end 

distances greater than the end-to-end distance for a fully helical peptide, as shown 

graphically in Figure 4.2B by the light and dark gray shaded areas respectively.  Thus, it 

seemed reasonable that helix-rich and coil states could be distinguished by end-to-end 

distance for the majority of expected conformations, which likely were between the 

extremes of being purely two-dimensional or purely three-dimensional.   

 

Based on a longstanding model of polymer adsorption, one could also view the adsorbed 

peptide as a sequence of adsorbed “trains” (finite, continuous sections of the amino acid 

chain in contact with the surface) and unbound “loops.”55-59  In this picture, the end-to-

end distance increases as the number and length of adsorbed trains increases, causing the 

adsorbed polymer to become more two-dimensional in shape, or when the stiffness of 

loops increases, causing the spacing between trains to increase.  In the special case of 

amino acid chains, helical structure would cause the stiffness of the chain to increase, 

increasing the distance between adsorbed segments.   Therefore, for helix-rich peptides, 
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we would again expect the end-to-end distance to be greater than for disordered peptides, 

in the adsorbed state.   

 

4.3.2 Identifying Distinct Regions of a Heterogeneous Surface 

 

As discussed above, ensemble-averaged measurements have shown that peptides and 

proteins typically exhibit less secondary structure upon adsorption to more hydrophobic 

surfaces.16,44-45,48-49  In our experiments, the measured conformations of the adsorbed 

peptides were very sensitive to surface chemistry.  In particular, the extended helix state 

(identified in Figure 4.2A) was more strongly favored on hydrophilic FS than on 

hydrophobic TMS, in qualitative agreement with the previous literature on the impact of 

surface chemistry on helix stability.16,42-45,48  The strong effect of surface chemistry on 

peptide conformation suggested that our single-molecule observations could be used to 

identify different surface chemistries in a heterogeneous environment based on peptide 

conformation.    

 

We have adopted the approach of accumulating multivariate, single-molecule 

observations in spatial bins (“pixels”) to construct maps of surface properties.  We 

previously used adsorption, desorption, and diffusion data to construct surface maps,27,60 

and we extended the approach here to FRET data to examine the spatial dependence of 

molecular conformation.  Figure 4.3 shows MAPT images of a photo-patterned surface 

containing circular FS holes within a TMS matrix.  This patterning approach was 
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independently validated by creating FS circles within a patterned amine-terminated 

organosilane monolayer to which dye molecules were covalently bound (Figure C2).  The 

MAPT images were assembled based on the adsorption rate and average peptide 

conformation in individual pixels (760 nm × 760 nm in size).  The pixel size was set so 

that a significant number of molecules were observed in nearly all pixels (pixels with 

fewer than 3 observations of molecules are shaded grey in Figure 4.3).    

 

 

Figure 4.3: MAPT Images. A TMS-coated surface was photo-patterned as described in the Supporting 
Information (SI), such that circular holes of FS were created in the TMS coating. (A) Map showing the 
number of molecules that adsorbed in each pixel (Npixel), which was higher on TMS than on FS regions. (B) 
Map of the likelihood of observing peptides in the helix state in each pixel. Peptides were more commonly 
found in the helix state on FS than on TMS regions. The scale bar represents 5 µm.  The pixel size is 760 
nm × 760 nm.   
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Both images were assembled from the same set of ~300,000 molecular trajectories, and 

the spatial locations of the underlying surface chemistries were clearly distinguished via 

the peptide adsorption rate and average conformation. On the TMS regions (blue area), 

the number of adsorbed molecules (Figure 4.3A) was approximately 100 times greater 

than on the circular FS regions (yellow area).  At the boundaries between the two regions 

(green area), where the ozone removal of the TMS was likely incomplete, the number of 

adsorbed molecules was about 10 times greater than on FS.  These results agreed 

qualitatively with previous observations of fatty acid adsorption on TMS/FS surfaces, 

where more fatty acid adsorption was observed on hydrophobic TMS than on hydrophilic 

FS regions.27  The difference in adsorption rates was explained by viewing adsorption as 

a competition between the adsorbate and solvent to attach to the surface.61 Because 

attachment of polar solvent molecules to the surface is less favorable on hydrophobic 

surfaces, adsorption of the peptide was more favorable on these areas.   

 

Since each spatially resolved peptide observation was classified as either helix or coil on 

the basis of its FRET signal, the likelihood of observing the helix state was calculated for 

each pixel individually.  The likelihood of observing the helix was the fraction of all 

observations that were helical.  As shown in Figure 4.3B, the likelihood of observing the 

helix was higher overall in the circular FS regions than in the TMS regions.  Compared to 

the spatial variation of the adsorption behavior on a given surface chemistry, the 

conformational behavior was more heterogeneous, both on the patterned surface (Figure 

4.3) and on the nominally uniform control surfaces (Figures S-3 and S-4).  For example, 
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in Figure 4.3B, some pixels (blue, green) in the circular FS regions had fewer 

observations of helical peptides than the more typical pixels (yellow) whereas FS regions 

in the adsorption maps (Figure 4.3A) were much more uniform.  Therefore, for purposes 

of comparing the different surfaces chemistries, we used the more homogeneous 

adsorption MAPT image (Figure 4.3A) to select regions for comparison to unpatterned 

(control) FS and TMS surfaces.   

 

Qualitatively, regions of low, intermediate, and high adsorption were distinguished in 

Figure 4.3A, corresponding to regions with hydrophilic, intermediate, and hydrophobic 

surface chemistry.  We constructed a probability distribution of the number of adsorption 

events per pixel (Figure 4.4A) and used this distribution to set thresholds for 

distinguishing these different surface regions of low, medium, and high adsorption rate.   
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Figure 4.4: Spatial dependence of adsorption and conformational states. (A) Probability distribution of the 
number of adsorbed molecules per pixel (Npixel) on a patterned TMS/FS surface. The shading indicates 
subsets of data selected for subsequent analysis corresponding to regions of low, medium, and high 
adsorption (appearing as yellow, green, and blue in Figure 4.3A), which cover 26%, 16%, and 58% of the 
total surface area respectively. The low and high adsorption regions were patterned regions of FS and TMS, 
respectively. The medium adsorption regions were located at the interface between the TMS and FS 
regions.  (B) Likelihood of observing peptides in the helix state on control FS and TMS surfaces and in the 
regions of the patterned TMS/FS surface with low, medium, and high adsorption.  Error bars denote 
standard error of the mean.   
 

For each of these regions, we calculated the likelihood of observing the helical state, and 

compared the identified regions of the patterned surface to the control TMS and FS 

surfaces (Figure 4.4B).  We found that the conformations on the high adsorption regions 

were statistically similar to the control TMS surface and that the low adsorption regions 
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were similar to the control FS surface. These results demonstrated that statistically 

meaningful comparisons could be made of molecular conformations on microscopic 

regions of a heterogeneous surface using the MAPT technique.  This validation of the 

MAPT approach also suggested that the heterogeneity in conformational behavior seen in 

the circular FS regions of the photo-patterned surface and also seen on the control FS 

surface (Figure C4) resulted from meaningful differences in surface chemistry, as 

opposed to having been a statistical artifact. 

 

4.3.3 Contributions of Adsorption/Desorption and Folding/Unfolding Processes to 

Average Conformation 

 

The difference in conformation (likelihood of the helix state) on the FS and TMS surfaces 

could potentially have resulted from a number of different physical mechanisms.  For 

example, single-molecule imaging of an adsorbed enzyme, organophosphorus hydrolase, 

revealed that most proteins that adsorbed in the folded state quickly unfolded prior to 

desorption.51  Thus, the initial conformation (measured immediately after adsorption) 

favored the folded state when compared to the final conformation (measured in the frame 

prior to desorption).  We performed a similar analysis here, comparing the likelihood of 

observing the helix state immediately after adsorption and immediately prior to 

desorption (Figure 4.5A).  Interestingly, we did not see significant differences between 

the initial and final conformations of peptides adsorbed to either the TMS or FS surface 

(Figure 4.5A).  This implied that most peptides remained in the same conformation in 
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which they adsorbed or relaxed to the most favorable conformational state within 100 ms 

(one frame time) of adsorbing to the surface and then remained in a stable conformation.   

The prevalence of unfolding processes probably depends on how exactly the molecules 

become immobilized on the surface.  Comparing our current results with peptides to the 

previous results with proteins,51 for a large protein, there were many points of potential 

attachment, which might not have affected the ability of the molecule to unfold, whereas 

for a small peptide the points of attachment were much more limited, leading to the 

molecule becoming pinned on the surface and rarely changing conformational state 

without desorbing.   

 

 

Figure 4.5: Conformational state dynamics.  (A) Likelihood of observing the helix state in the “initial” 
observation for a given trajectory (i.e. the first image after adsorption) and in the “final” observation (i.e. 
the last image prior to desorption).  (B) Mean rate constants of desorption, unfolding from the helix to coil 
state, and folding from the coil to helix state.  Mean rate constants were obtained by fitting the distributions 
of surface residence times (desorption rate), initial helix states (unfolding rate), and initial coil states 
(folding rate) as shown in Figure C5 with mixtures of exponential distributions (Eq. 2). The desorption rate 
constants were calculated separately for molecules initially in the helix state and the coil state, as labeled on 
the bars.  The percentage of molecules undergoing each process is given above the applicable bar.  Error 
bars represent standard error of different subsets of the data.   
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The average conformational state was not noticeably affected by folding/unfolding 

processes, which were rare, but it could have been affected by desorption if the average 

kinetics for desorption depended on the conformation of the molecule, e.g. if coil 

peptides had longer residence times than helix peptides.  In fact, we did not find a 

significant difference between the average desorption rate constants for molecules that 

adsorbed in the helix state and molecules that adsorbed in the coil state on either TMS or 

FS (Figure 4.5B).  So the higher likelihood of observing the helix state on FS than on 

TMS could not be attributed to a large difference in average surface residence times of 

different conformations.  Having eliminated the effects of conformational change and 

desorption, we therefore concluded that the average likelihood of observing peptides in 

the helix state was mostly determined by a bias in the initial conformation adopted upon 

adsorption.  In other words, the difference in adsorption rates of the helix and coil 

peptides determined the average surface conformation, and these adsorption rates had a 

strong dependence on the surface hydrophobicity.  We cannot discern to what extent fast 

sub-millisecond relaxation processes of the adsorbed peptide contributed to these 

observations, but the conformations were relatively stable and most of the molecules 

(~90%) desorbed without changing conformation and followed approximately the same 

average desorption kinetics regardless of conformation.    
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4.3.4 Heterogeneous Peptide Behavior on Nominally Uniform Surfaces 

 

The unique advantage of the single-molecule approach is access to the full distribution of 

molecular behaviors, which can give insight into the effects of fine spatial differences on 

nominally uniform surfaces.  Surface residence time distributions are especially sensitive 

to surface heterogeneity, and the presence of distinctly different types of surface sites can 

lead to broadly distributed residence times.62-64  Therefore, to assess the chemical 

heterogeneity of nominally uniform surfaces, we fit the surface residence time 

distribution to mixture models, as described in the Methods section, and examined the 

populations of surface residence times.  While residence time distributions on both TMS 

and FS surfaces required three populations for an accurate fit, the fraction of molecules 

exhibiting anomalously long residence times (i.e. belonging to the two longer-lived 

populations) was ~10% on TMS and greater than 20% on FS (Table C S-1).   This agreed 

with our initial assessment, based on visual inspection of the maps of adsorption and 

conformation, that FS might be intrinsically more heterogeneous than TMS.  

Interestingly, the increased presence of long-lived species on FS compared to TMS is 

supported by previous atomic force microscopy (AFM) measurements.8  Adsorbed DNA 

could be observed directly on FS, but remained AFM-invisible on TMS due to fast 

desorption kinetics.  While AFM is undeniably a powerful tool, in an actual molecular 

device, all species present will contribute to overall performance; clearly, single-molecule 

imaging can supplement characterization techniques, such as AFM, that are sensitive to 

different timescales.  
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Figure 4.6:  Likelihood of helical peptide conformation for observations in adsorption map pixels with Npixel 
adsorption events.  Equivalent surface maps of adsorption were constructed for both surfaces with an 
average Npixel of 52.  Error bars denote standard error. 
 

Surface heterogeneity will have an important effect on surface-based assembly if it 

alters the spatial distribution of adsorbed, functional building block materials (e.g. 

peptides in the helical state rather than the disordered coil state).  While the residence 

time distributions suggested that the uniform surfaces were chemically 

heterogeneous, mapping the surface quantified the length-scale of that heterogeneity.  

In this work, we validated our mapping technique using the patterned TMS/FS 

surface and showed that adsorption rates and conformational states were sensitive to 

variations in surface chemistry over microscopic length scales.   This approach could 

be applied with confidence to quantify heterogeneity on the nominally uniform TMS 

and FS surfaces and to examine the mechanistic effects of surface heterogeneity.  To 

determine if the heterogeneity in the adsorption and conformational behavior was 

correlated, we calculated the likelihood of the helix state in surface map pixels with 

different numbers of adsorption events (Figure 4.6).  Interestingly, we found that 
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helical conformations were more likely to be observed than coil conformations on 

regions with weaker adsorption (lower values of Npixel) on both TMS and FS.  We 

observed a stronger correlation between adsorption rate and conformational state on 

FS than on TMS, suggesting that FS was less chemically uniform.  The chemical 

heterogeneity of FS might have been due the presence of silanol groups with different 

characteristic acidities (e.g. isolated, vicinal, or germinal silanols), and this would 

have affected the behavior of adsorbate molecules because more acidic silanols form 

stronger hydrogen bonds.19,65  It is worth noting that this type of chemical 

heterogeneity often accompanies physical heterogeneity (i.e. topographic features like 

pits and scratches); on crystalline silica surfaces, different crystal planes are “cut” at 

these topographic defects, resulting in different characteristic silanol species at the 

surface.19  In agreement with this picture, strong adsorption of polar molecules is 

often correlated with topographic features at the nanoscale, as combined atomic force 

microscopy and fluorescence imaging have shown.66  In our system, the TMS coating 

of FS had the effect of introducing hydrophobic ligands, which capped many of the 

diverse silanol species.  Nevertheless, the same phenomena of helical conformations 

being more favorable on regions with weaker adsorption was observed on TMS and 

FS.  So while “passivating” layers such as TMS can help reduce spatial heterogeneity, 

the effect of spatial heterogeneity on conformation and adsorption of macromolecule 

seems to be quite general in nature.  
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4.4 CONCLUSION 

 

Using a helical peptide and surfaces with varying hydrophobicity, we have 

demonstrated the ability to correlate molecular conformation with microscopic 

regions of a surface.  Extended peptide conformations, likely more helical in nature, 

were more favorable on hydrophilic FS than on hydrophobic TMS at the single-

molecule level on patterned surfaces and on uniform control surfaces.  The FS surface 

captured more molecules in the helix state than did TMS, and these conformational 

states were stable, such that most peptides did not undergo a conformational change 

prior to desorption from the surface.  On FS, extremely long surface residence times 

were observed relatively often; these rare molecular populations could dominate 

measurements made over longer time-scales and were indirect evidence of the 

heterogeneity of the surface.  Quantifying the observations made on the surface maps 

revealed that the helical conformation was more favorable on regions with low 

adsorption rates.  These types of local variations in surface chemistry could strongly 

affect the ability of adsorbed biomolecules to recognize other biomolecules through 

specific interactions and cold be important in determining the final structure of self-

assembled materials or devices.    This type of analysis should prove valuable in 

characterizing surface coatings designed to promote biomolecular recognition not 

only for the assembly of molecular building blocks but also for surface-based sensors.  

Typically, the primary role of the coating is to control adsorption phenomena, but 

surface-induced denaturation of the molecular building blocks or analytes of interest 
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is clearly undesirable and seemingly correlated with the adsorption kinetics on the 

surface.  Spatial heterogeneity is an important feature of such coatings, and we have 

provided a new, rigorous method for fine spatial characterization of surface 

chemistry.  This work demonstrates the importance of considering spatial 

heterogeneity at microscopic length-scales when interpreting ensemble-averaged 

experiments and especially when making comparisons to molecular simulations.  

With this technique in hand, we can harness the unique capabilities of single-

molecule imaging for characterizing molecular conformation in diverse biological 

and functional materials systems. 

 

4.5 METHODS 

4.5.1 Solutions of End-Labeled Peptide 

 

A fluorescently labeled peptide (purity >95% by reversed phase high performance liquid 

chromatography) was purchased from Anaspec (Fremont, CA). The amino acid sequence 

was AAAKAAKAKAAKAAAAKAAKKAAAAKAK, with an amidated C-terminus, 

HiLyte Fluor 488 conjugated to the N-terminus and HiLyte Fluor 594 conjugated to the 

side chain of the C-terminal lysine.  For single-molecule imaging experiments, the 

peptide was dissolved in phosphate buffered saline (Gibco, calcium and magnesium free, 

pH 7.4, ionic strength 162 mM, Debye length 0.8 nm) to 10-9 to 10-11 M.  Prior to 

acquiring images, the solution concentration was increased until the field of view had 
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sufficient densities of adsorbed molecules to provide robust statistics (~10-3 molecules 

µm-2).    

 

4.5.2 Surface Preparation and Characterization 

 

Two-inch diameter fused silica (FS) wafers (Mark Optics) were washed with detergent 

(Micro 90, International Product Corp) and thoroughly rinsed with ultrapure water with 

18 MΩ-cm resistivity (Milli-Q UV Plus, EMD Millipore).  Wafers were immediately 

immersed in a 70% sulfuric acid, 30% hydrogen peroxide, piranha solution (warning: 

hazardous corrosive, strongly oxidizing solution) for 1 hour, rinsed with ultrapure water, 

dried with nitrogen, and further cleaned in a UV/ozone cleaner (Novascan) for 1 hour, as 

previously described.67  The cleaned wafers were then used as cleaned for experiments 

with uniform FS.  To create a trimethylsilyl (TMS) monolayer, the cleaned wafers were 

placed in the lid of a sealed 2 inch diameter jar with 5 mL of hexamethyldisilazane in the 

bottom of the jar for 18 hours at room tempeature. After this deposition, the TMS surface 

had a static water contact angle of 91° ± 1°, measured with a custom-built goniometer, 

using an ~1 µL sessile drop on three different positions on the wafer.68  Using a contact 

photomask and an ultraviolet light source, the TMS was patterned as described in the SI 

to create a TMS/FS patterned surface with ~6 µm diameter FS holes every ~13 µm on a 

square grid.   
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4.5.3 Single-Molecule Total Internal Reflection Fluorescence Microscopy (TIRFM) 

 

Our TIRF microscope has been described in detail elsewhere.69-70  Briefly, it consisted of 

an inverted Nikon TE-2000 microscope with 60X objective with 1.5X auxiliary 

magnification, prism-based illumination provided by a 491 nm laser, flow cell, an 

Optosplit III Image Splitter (Cairn Research) and an electron multiplied CCD-camera 

(Andor).  The microscope was focused at the interface between the surface of interest and 

a stagnant peptide solution, which was held at room temperature.  The image was split by 

a 580 nm dichroic mirror (Chroma) into donor and acceptor channels, which were each 

projected onto different regions of the CCD sensor. The donor channel was filtered with a 

bandpass filter with a 95% transmission interval, centered at 525 nm, with a width of 39 

nm (Semrock), and the acceptor channel was filtered with a 591 nm longpass filter 

(Semrock).  The channels were aligned and molecules identified as described previously 

(using an image processing routine where the raw images were convolved with a disk 

matrix and then thresholded to identify distinct objects).63,70  Only molecules adsorbed to 

the interface were localized during image processing because diffusion in solution was 

too fast to allow localization at the 100 ms frame acquisition times used in these 

experiments.  Previous studies of FS and TMS surfaces have shown that adsorbed 

molecules are typically confined to regions smaller than the localization precision (~100 

nm).60,71  Molecular trajectories were formed by tracking the closest objects in sequential 

frames that were less than 445 nm (3 pixels) apart. (The finite tracking radius accounted 
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for uncertainty in the channel alignment and object localization.)  All image processing 

and object tracking was performed in Mathematica 9 (Wolfram).   

 

4.5.4 Quantification of Förster Resonance Energy Transfer (FRET)  

 

FRET is the nonradiative transfer of energy from a donor to acceptor fluorophore across a 

distance 𝑟 with an efficiency that is proportional to 𝑟!! and equals 50% at the Förster 

radius (𝑅!).28  For the HiLyte Fluor 488/594  dye pair, we calculated 𝑅! to be 5.1 nm 

using standard Förster theory (assuming unhindered dye rotation, orientation factor of 

2/3) and the published absorption and emission spectra.72  The absolute donor-acceptor 

distance is given by  

𝑟 = 𝜇𝑑 = 𝜇 𝐹!
𝐹!

!/!
      (4.1) 

where 𝐹! is the fluorescence intensity of the molecule in the donor channel and 𝐹! is the 

fluorescence intensity in the acceptor channel.  The factor  𝜇 = 𝑅!
!!|!→!
!!|!→!

 depends on 

the Förster radius and the fluorescence intensities of the donor and acceptor at known 

separation distances.  While the donor fluorescence in the absence of acceptor, 𝐹!|𝑟 →

∞, can be empirically measured, the fluorescence of the acceptor in the limit of 100% 

efficient energy transfer, 𝐹!|𝑟 → 0 can be derived only by fixing the dyes with sub-

nanometer precision and assuming no donor quenching by non-FRET collisional 

processes.  The efficiency of the resonance energy transfer may also be strongly affected 

by the presence of the solid surface, which can hinder dye rotation or interact with the 
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dyes electronically.  The absolute values of 𝐹! may also have been slightly increased by 

bleeding of the donor emission into the acceptor channel; however, this bleed-through 

effect was found to be minor for spectrally similar donor and acceptor dyes.73  Due to the 

significant uncertainty in the parameter  𝜇 and the absolute fluorescence intensities, we 

reported our data using the relative end-to-end distance 𝑑 = 𝑟/𝜇 = 𝐹!
𝐹!

!/!
 as in 

previous single-molecule FRET studies of freely adsorbing molecules.50-51,70,74   

 

4.5.5 Calculation of Likelihood of Conformational States 

 

For a dataset with N total observations, the likelihood of observing a helix is 

𝑛(ℎ𝑒𝑙𝑖𝑥) 𝑁, where 𝑛(ℎ𝑒𝑙𝑖𝑥) is the number of observations of the helix state.  For the 

MAPT images (e.g. Figure 4.3B), we used the notation 𝐿𝑖𝑘𝑒𝑙𝑖ℎ𝑜𝑜𝑑  𝐻𝑒𝑙𝑖𝑥 !"#$% to 

denote that the likelihood was calculated for observations in each pixel separately.  For 

all other calculations, the data was pooled from either the whole image or pixels with a 

specific number of adsorption events or from trajectories with specific surface residence 

times.  When comparing the initial and final observations in a trajectory, only trajectories 

at least 0.2 s (two frames) long were considered.   
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4.5.6 Characterization of Desorption and Folding/Unfolding Kinetics 

 

For each molecule, the time interval between adsorption and desorption was recorded as 

the surface residence time 𝑡.  For each dataset considered, we compiled a complementary 

cumulative distribution 𝐹 𝑡  of residence times. We fit these distributions using an 

exponential mixture model, where each component distribution represents a distinct first-

order kinetic pathway.75 

𝐹 𝜏 =   𝑝!

!

!!!

𝑒!!/!!                               (4.2) 

Each component distribution of the mixture model had a characteristic residence time τi 

and represented a fraction pi of the molecules. The distribution was constrained so that 

𝑝𝑖 = 1.    For a more detailed discussion of the significance of the model and fitting 

procedure, see Mabry, et. al.63  We fit the distributions using the minimum number of 

components necessary for good fits (R-squared > 0.99) to find the average surface 

residence time, given by 𝜏 = 𝑝!𝜏!. The desorption rate constant was given by 𝜏 !!.  

To characterize the folding and unfolding kinetics, we measured the initial state residence 

time of the coil and helix conformational states respectively.  We ignored subsequent 

conformational changes because the probability of observing a subsequent 

conformational change depends on the length of the trajectory and the previous state 

residence times, such that the data cannot easily be normalized.50  We utilized a 

previously outlined strategy to construct probability distributions of initial state residence 

times (Eq S-5) , which were corrected for observation bias (the bias to only observe state 
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residence times shorter than the surface residence times).50  We fit the initial state 

residence time distributions to a mixture of exponential distributions in the same manner 

as the surface residence times and reported the average rate constants derived from these 

fits.  To decrease the effect of anomalously bright, one-frame “noise” objects, we 

included only surface residence times and initial conformational state times that were 0.2 

s or longer.  The percentages of molecules undergoing the associated processes of 

desorption and folding/unfolding were calculated based on the subset of trajectories that 

could possibly exhibit these phenomena (specifically 0.2 s or longer in the case of 

desorption and 0.3 s or longer in the case of folding/unfolding).   
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APPENDIX A: SUPPORTING INFORMATION FOR CH. 2 

 

A.1 SINGLE-MOLECULE IMAGING EXPERIMENTAL DETAILS 

A.1.1 Surface Preparation 

 

Two-inch diameter highly polished fused silica wafers (Mark Optics) were cleaned in 

piranha solution (hazardous corrosive, strongly oxidizing solution) and a UV/ozone 

cleaner1 and then coated with a trimethylsilyl (TMS) monolayer (i.e. end-capped) by 

exposure to hexamethyldisilazane vapor in a sealed beaker for 18 hours.2 A custom-built 

contact angle goniometer was used to check the quality of TMS monolayers.3  Contact 

angle measurements were made by imaging an ~1µL sessile drop on three different 

positions on the wafer and recording the contact angle, which was 91° ± 1°.   

 

A.1.2 Single-Molecule TIRFM  

 

BODIPY 530/550 C12 (BFA) was purchased from Life Technologies, reconstituted in 

methanol, and stored at –20 °C.  Dilute solutions of BFA for imaging experiments were 

prepared in HPLC-grade methanol and water. Our TIRF microscope, which has been 

described in detail elsewhere,4 consists of an inverted Nikon TE-2000 microscope with 

60X objective with 1.5X auxiliary magnification, flow cell, prism-based illumination, 
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532 nm laser, 547 nm long-pass filter and electron multiplied CCD-camera.  The 

microscope is focused at the interface of the TMS surface and bulk solution.  Only BFA 

molecules adsorbed to the interface were localized during image processing because 

diffusion in solution was too fast to allow localization at the 75 ms frame times (13.03 

frames per second) used in these experiments.  During single-molecule experiments, the 

flow cell was at room temperature, and the bulk BFA concentration in the flow cell was 

set such that adsorbed BFA molecules were separated by about 10 µm.  The BFA 

concentration 𝐶! was 10-12 M, 10-11 M, and 10-10 M for 50%, 56%, and 62% methanol 

respectively.  All image processing was performed in Mathematica 9, as previously 

described.5  In brief, diffraction-limited objects in each frame were identified by 

convoluting the image with a disk matrix, subtracting the local background, and 

binarizing the image.  The images were binarized using a discrete threshold. To set the 

threshold, the low-intensity half of the lowest intensity peak in the distribution of pixel 

intensities (attributed to noise in the background of the processed image) was fit to a 

Gaussian distribution, and the threshold for binarization was defined as 5 standard 

deviations above the mean of the peak.  After binarization, object positions were 

calculated as the centroid of intensity of contiguous pixels. Objects were tracked by 

identifying the closest objects in sequential frames for which the distance between closest 

objects (tracking radius) was less than 0.145 µm.  Trajectories were selected that had 

objects larger than one pixel in size and were at least two frames long to minimize the 

impact of noise on identification of molecules.   
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A.2 RANGE OF RETENTION MEASUREMENTS 

 

We found that the measurements in 50% methanol neared the upper bound of single-

molecule retention measurement in prism-based TIRFM using stagnant solutions of 

approximately constant solute concentration 𝐶!.  The adsorption depth 𝐾 = 𝑘!"# 𝑘!"# 

varied logarithmically with the solution composition, and in 50% methanol, the value of 

K was 0.29 µm ± 0.15 µm.  A value of K three orders of magnitude greater would almost 

equal the ~ 100 µm thickness of the solution and the assumption of constant bulk solution 

concentration would no longer be valid.  We note that the thickness of the solutions was 

limited by the working distance of the microscope objective and the practicality of the 

required mixing time.  In a stagnant solution of thickness L, with a solute with molecular 

diffusivity D, the characteristic mixing time τmix is defined by the following relation: 

                                                                                                                            𝜏!"# = 𝐿!
6𝐷              (A1) 

The assumption of constant bulk concentration is generally true for 𝐿 ≫ 𝐾.  For BFA 

with a D value of ~400 µm2 s-1, the mixing time when L = 100 µm is only 4 seconds.   

However, it would become severely limiting for solutions orders of magnitude thicker.   

(For the interested reader, Squires and co-workers provide an excellent tutorial on 

transport of solutes to surfaces.6) 

 

As we increased the concentration of methanol in solution, higher values of 𝐶! were 

required to observe a significant number of adsorbed molecules on the surface. As 𝐶! 

increases, the background fluorescence in the image increases, while the signal intensity 
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remains relatively constant, and so we limited our measurements to 62% methanol in 

solution, where the background fluorescence was acceptably low and molecules could be 

identified by our image processing routines using similar threshold values (3.5 - 4.5% of 

max intensity) for the binarization of the images.  With 75% methanol solutions, the 

threshold values were 7.6 - 9.6% of max intensity which were significantly different from 

those for data collected in 50% - 62% methanol conditions.  

 

A.3 FITTING ADSORPTION EVENT COUNT DATA 

 

Each adsorption site had x molecules adsorb over the course of the experiment.  The 

probability histogram for x was fit to a multicomponent Poisson distribution𝑓!"# 𝑥  

normalized for x > 0 

𝑓!"# 𝑥 = 𝑝!
𝜆!
!  𝑒!!!

𝑥! (1− 𝑒!!!)

!

!!!

                              (3) 

where for the ith population of sites, 𝜆! is the mean number of adsorption events and pi is 

the fraction of total sites, with 𝑝! = 1. The average site has 𝜆 = 𝑝!𝜆! adsorption 

events.  If N molecules adsorb on an area 𝑎, the total number of sites S is given by 

𝑆 = 𝑁/𝜆, and the density of sites is 𝑆/𝑎.  The fit parameters for the fits in Fig 2.3 are 

reported for the different solution conditions in the table below.  We used the minimum 

number of populations (3 in all cases) required to fit the distributions such that the 
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residual errors were uncorrelated.  Fig A1 shows fits to the 62% methanol data, 

demonstrating that 3 populations were required to fit the data. 

 

Table A1: Adsorption event count histogram fit parameters.  The parameters are for the fits shown in Fig 
2.3.  The values in parentheses represents the uncertainty (standard error) in the last significant digit of each 
value.  a = 4,300 µm2 

Percent 

Methanol 

N 𝝀 𝑺 𝒂 (µm-2) 𝒑𝒊 𝝀𝒊 

50 22,900 0.43(6) 15(2) 

0.88(2) 0.17(2) 

0.10(2) 1.9(3) 

0.013(4) 7(1) 

56 39,984 0.31(3) 18(2) 

0.94(1) 0.18(1) 

0.05(1) 1.8(3) 

0.007(2) 7(1) 

62 29,674 0.26(2) 10(1) 

0.93(1) 0.13(1) 

0.06(1) 1.4(1) 

0.006(1) 8.3(6) 
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Figure A1: Adsorption event count histogram fit with increasing numbers of components.  The 62% 
methanol data from Fig 2.3 is shown by black squares.  The solid lines show best fits of Eq 3 with the 
specified number of components n.   
 

A.4 FITTING SINGLE-MOLECULE RESIDENCE TIME DISTRIBUTIONS 

A.4.1 Number of Populations 

The complementary cumulative distributions FS(t) of observed surface residence times t 

were fit to 

𝐹! 𝑡 =   𝑝!

!

!!!

𝑒!!/!!                               (4) 

 
where FS(t) represents the fraction of objects with a residence time  ≥ t.  We used the 

minimum number of populations n required to fit the distributions.  The residence time 

distributions had very similar shapes in the different solvent conditions, and so we show 

the residence time data and resulting fits for different values of n for a representative 

condition (62% methanol) in Fig A2.  With two populations, there was significant 
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systematic deviation between the experimental data and the fit of Eq 4.  For three or more 

populations, the distributions were fit with R2 values greater than 0.99.   

 

 

Figure A2: Residence time distribution fits for increasing numbers of populations.  Data from 62% 
methanol experiments (●) with standard error.  Fits of Eq. 4 with different numbers of populations n as 
annotated.  R2: 0.9539 (n = 2), 0.9967 (n = 3), 0.9998 (n = 4). 
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The approach to fitting the residence time distributions outlined above is based on 

describing the kinetics as a sum of discrete exponential processes. Alternatively, the 

residence time distributions can be fit with a quasi-continuous distribution of first-order 

kinetic lifetimes, using a regularization method such as the maximum entropy method 

(MEM), which we used here as implemented in MemExp 4.0.7-9  In MEM fitting, 

structure is introduced to the residence time distribution conservatively starting from a 

uniform prior distribution and without the bias introduced by having to provide initial 

values for parameters in a nonlinear fitting scheme like that used for the mixture of 

discrete exponential fits.9  The fit to the complementary cumulative residence time 

distribution is given by  

𝐹! 𝑡 = 𝑝
!

!
(log(𝜏))𝑒!

!
!    𝑑𝑙𝑜𝑔(𝜏)                              (𝐴2)   

where p is the probability of a given value of log(𝜏).  A more detailed overview of the 

fitting procedure and underlying theory have previously been reported.10  If the lifetime 

kinetics are well-described by a discrete mixture of first order processes, then the 

distribution of lifetimes p will contain sharp, well-resolved peaks centered at the 

characteristic lifetimes.  Figure A3 shows the distribution p that was fit to the 62% 

methanol residence time distribution.  We plot the characteristic residence times from the 

fit of the discrete model (Eq 4) as lines centered at τi with height proportional to the fit 

fraction pi.  The peaks from the MEM fit were similar in relative height and location to 

the discrete characteristic residence times from the mixture model.  Figure A4 shows the 

fit of Eq A2 to the 62% methanol data, which matched the experimental residence time 

distribution within error.  Thus by two very different fitting procedures we determined 
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that three first order exponential processes gave a satisfactory description of the 

experimental residence time distribution. 

 

 

Figure A3: Fitted distributions of residence times.  Probability p(τ) of characteristic first-order residence 
time τ from MEM fit of Eq. A2 (red) to 62% methanol data.  Discrete fit of Eq 4, bars (black) centered at τi 
with height 100 fi.   
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Figure A4: Residence time distribution fit by maximum entropy method.  Data from 62% methanol 
experiments (black circles) with standard error.  Fit by maximum entropy method according to Eq A2 (red 
line). 
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A.4.2 Dependence of Population Fractions on Solution Conditions 

 

Each component distribution of the mixture model (Eq 4) had a characteristic residence 

time τi and represented a fraction pi of the adsorption events.  The most common physical 

interpretation of this model is that the surface adsorption sites have n possible binding 

energies, giving rise to n characteristic times for first-order desorption. We refer to this as 

having n populations in the desorption kinetics. The distribution of binding energies can 

arise from having physically different surface sites or from the adsorbed molecule having 

different binding configurations.  Our adsorption kinetics data (Table A1) showed small 

shifts in the population fractions across the different solution conditions, leading us to 

conclude that the different kinetic populations could be mostly attributed to having 

different types of surface sites.  However, independent fits of the residence time data for 

different solution conditions showed slightly greater differences in the population 

fractions (Table 1).  If the exact composition of the active adsorption sites was totally 

independent of solution conditions, then the residence time distributions for the different 

solution conditions could be fit using the same population fractions.  We show fits 

according to this scheme in Fig A5.  We found that while the fits recapitulated some of 

the trends in the data, they did not fit the tails of the distribution within error.  Thus, we 

concluded that the exact composition of the active adsorption sites may have had a weak 

solution dependence.      
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Figure A5: Residence time distribution fits with fixed population fractions. Experimental data are shown 
with standard error for percent methanol in solution as annotated.  Fits using Eq 4 with three populations 
are shown with solid lines.  
 

Table A2: Parameters for residence time distribution fits.  The parameter values are for the fits shown in 
Fig A5.  The numbers in parentheses represents the uncertainty in the last significant digit of each value 
(standard error). 
 

Percent 

Methanol 
𝝉𝑺 𝒑𝒊 𝝉𝒊 

50 0.053(4) 

0.961(5) 0.037(2) 

0.035(8) 0.25(2) 

0.0049(5) 1.7(1) 

56 0.08(1) 

0.961(5) 0.045(4) 

0.035(8) 0.42(6) 

0.0049(5) 4.6(4) 

62 0.078(5) 

0.961(5) 0.051(2) 

0.035(8) 0.33(1) 

0.0049(5) 3.5(3) 
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A.5 CORRELATION BETWEEN SITE RESIDENCE TIMES AND ADSORPTION RATES 

 

 
Figure A6: Adsorption site residence time distributions.  Data from sites (in 62% methanol) with 
adsorption event count x = 1 and from sites with x > 1 showing that longer site residence times were 
correlated with higher adsorption rates.  Fits to 3-component exponential mixture distributions (Eq 4) 
shown with red solid lines.  2.3 adsorption events µm-2 were observed.       
 

Table A3: Adsorption site residence time distribution fit parameters at different site adsorption event 
counts. Eq 4 fits.  The numbers in parentheses represents the uncertainty (standard error) in the last 
significant digit of each value.  2.3 adsorption events µm-2 were observed at each solution condition.  43% - 
55% of adsorption events occurred on the sites with x > 1, and so the amount of residence time data for 
both types of sites was roughly equal. 
 
Percent 

Methanol 

x = 1 x > 1 

𝝉𝑺 𝝉𝒊 𝒑𝒊 𝝉𝑺 𝝉𝒊 𝒑𝒊 

50 0.066(2) 

0.052(2) 0.965(3) 

0.23(1) 

0.094(7) 0.83(2) 

0.35(2) 0.033(2) 0.6(1) 0.141(1) 

2.1(6) 0.0025(8) 3.1(7) 0.026(8) 

56 0.078(9) 

0.054(4) 0.967(2) 

0.4(1) 

0.01(1) 0.84(2) 

0.43(8) 0.029(2) 0.8(2) 0.13(2) 

3.8(8) 0.0036(6) 9(2) 0.025(3) 

62 0.051(9) 

0.042(2) 0.984(2) 

0.16(1) 

0.074(4) 0.945(8) 

0.36(4) 0.015(2) 0.6(1) 0.047(5) 

3.4(7) 0.0013(1) 7(1) 0.009(3) 
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A.6 CALCULATION OF SINGLE-MOLECULE STEP SIZE DISTRIBUTIONS 

We analyzed the 1D step size distributions using the self-part of the van Hove correlation 

function 

                                                                          𝐺! ∆𝑥,∆𝑡 = !
!

𝛿[∆!
!!! 𝑥 + 𝑥! 𝑡 − 𝑥! 𝑡 + ∆𝑡 ]           (A3) 

where Gs is the probability that a molecule has moved a distance Δx along the x or y 

coordinate during time Δt. N is the total number of trajectories in the dataset, and the 

brackets here denote time averaging.  The step size distributions are sensitive to the 

mechanism of surface diffusion.  For this analysis, the tracking radius was increased to 

1.74 µm so that hops from site-to-site could be observed if present. Figure A7 shows a 

narrow central peak representing periods of apparent immobility and broad tails 

consistent with a hopping mechanism as found in recent simulations of a similar 

system.11-12 

 
Figure A7: Single-molecule step-size distributions. Lag-time (Δt) of 150 ms.  Methanol content of aqueous 
solvent as annotated.  
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A.7 POWER STUDIES DEMONSTRATING NO PHOTOPHYSICAL EFFECTS 

 
Light can induce fluorescent dyes to enter a dark state temporarily (photoblinking) or 

permanently (photobleaching); the rates of these processes have a strong dependence 

(typically quadratic) on the light intensity.13  If either of these processes was significant 

on the timescale of our imaging, then our measured desorption kinetics would not be 

accurate.  To check if this was the case, we measured surface residence time distributions 

for ensembles of molecules in 50% methanol excited with 100% laser power (12 

µW/µm2) and with 50% laser power.  The tracking radius in this analysis was increased 

to 1.74 µm, which allowed us to track individual molecules for longer time durations if 

they hopped from site-to-site.  We saw no change in the residence time distributions at 

different laser powers, leading us to conclude that our measured desorption kinetics 

reflected the interaction of the adsorbate with the surface and were not biased by 

photophysical effects. 
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Figure A8: Residence time distributions at different laser power levels.  Data from 50% methanol 
experiments with standard error at 100% and 50% laser power as annotated.  
 
 

A.8 CHROMATOGRAMS SHOWING NO DEPENDENCE ON ANALYTE CONCENTRATION 

 

Chromatographic peak tailing can occur when the analyte interacts with a heterogeneous 

stationary phase (kinetic effect) or when the concentration of the analyte reaches the 

nonlinear regime of the adsorption isotherm (overloading effect).14-15  To verify that our 

chromatogram shapes reflect kinetic effects and not overloading effects, we increased the 

BFA concentration by a factor of 3 from the standard concentration (180 µM) to a higher 

concentration (550 µM) at the methanol composition (62%) with the lowest value of W 

(narrowest band and hence highest actual concentration in the column).  The 

chromatographic figures of merit for each condition are summarized in the table below 

and show no dependence on analyte concentration.  We also show representative 
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chromatograms from each condition, which have qualitatively the same shape.  Thus we 

conclude that the tailing in our chromatograms was due to kinetic effects.    

Table A4: Chromatographic figures of merit at different BFA concentrations. Data from three replicate 
experiments at each BFA concentration. Mobile phase 62% methanol. For each measurement, standard 
error of the last significant digit given in parentheses. 
 

BFA Concentration (µM) tr (min) M1 (min) W (min) As 
180 1.86(7) 1.8 (1) 0.80(4) 1.1(2) 
550 1.858(5) 1.86(1) 0.847(7) 1.10(3) 

 
 
 
 
 
 

 
Figure A9: Experimental chromatograms for BFA at different sample concentrations.  The BFA 
concentration of the sample injected into the HPLC system was either the standard (180 µm) or a higher 
concentration (550 µm).  Data for 180 µm shifted 0.14 min to the left.   
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A.9 STOCHASTIC MODEL OF CHROMATOGRAPHY  

A.9.1 Theoretical Model 

We produced theoretical chromatograms using a procedure developed by Felinger, 

Dondi, and co-workers16-18 and briefly present the governing equations here.   The 

theoretical basis for this procedure is the Giddings-Erying model,19 which views 

chromatography as a Poisson process, where the number of adsorption events and 

duration of individual adsorption events (residence times) are randomly distributed.  

While migrating through the column, a given molecule spends time 𝑡! in the mobile 

phase and time 𝑡! in the stationary phase with retention time 𝑡! = 𝑡! + 𝑡!. The 

chromatographic peak is the distribution of molecular retention times 𝑓 𝑡!  with first 

moment 𝑡! (average retention time).  Assuming the time spent in the mobile phase is 

constant, the average adjusted retention time is 𝑡! = 𝑡! − 𝑡!.   

 

If the probability distribution of adsorption site residence times 𝑓!(𝜏!) is continuous, with 

a first moment (average residence time) of 𝜏!, then the average number of adsorption 

events is given by 𝑟! =    𝑡!/𝜏!.  (For homogeneous adsorption kinetics, the number of 

theoretical plates is 𝑟!/2.) For a given molecule, the probability of adsorbing 𝑟! times 

follows a Poisson distribution with mean 𝑟! = 𝜇𝑡!, where 𝜇 is the frequency of 

adsorption events.  Thus, the distribution of retention times arises from a compound 

Poisson process involving the random variables 𝑟! and 𝜏!, which can be described in the 

frequency domain with a characteristic function 𝜙!!.  (This expression, a Lèvy 
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representation of the chromatographic process, was formulated by Pasti et. al.,16 who 

present an extensive derivation). 

𝜙!! 𝑡!;𝜔 𝑡! = exp  [𝑡! exp 𝑖𝜔𝜏! − 1 𝑀(𝑑𝜏!)
!
! ]              (A4) 

where 𝑀 𝑑𝜏! = 𝜇  𝑓(𝜏!)𝑑𝜏!.   

Assuming the time spent in the mobile phase is constant, Eq A4 becomes 

𝜙!! 𝑡!;𝜔 𝑡! = exp  [𝑟! exp 𝑖𝜔𝜏! − 1 𝑓!(𝜏!)𝑑𝜏!
!
! ]              (A5) 

In this work, we modeled 𝑓!(𝜏!) as a mixture of exponential distributions defined by  

 𝑓!(𝜏!) =
!!
!!

!
!!! exp  [−𝜏!/𝜏!]              (A6) 

where 𝑝!!
!!! = 1 and 𝜏! = 𝑝!!

!!! 𝜏!.  Substituting Eq A6 into Eq A5, we obtain  

𝜙!! 𝑡!;𝜔 𝑡! = exp   𝑟! 𝑝!
!

!!!"!!
− 1!

!!!               (A7) 

The chromatographic peak  𝑓 𝑡!   is obtained by transforming 𝜙!! to the time domain 

using the fast Fourier transform algorithm.  (We used the Mathematica code provided by 

Pasti et. al.16)  To obtain 𝑓 𝑡! , we shift 𝑓 𝑡!  along the time axis by 𝑡!.  The obtained 

chromatogram reflects heterogeneity in the adsorption-desorption kinetics, but does not 

account for other processes that contribute to band broadening (intraparticle diffusion, 

external film resistance, longitudinal diffusion, eddy diffusion and extra-column 

dispersion).20-21  Felinger17 introduced an approach to account for mobile phase effects 

(longitudinal diffusion, eddy diffusion and extra-column dispersion) based on the 

assumption that the peak shape of the unretained maker (uracil in our experiments) 
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characterizes these processes. (The molecular diffusivity of the analyte and unretained 

marker must be similar for this approach to be valid.)  The unretained marker peak 𝑓 𝑡!  

is convoluted with 𝑓 𝑡!  to produce a theoretical model peak capturing the effects of 

adsorption-desorption kinetics and mobile-phase effects.  We followed this procedure, 

modeling the uracil peak as a Gaussian since the peak features were not smooth and the 

peak exhibited no asymmetry (Table A6). (The detector sampling time interval was 

relatively large compared to the width of the peak).  The Gaussian peak used in the 

convolution was defined as 

𝑔 𝑡 = exp  [−𝑡 2𝜎!!
]              (A8) 

The peak standard deviation  𝜎! was estimated using Foley and Dorsey’s expression22  

𝜎!(𝑢𝑟𝑎𝑐𝑖𝑙) =
!

!.!"!!!!.!
= 0.014  𝑚𝑖𝑛               (A9) 

 

A.9.2 Estimation of True Residence Time Distribution 

 

The whole spectrum of adsorption site residence times cannot be observed with present 

technology.10,16,23  With single-molecule TIRFM, we observed adsorption on rare, 

spatially distinct “specific” (SP) adsorption sites with slow kinetics over the timescale 10 

ms to 1 s that comprise an unknown fraction 𝑝!" of the total adsorption events.  We can 

infer that the rest of the “nonspecific” (NS) adsorption sites with characteristic adsorption 

time 𝜏!" involved much faster kinetics and a large fraction (1− 𝑝!") of adsorption 



 151 

events.16  The primary effect of the SP sites in a chromatographic process would be to 

increase the asymmetry (As) of the chromatographic peaks.16-18,23-24   

 

Following the strategy of Pasti et. al.,16 we formulated an ad hoc estimate of the true 

residence time distribution 𝑓!(𝜏!) by adding an additional term for the NS kinetics to the 

distribution 𝑓!" 𝜏!  of residence times observed with single-molecule TIRFM.   

𝑓! 𝜏! = 𝑝!"𝑓!" 𝜏! + (1− 𝑝!")𝑓!" 𝜏!                (A10) 

The experimental distribution of residence times 𝑓!" 𝜏!  was a mixture of exponential 

distributions.  We assumed the distribution of residence times on the NS sites, 𝑓!" 𝜏! , 

was an exponential distribution with mean 𝜏!" to come up with the following expression.  

𝑓! 𝜏! = 𝑝!"
!!
!!

!
!!! exp  [−𝜏!/𝜏!]+ (1− 𝑝!")exp  [−𝜏!/𝜏!"  ]               (A11) 

Since the NS sites represent weak adsorption sites, 𝜏!" ≪ 𝜏!for all 𝑖. 

The mean residence time 𝜏! is given by the following expression. 

𝜏! = 1− 𝑝!" 𝜏!" + 𝑝!"𝜏!"               (A12) 

where 𝜏!" = 𝑝!𝜏!!
!!! . For consistency across conditions, we set 

𝜏!"  =  
!
!
𝑀𝑖𝑛𝑖𝑚𝑢𝑚  {𝜏!, 𝜏!,… }. We set 𝛼 = 10, which represents an upper limit for 𝜏!" as 

longer residence times would have been recorded by in our single-molecule TIRFM 

measurements.  We discuss the significance of this choice in more detail in the next 

section.   
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While we could not measure the absolute value of 𝑝!", we inferred how it changed with 

solution conditions by comparing our single-molecule measurements of adsorption 

equilibrium 𝐾 (presumably dominated by interactions with rare, strong SP sites) to our 

measurements of the chromatography capacity factor 𝑘! (presumably dominated by 

interactions with abundant, weak NS sites).  𝐾 was calculated by the following 

expression. 

𝐾 = !!"#
!!"#

= !/(!!"#!  !)
!/!!

                  (A13) 

where in the single-molecule experiment 𝑁 is the total number of adsorption events, 𝑡!"# 

is the duration of the experiment, 𝑐 is the concentration of the adsorbate in solution, and 

𝑎 is the area of the field of view. Since the very short NS adsorption events are not 

observed in single-molecule experiments, we make the simplifying assumption that 

𝜏! ≈ 𝜏!".  For a chromatographic system equivalent to the single-molecule experiment, 

𝑁 ≈ 𝑝!"𝑟! and 𝑡!"# = 𝑡!.  Thus the expression for 𝐾 in an equivalent chromatographic 

system is 

𝐾 = !!"!!/(!!!  !)
!/!!"

                  (A15) 

where a is the effective surface area of the stationary phase and c the concentration of 

solution in equilibrium with the mobile phase.  We note that the single-molecule 

experiments can be thought of as observations of one theoretical plate in an equivalent 

column.  In the context of the stochastic theory of chromatography, the capacity factor 

can be defined as 
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𝑘! = 𝑟!
!!
!!

                  (A14)         

where 𝑡! is the elution time of an unretained compound (uracil).  In the chromatography 

experiments, which are presumed to be dominated by NS adsorption events, we assumed 

that the SP sites did not contribute to the measured value of 𝑘′ such that 𝜏!  ≈ 𝜏!" giving 

the following expression for the capacity factor.   

𝑘! = 𝑟!
!!"
!!

                  (A16) 

Therefore, the ratio of the measured chromatographic capacity factor to the measured 

equilibrium constant in an equivalent chromatographic system is given by  

!!
!
= !"!!"  

!!"  !!"
                  (A17) 

We rearranged the above expression such that  

𝑝!" = 𝜑/𝛿                  (9) 

where 𝜑 = !
!!
!!"
  !!"

 and 𝛿 = !
!  !

.  We note that in our chromatography experiments the area 

of the stationary phase was constant across the different solution conditions as was the 

concentration of analyte injected into the mobile phase.  For a given theoretical plate, the 

concentration c of analyte in equilibrium with the surface with effective area a was 

unknown but was assumed to be independent of solvent composition and constant 

throughout the column.   So the parameter 𝛿 was treated as a fitting parameter in 

matching the experimental chromatograms to the theoretical modeled chromatograms.  

By adopting this approach, we estimated how the contribution of the SP sites to the 

theoretical modeled chromatograms changed with solution conditions in a systematic and 

self-consistent manner. 
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A.9.3 Fitting Experimental Peak Asymmetry Results  

 
Figure A10: Experimental and theoretical chromatographic figures of merit.  The theoretical 
chromatograms were generated for different values of δ with 𝛼 = 10.  Results are shown by the solid data 
points and compared to experimental chromatography results shown by dashed lines.  Panel (a) shows the 
peak asymmetry data.  The best fit to the peak asymmetry data is shown by a gray line at δ!! = 33  𝜇𝑚!!.  
Panel (b) shows correlation between the theoretical model and experimental values of peak width.  Note 
that experimental values of W were multiplied by a factor of 1/9.  The correlation was strong for δ!! =
33  𝜇𝑚!!. 

  



 155 

A.9.4 Sensitivity to Characteristic Residence Time Constants  

In the context of a two-site model, Felinger and co-workers25 showed that greater 

differences in the strong site and weak site characteristic residence times (higher 𝛼) result 

in more asymmetric peaks; as this difference increases, the onset of skew occurs at lower 

fractions of strong sites.  We investigated the sensitivity of our model chromatograms by 

increasing 𝛼 from 10 to 100.    For both values of 𝛼,  As and W had similar values at the 

same values of δ!! across the different solution conditions (Fig A11).  We note however 

that 𝑝!"   ∝ (𝛼  𝛿)!!  so the fraction of strong sites needed to replicate similar 

chromatograms decreased as the difference in the strong and weak site residence times 

increased in agreement with Felinger’s results.    
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Figure A11: Experimental and theoretical chromatographic figures of merit for  𝛼 = 100.  The 
experimental and theoretical model chromatography results are presented as in Fig A9. The best fit to the 
peak asymmetry data is shown by a gray line at δ!! = 33  𝜇𝑚!!.   

 

A.10 EXPERIMENTAL AND MODEL CHROMATOGRAMS  

Table A5: Model parameters and results for best fit to peak asymmetry data.  Theoretical chromatograms 
were generated with parameter δ!! = 33  𝜇𝑚!! for 𝛼 = 10.  The fraction of adsorption events onto SP 
sites 𝑝!" was calculated by Eq 9.  Peak width W and asymmetry As

 measured as in Fig 6.  
 

 Parameters Results 
Percent Methanol 

(v/v) 
𝑡! 

(min) 
𝑝!" 𝜏! 

(ms) 
𝑟!
=    𝑡!/𝜏! 

W 
(min) 

As 

50 29.3 0.0020 7.3 239,000 0.77 1.42 
56 6.63 0.0007 7.2 56,000 0.26 1.67 
62 1.72 0.0001 5.5 19,000 0.09 1.01 
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Figure A12: Experimental and theoretical model chromatograms.  Model results with δ!! = 33  𝜇𝑚!! for 
𝛼 = 10.    
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A.10.1 Analysis of Uracil Chromatographic Peaks 

Table A6: Chromatographic figures of merit for uracil.  For each measurement, uncertainty in the last 
significant digit given in parentheses.  Uncertainty was zero when repeated measurements were the same 
within instrument resolution.  The average across all experimental conditions is also reported and was used 
in the modeling of chromatographic peaks.   
 

Percent Methanol (v/v) tr (min) M1 (min) W (min) As 
  50 0.108(0) 0.111 (1) 0.063(4) 1.2(2) 

56 0.114(3) 0.112(2) 0.067(0) 0.99(2) 
62 0.108(0) 0.108(1) 0.067(0) 1.03(0) 

Average 0.110(1) 0.110(1) 0.066(1) 1.05(5) 
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APPENDIX B: SUPPORTING INFORMATION FOR CH. 3 

 

B.1 END-TO-END DISTANCES OF MOLECULAR TRAJECTORIES 

 

To evaluate the effect of solvent composition on hopping, we desired to study a subset of 

trajectories with appreciable surface diffusion.  We show the probability distributions of 

end-to-end distances for all trajectories in Figure B1.  While the trajectories were highly 

heterogeneous as shown in Figure 3.2, the end-to-end distances indicated two 

qualitatively different subsets: (1) molecules that exhibited some mobility with end-to-

end distance sensitive to solvent condition and (2) molecules that were confined for their 

entire surface residence time with end-to-end distance insensitive to solvent condition.  

We selected molecules from the first population with end-to-end distances greater than 

200 nm to characterize surface diffusion by hopping.   Molecules from the second 

population with end-to-end distances less than 50 nm were selected to analyze the 

apparent motion of confined molecules as described in the following section.  
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Figure B1: End-to-End Distance Distributions.  Probability densities normalized by maximum value.  
Percent methanol in solution indicated in legend.  The vertical line at 200 nm end-to-end distance indicates 
lower threshold used for selecting subset of mobile molecules.   

 

B.2 APPARENT DIFFUSION OF CONFINED MOLECULES 

 

When molecules are confined to nanometer-size regions, their apparent motion, i.e. 

surface diffusion, depends strongly on the localization precision, which is typically ~50 

nm in single-molecule TIRFM.1-3  The localization precision depends on the signal-to-

noise ratio of the identified fluorescent objects, which can vary as a function of the 

solvent environment.  The choice of solvent can affect the quantum efficiency of the 

fluorophore4 and the effective bulk concentration of fluorophore (contributing to 

background fluorescence), needed to observe significant numbers of adsorbed single 

molecules.2  To estimate the localization precision, we carefully examined the 1-frame 

step-size distributions of molecules with end-to-end distance < 50 nm for each solution 
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condition.  The step-size distributions for these molecules showed no dependence on lag 

time (Figure B2), indicating that the population was dominated by confined molecules.   

 

 

Figure B2: Step-size distributions for trajectories with end-to-end distance < 50 nm at different lag times.  
The experimental distributions (symbols) of steps observed over Δt = 0.115 s and 1.15 s for the indicated 
solution conditions.  Standard error bars were smaller than the data symbols.   
 

The step-size distribution of truly immobile molecules should depend only upon the 

accuracy with which the fluorescence point spread function (PSF) can be fit.  The PSF is 

usually described by a Gaussian probability distribution.5-6  However, if the molecules are 

not completely immobile but are simply confined at dimensions comparable to the 

resolution limit or if there is lateral drift in the microscope assembly, the apparent step 

sizes are described by a heavy-tailed non-Gaussian probability distribution.  The apparent 

step size distribution is a convolution of a Maxwell distribution and a Bessel function, in 

the special case of the molecule translating a uniform distance over the observation lag 

time.7  The experimental step-size distributions of the confined molecules (end-to-end 

distance < 50 nm) were heavy tailed (Figure B2), indicating there was lateral motion at 

length scales near the resolution of the technique.   
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To describe the steps sizes of confined molecules and determine the function 

𝑝!"#$%#&' 𝑅,Δ𝑡 , we fit the complementary cumulative squared-displacement 

distributions using Equation 3.2.  Figure B3 shows the fit of a representative distribution 

using increasing numbers of component distributions.  In all cases, three component 

distributions were required to fit the step-size distributions within experimental error 

(Figure B4).  The characteristic step size for confined molecules (i.e. the localization 

precision) ranged from about 80 nm – 100 nm in the different solution conditions (Table 

B1).  

 

 

Figure B3: Complementary cumulative squared step-size distributions for trajectories with end-to-end 
distance < 50 nm in 0% methanol.  The experimental distributions (symbols) of squared-step sizes over lag 
time Δt = 0.115 s with standard error.  Fits (solid lines) to Equation 3.2 with the annotated number of 
component distributions (n).    
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Figure B4: Complementary cumulative squared step-size distributions for trajectories with end-to-end 
distance < 50 nm.  Experimental distributions (symbols) of squared-step sizes over lag time Δt = 0.115 s 
with standard error for the indicated solution conditions (annotated by percent methanol). Fits of 
𝑝!"#$%#&' 𝑅,Δ𝑡  to Equation 3.2 for n = 3 (solid lines).    
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Table B1: Parameters for the fits of Equation 3.2 shown in Figure B4.  The values in parentheses represents 
the uncertainty (standard error of the mean) in the last significant digit of each value.  

 

Percent 

Methanol 

𝓵𝒄𝒐𝒏𝒇𝒊𝒏𝒆𝒅 (µm) Fraction fi 𝓵𝒄𝒐𝒏𝒇𝒊𝒏𝒆𝒅,𝒊 (µm)  

0 0.077(1) 0.46(3) 

0.43(4) 

0.12(5) 

0.030(6) 

0.07(1) 

0.17(6) 

12 0.092(1) 0.42(3) 

0.43(2) 

0.15(4) 

0.028(7) 

0.06(1) 

0.20(6) 

25 0.098(4) 0.53(3) 

0.35(3) 

0.11(4) 

0.027(7) 

0.07(1) 

0.26(6) 

37 0.11(1) 0.40(7) 

0.35(4) 

0.25(8) 

0.022(6) 

0.07(2) 

0.19(5) 

50 0.09(1) 0.33(4) 

0.45(6) 

0.22(7) 

0.03(2) 

0.08(4) 

0.16(7) 
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B.3 STATISTICAL DESCRIPTION OF MOLECULAR MOBILITY 

 

Figure B5: Complementary cumulative squared step-size distributions for trajectories with end-to-end 
distance > 200 nm.  Experimental distributions (symbols) of squared-step sizes over lag time Δt = 0.115 s 
with standard error for the indicated solution conditions (annotated by percent methanol). Fits of 
𝑝!"#!$%&! 𝑅,Δ𝑡  to Equation 3.3.  The number of components distributions nmobile in 𝑝!"#$%& 𝑅,Δ𝑡  is 
indicated.  In all cases, 𝑝!"#!$%&! 𝑅,Δ𝑡  could be fit within error with nmobile = 3.  
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Table B2: Fit parameters for the Equation 3.3 fits shown in Figure B5.  The values in parentheses 
represents the uncertainty (standard error of the mean) in the last significant digit of each value. 
 

Percent 

Methanol 

Densemble  

(µm2 B1) 

fmobile fmobile,i Dmobile  

(µm2 B1)  

Dmobile,i  

(µm2 B1)  

0 0.274(9) 0.49(2) 0.44(2) 

0.038(1) 

0.0124(3) 

0.54(1) 0.114(4) 

1.0(1) 

14.5(5) 

12 0.70(3) 0.65(1) 0.52(1) 

0.12(1) 

0.0193(4) 

1.07(2) 0.43(2) 

1.73(7) 

14(1) 

25 0.88(4) 0.67(4) 0.30(3) 

0.35(2) 

0.018(2) 

1.31(4) 0.54(5) 

1.44(8) 

12(1) 

37 0.60(4) 0.35(3) 0.24(3) 

0.095(4) 

0.015(1) 

1.7(2) 0.30(5) 

1.8(1) 

23(1) 

50 0.49(3) 0.27(2) 0.18(1) 

0.07(1) 

0.014(2) 

1.81(2) 0.36(7) 

1.9(2) 

21.0(9) 
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Figure B6: Mean squared displacement as a function of lag time.  Experimental data for the indicated 
solution conditions (annotated by percent methanol).  Fits to model 𝑟! = 4ΓΔ𝑡! with power-law 
exponent 𝛼 = 0.80(4), 0.930(8), 0.97(2), 0.758(4), and 0.72(3) for 0%, 12%, 25%, 37%, and 50% methanol, 
respectively.   
 

B.4 EVIDENCE OF SURFACE HETEROGENEITY 

 

Following our previously reported methodology,2 we constructed maps of where 

molecules adsorbed to the surface.  Figure B7 shows representative areas from 

experiments with 0%, 25% and 50% methanol in solution.  On a perfectly uniform 

surface, the probability of more than one molecule adsorbing in the same area was 

vanishingly low, and so the majority of adsorption events occurred at distinct areas of the 

surface, which appeared blue in the maps.  Rare, anomalously strong adsorption sites 

were identified in the maps at 0% and 50% methanol and appeared as red areas.  So while 
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molecules observed in these experiments covered only a small fraction of the surface, 

anomalously strong adsorption sites were sampled in a statistically significant manner.  

 

 

Figure B7: Super-resolution maps of adsorption sites.  Experimental data for the indicated solution 
conditions (annotated by percent methanol). All maps constructed with 0.5 molecules µm2. 
 

The kinetics on these heterogeneous adsorption sites were characterized using a Poisson 

mixture model.2,8  The probability distribution for site adsorption events can be modeled 

with the following equation.   

𝑓!"# 𝑥 = 𝑝!
𝜆!
!  𝑒!!!

𝑥! (1− 𝑒!!!)

!

!!!

                              (S− 1) 
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where for the ith population of sites, comprising a fraction pi of adsorption sites, the mean 

number of adsorption events per site is 𝜆!.  The model is constrained so that 𝑝! = 1. 

The average site has 𝜆 = 𝑝!𝜆! adsorption events.  If N molecules adsorb on an area a 

onto S discrete sites, the density of sites is given by 𝑆/𝑎 = 𝑁/𝜆.    

 

The model for adsorption kinetics was fit to the data as shown in Figure B8.  The 

adsorption kinetic distributions were heavy-tailed and required two component 

distributions to be fit within error.  Qualitatively, weak adsorption sites with 𝜆~0.1 and 

strong sites with 𝜆~1 were identified by the fitting procedure.  We have previously 

demonstrated that sites with stronger adsorption kinetics also exhibit slower desorption 

kinetics i.e. retain molecules to a confined area for longer periods of time for this exact 

physical system and other surface-molecule-solution combinations.2,8  Here, we were 

simply interested in determining if the frequency of confined periods, evident in the step-

size distributions, was correlated with the heterogeneous surface properties that lead to 

anomalous adsorption kinetics.  We can quantify the heterogeneity of the surface by 

comparing the observed density of sites to that expected for a perfectly uniform surface.  

The so-called heterogeneity parameter is given by  

ℎ =   
𝑚𝑎𝑥𝑖𝑚𝑢𝑚    𝑑𝑒𝑛𝑠𝑖𝑡𝑦  𝑜𝑓  𝑎𝑑𝑠𝑜𝑟𝑝𝑡𝑖𝑜𝑛    𝑠𝑖𝑡𝑒𝑠
𝑜𝑏𝑠𝑒𝑟𝑣𝑒𝑑  𝑑𝑒𝑛𝑠𝑖𝑡𝑦  𝑜𝑓  𝑎𝑑𝑠𝑜𝑟𝑝𝑡𝑖𝑜𝑛  𝑠𝑖𝑡𝑒𝑠 =

  1 𝑎!"#$%&#$
𝑆/𝑎             (S− 2) 

 

The cross-sectional area of BODIPY fatty acid 𝑎!"#$%&#$ has been estimated to be about 4 

nm2.9 The heterogeneity and fitting parameters are reported in Table B3. As discussed in 



 171 

the main text, the apparent heterogeneity of the surface had the same non-monotonic 

dependence on solution conditions as the frequency of confinement (1 – fmobile). 

 

 

Figure B8: Probability histograms of site adsorption events. Data from indicated methanol-water solution 
conditions represented by symbols with standard error displayed. Fits to multicomponent Poisson 
distributions (Equation B1) are shown with solid lines. 
 
 
 
Table B3: Adsorption event count histogram fit parameters.  The parameters are for the fits shown in Fig 
B8.  The values in parentheses represents the uncertainty (standard error) in the last significant digit of each 
value.  a = 4,770 µm2 and N = 2,480 for each surface.   

 
Percent 

Methanol 
h ×10!! 𝐒 𝐚 (µm-2) 𝐩𝐢 𝛌𝐢 

0 9.5(9) 2.8(3) 
0.968(4) 

0.031(4) 

0.096(5) 

3.0(4) 

12 5.5(5) 4.8(4) 
0.980(2) 

0.020(2) 

0.038(2) 

3.6(4) 

25 3.0(9) 9(3) 
0.990(4) 

0.011(4) 

0.029(6) 

3(1) 

37 3.8(5) 7(1) 1 0.075(1) 

50 10(1) 2.8(4) 
0.963(5) 

0.037(5) 

0.065(6) 

0.50(3) 
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B.5 THEORETICAL FLIGHT LENGTH DISTRIBUTION 

 

The distribution of flight lengths for a molecule that desorbs from a surface and freely 

diffuses through solution prior to re-adsorption is given by the following equation.10 

𝜆 𝑟, 𝑟∗ =
1
𝑟∗ −

𝜋𝑟
2𝑟∗!

𝐻!
𝑟
𝑟∗ − 𝑌!

𝑟
𝑟∗            𝐵3  

It consists of the Struve function 𝐻!, a Bessel function of the second kind 𝑌!, and the 

characteristic flight length  𝑟∗ = 𝑎 𝜖.  In the context of a lattice model, a is the lattice 

spacing and  𝜖 is the probability of an adsorbing onto the surface from an adjacent site in 

solution.  For large r,  𝜆 𝑟, 𝑟∗ ~ !∗

!

!
, i.e. the tails of the distribution resemble a power-

law.  The scaling relationship between adsorption rate and the apparent diffusion 

coefficient for flying motion is given by 

𝐷!"#$%&~    𝑟!𝜆 𝑟, 𝑟∗ 𝑑𝑟
!!"#

!
          (𝐵4) 

which applies when steps up to 𝑟!"# in length can be observed.   
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APPENDIX C: SUPPORTING INFORMATION FOR CH. 4 

 

C.1 CIRCULAR DICHROISM MEASUREMENTS 

 

Circular dichroism (CD) spectra of peptide solution (0.6 µM peptide, 180 µM sodium 

fluoride) were acquired in a 1 mm quartz cell using an Applied Photophysics 

ChirascanPlus Circular Dichroism and Fluorescence Spectrometer (Applied 

Photophysics, Surrey, UK).  The data was smoothed using an 8-point Savitzky-Golay 

filter in Mathematica and is shown in Figure C1 at three different temperatures.  The data 

has dominant features consistent with α-helical spectra including peaks at ~195 nm and 

minima at ~205 nm. In contrast, random coil spectra have minima around 195 nm.1  The 

data was fit  to a constrained linear combination of reference α-helix and random coil 

poly-l-lysine curves2 by the following equation.1 

!(!,!)
!

= ℎ 𝑇 𝑆(𝜆, ℎ𝑒𝑙𝑖𝑥)+ (1− ℎ 𝑇 )𝑆(𝜆, 𝑐𝑜𝑖𝑙)          (C1) 

𝜃(𝜆,𝑇) is the measured molar ellipticity of the peptide at temperature 𝑇 and wavelength 

𝜆.  The fractional helicity at a given temperature is specified by ℎ(𝑇).  𝑆(𝜆, 𝑠𝑡𝑎𝑡𝑒) is the 

molar ellipticity value from the reference poly-lysine CD data for the indicated 

conformational state.  We note that the peptide concentration (used in converting the 

absolute ellipticity to molar ellipticity) was determined by measuring the absorbance at 

488 nm (corresponding to the peak absorbance of the HiLyte Fluor 488) and using the 
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manufacturer’s specified molar extinction coefficient for HiLyte Fluor 488 (70,000 M-1 

cm-1) to convert absorbance to concentration.  This provided an approximate measure of 

the peptide concentration, but the magnitude of the spectra are acutely sensitive to the 

peptide concentration (and possibly to the presence of the fluorescent dyes as well) and 

so to enable a more accurate fit of the data we renormalized the measured molar 

ellipticity 𝜃 by the fitted normalization constant A. 

 

 

 

Figure C1: Circular dichroism spectra of peptide in solution. Solid lines show fit of linear combination of 
reference helix and coil spectra.  The legend shows solution temperature and fractional helicity, h from the 
fit of Eq C1 with A = 4.8.  
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C.2 PEPTIDE END-TO-END DISTANCE CALCULATIONS 

 

We evaluated the end-to-end distance, r, for both the helix and coil state to validate our 

criteria for assigning adsorbed peptides to the coil (d < 1.14) or helix (d > 1.14) state.  

The relative end-to-end distance d is proportional to 𝑟/𝑅!.  In the full helical state, the 

end-to-end distance would be about 4.2 nm, the product of the number of residues (28) 

between dyes and the translation distance along the axis per residue (1.5 Å).3  In the coil 

state, peptide conformations resemble self-avoiding random walks when only excluded 

volume effects are significant.4  (Under perfect solvent conditions, the conformations 

may also resemble more compact normal random walks.5).  Following a previously 

outlined method,6-7  we used the following scaling form for the end-to-end distance 

distribution for a self-avoiding random walk, which has been show to agree well with 

protein structures simulated with atomistic detail.4,8 

𝑃! 𝑟 ≈ 𝑟! exp −𝑟!           (C2) 

In Equation C2, the constants 𝜃 and 𝑡 depend on the dimensionality of the walk and are 

𝜃 = 4/9 and  𝑡 = 4.0 in two dimensions (𝛿=2) and are 𝜃 = 5/18 and  𝑡 = 2.5 in three 

dimensions (𝛿=3).  𝑃! is the probability of observing end-to-end distance 𝑟 = 𝑟/𝑅!, 

where the radius of gyration 𝑅! = 𝑏𝑁!/(!!!) for 𝑁 = 28 monomers (the number of 

residues between the dyes) of length 𝑏 = 0.38  nm.5  We note that values of b (around 0.2 

nm) smaller than the residue size have been found to apply at extremely high 

concentrations of chemical denaturants for large proteins.9  Following previous literature 
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estimates of peptide size,10 we have opted for a more conservative estimate of b, based on 

the actual residue length, for comparing the helix and coil conformations.  The radius of 

gyration is thus estimated as 4.6 nm for 𝛿=2 and 2.8 nm for 𝛿=3. The fraction of 

configurations with an end-to-end distance greater than 𝑟 can be calculated by the 

following equation. 

𝑥 𝑟 = 𝑃! 𝑟′ 𝑑𝑟
!
! 𝑃! 𝑟′ 𝑑𝑟

!
!        (C3) 

Peptides adsorbed to an interface will adopt a roughly two-dimensional conformation if 

surface interactions are strong or a roughly three-dimensional conformation if surface 

interactions are weak.  We evaluated the fraction of peptides in the coil state falsely 

assigned to the helix state, 𝑥 𝑟  for both limiting cases.  The value of 𝑥 𝑟  for 𝑟 =4.2 nm 

was 0.17 in 2D and 0.02 in 3D.  This agrees with the data in Figure 1 that shows a finite 

amount of overlap in the peaks at high and low d values.    

 

C.3 SURFACE PATTERNING  

C.3.1 Procedure 

 

The TMS surface was patterned using 2000 lines-per-inch (lpi) nickel mesh (Structure 

Probe Inc., West Chester, PA) as a contact photomask.  The masked substrate was then 

exposed to ultraviolet light from a mercury (254 nm) Pen-Ray lamp (UVP, Upland, CA) 

with an intensity of 0.3 mW cm-2 for 30 minutes.   
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C.3.2 Photomask Imaging 

 

The mesh photomask was imaged on a #1 glass coverslip (Fisher Scientific), with a drop 

of ultrapure water on top, using an inverted microscope (Nikon Ti-E, 100X objective) 

with a mercury lamp (Nikon C-HFIE) for illumination through the objective and 

beamsplitter (Chroma) in the filter cube to facilitate bright-field imaging.  Nikon 

Elements software was used to capture the image from the cooled CCD camera 

(Photometrics Cascade 512B).  

 

C.3.4 Dye-Labeled Amine Monolayer Preparation 

 

A piranha and UV/ozone cleaned fused silica wafer was immersed in a 200 mL toluene 

solution containing 0.50 mL N-(6-aminohexyl)aminopropyltrimethoxysilane at room 

temperature for one hour.  The wafer was then rinsed with toluene, dried with a nitrogen 

stream, rinsed with water, and dried again.  The water contact angle after 

functionalization was 35° ± 1°.  The wafer was then patterned as described above using 

the contact photomask and ultraviolet illumination.  A concentrated dye solution was 

prepared by dissolving 1 mg Alexa Fluor 532 carboxylic acid, succinimidyl ester in 0.10 

mL methanol.  This solution was added to 10 mL solution of phosphate buffered saline, 

pH 7.8.  The patterned, amine-functionalized wafer was then placed in the dye solution 

and kept in the dark overnight at room temperature to facilitate covalent coupling of the 
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succinimidyl ester with the surface-bound amine groups.  The dye-labeled wafer was then 

rinsed with copious amounts of water and placed in 200 mL of DI water in a beaker in a 

bath sonicator. This cleaning procedure was then repeated with isopropanol and the wafer 

was dried with nitrogen and installed in the flow cell.  Ultrapure water was flowed into 

the flow cell, and the patterned surface was imaged using TIRFM as previously 

described, except that a 532 nm laser (Cobalt Samba) was used for illumination and the 

image was filtered only with a 585/40 nm bandpass filter (Semrock).    

 

C.3.5 Pattern Characterization 

 

The degradation of the silane coating upon exposure to UV light was presumably due to 

the generation of ozone and highly reactive radical species.11  If these reactive species 

diffused under the contact photomask, then the apparent size of the holes would increase, 

and the shape would be expected to change from squares to circles, since the boundary 

for ozone degradation would depend on the radial distance from the ozone source.12  The 

mesh had 4.5 µm square holes (Figure C3A). Consistent with the above mechanism for 

photopatterning, the features in the patterned monolayer were larger and more circular 

(Figure C3B).  These circular surface feature sizes appear very similar to those imaged 

using the MAPT technique (Figure 1) and so we can infer that the MAPT technique is 

sensitive to the underlying surface chemistry.   
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Figure C2: Patterning test images. (A) Bright-field image of nickel mesh (contact photomask).  (B) TIRFM 
image of patterned (photodegraded) amine monolayer with covalently attached Alexa Fluor 532.  A 4.5 µm 
square was placed at the center of a hole in each image.  The features in the patterned monolayer were 
apparently larger than the holes in the mask, presumably due to ozone diffusion.   
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C.4 MAPT IMAGES OF CONTROL SURFACES  

 

 
 

Figure C3: Control adsorption map. Map showing the number of molecules that adsorbed in each pixel 
(Npixel) on control surfaces with an average Npixel of 52. Pixel width = 770 nm. Scalebar 10 µm. 
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Figure C4: Control conformation map. Map of the likelihood of observing peptides in the helix state in 
each pixel.  Scalebar 10 µm. 
 

C.5 MEASUREMENT OF FOLDING AND UNFOLDING RATES 

 

To measure unbiased surface folding and unfolding rates, the timescales for measurable 

folding and unfolding must be less than the timescale for desorption from the surface. In 

these experiments, the timescales for measurable folding/unfolding and desorption 

overlap.  This creates an observation bias since molecules can desorb before undergoing a 

change in conformation.  We utilize an established framework to correct for this 

observation bias,13 which relies on constructing a corrected probability distribution of 

initial conformational state residence times.  The initial state residence time 𝑡! = 𝑖  𝑡!", 

where i is the number of frames the adsorbed molecule remains in the initial 
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conformational state and 𝑡!" is the acquisition time (100 ms in these experiments).  The 

probability of observing a given initial state residence time is given by  

𝑝 𝑡! = !(!!)
!  !(!!!!!)

       (C4) 

In this equation, 𝑛(𝑡!) is the number of trajectories with a given initial state residence 

time, 𝑛(𝑡! > 𝑡!) is the number of trajectories with the same initial conformational state 

and a surface residence time 𝑡! greater than the initial state residence time.  The 

normalization constant is given by 𝜌 =    !(!!)
!(!!!!!)!   .  The complementary cumulative 

distribution 𝐹 𝑡!  is calculated using the below equation. 

𝐹 𝑡! = 𝑝 𝑡!!!!!!        (C5) 
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C.6 DISTRIBUTIONS OF SURFACE RESIDENCE AND INITIAL CONFORMATIONAL STATE 

TIMES  

 

 
 

Figure C5: Complementary cumulative distributions of state times. Data (symbols) were fit (solid lines) to 
Eq. 2 and were labeled according to the rate constants derived from the data and presented in Figure 5B. 
The distributions and associated rates constants were surface residence times (desorption), initial helix 
states (unfolding), and initial coil states (folding). Surface residence time distributions were calculated 
separately for molecules initially in the helix and coil states.  Error bars denote standard error.     
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Table C1: Parameters for surface residence time distribution fits.  The parameter values are the best fit 
values of Eq. 2 shown in Fig C5.  The numbers in parentheses represents the uncertainty in the last 
significant digit of each value (standard error from separately fitting three subsets of the data). Rate 
constants reported in Figure 5B are given by 𝜏 !!. 

Surface  

(State) 
𝝉  𝒑𝒊 𝝉𝒊 

TMS  

(Initially Helix) 
0.13(2) 

0.89(1) 0.08(1) 

0.094(7) 0.34(4) 

0.013(3) 1.83(3) 

TMS  

(Initially Coil) 
0.1319(8) 

0.902(2) 0.0845(5) 

0.086(1) 0.379(7) 

0.012(1) 2.0(1) 

FS  

(Initially Helix) 
0.25(1) 

0.716(4) 0.103(7) 

0.240(7) 0.43(2) 

0.045(3) 1.6(1) 

FS  

(Initially Coil) 
0.219(3) 

0.7975(6) 0.104(3) 

0.176(1) 0.465(3) 

0.027(2) 2.0(1) 

 
 

Table C2: Parameters for initial conformational state time distribution fits. Data reported using same 
conventions as in Table C1.   

Surface, Initial State  

(Conformational Change) 
𝝉  𝒑𝒊 𝝉𝒊 

TMS, Coil 

(Folding) 
5.0(8) 

0.58(2) 8(1) 

0.42(2) 0.294(5) 

TMS, Helix 

(Unfolding) 
1.5(5) 

0.33(2) 4(1) 

0.67(2) 0.19(4) 

FS, Coil 

(Folding) 

 

6(2) 

0.53(4) 10(3) 

0.47(4) 0.32(1) 

FS, Helix 

(Unfolding) 
1.54(9) 

0.46(2) 3.1(3) 

0.54(2) 0.24(5) 
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C.7 EFFECT OF INCIDENT LASER POWER ON SURFACE RESIDENCE TIMES 

 
Fluorescent dyes under intense illumination can enter a dark state temporarily 

(photoblinking) or permanently (photobleaching). These processes have a strong 

dependence on the illumination intensity (typically quadratic)14 and usually occur on 

timescales that are longer than the timescales for a molecule to spontaneously desorb 

from a surface.12-13,15  Accordingly, if the surface residence time distributions do not have 

a strong dependence on incident light intensity, then photophysical process are not 

significantly affecting the data.  We measured surface residence time distributions for the 

labeled peptides on FS, using 100% laser power (~10 µW/µm2) and 50% power.  We did 

not see a large difference in the residence time distributions at different laser powers, 

leading us to conclude that photophysical effects were not significantly affecting our 

single-molecule observations. 

 

Figure C6: Residence time distributions at different laser power levels.  Data acquired for peptides on FS 
with standard error at 100% and 50% laser power as annotated.  
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