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Abstract

Holtzen, Samuel E. (Ph.D. Molecular, Cellular, and Developmental Biology)
Mapping the Zinc Dynamics and Requirements of the Mammalian Cell Cycle

Thesis directed by Professor Amy Palmer

lonic zinc (Zn?*) is an essential micronutrient that plays important roles in maintaining
cellular and organismal health. As a cofactor in catalysis and secondary messenger in signaling,
Zn* plays a central but understudied role in a myriad of cellular processes including proliferation
and genome stability. We are still unsure how depletion of cellular Zn?* acts to impair proliferation.
To address this, | used high content imaging and flow cytometry of live and fixed cells and found
that short exposure to ZD impairs DNA synthesis and leads to simultaneous activation of
replication stress signaling. | then identified that Zn?* is required for S-phase progression, and
depletion of Zn?** during S-phase will elongate mother cell S-phase, as well as cause transient
quiescence in daughter cells after division. This quiescence is maintained by sustained
expression of the tumor suppressor p21. | also examined changes in free Zn?* throughout the cell
cycle. Using a genetically encoded Forster resonance energy transfer (FRET) based sensor for
measuring labile Zn?*, my colleagues and | found that cells experience a transient increase in
labile Zn?* in early G1, which we named the Zn** pulse, that scaled with available media Zn?".
Knockdown of the metal responsive transcription factor MTF-1 with an shRNA impaired
reestablishment of Zn?* levels after perturbation. Further, knockdown of MTF-1 increased resting
free Zn?* by impairing expression of metallothionein. Finally, knockdown of MTF-1 decreased cell
proliferation in high Zn?* using both a bulk assay and single-cell microscopy. Together, this work

sheds new light on Zn?* regulation and fluctuations in the mammalian cell cycle.
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Chapter 1: Introduction

1.1 Overview

The building blocks of life are composed of several key elements. Some of these elements
like carbon, hydrogen, nitrogen, oxygen, and sulfur are highly abundant. Others, the trace
elements, are less abundant, but nonetheless play an indispensable role in allowing life to flourish
(1). lonic zinc (Zn?*) is one such element. Zn*" is the second most abundant transition metal ion
in living organisms, and its physical and chemical properties carve out its niche in biology. Due to
its full d'® shell of electrons, Zn?* can participate in both octahedral and tetrahedral ligand binding
at no thermodynamic penalty. It is the only metal ion which favors tetrahedral binding in biological
systems, which is evident in the geometry of Zn?* binding sites in Zn?* binding proteins.

In the context of human health, adequate dietary Zn?* is crucial (2). Zinc deficiency is a
worldwide epidemic, affecting approximately 17% of the world’s population, with rates as high as
30% in southeast Asia and sub-Saharan Africa (3). A lack of Zn?*, whether from simple nutritional
deficiency or dietary chelators such as phytates, can have detrimental and long-lasting effects,
especially in children, which can range from chronic diarrhea, neurological deficits, and stunted
growth, and can be lifelong (2, 3). Zn?* excess is much less common, but can be equally severe
due to secondary deficiency in Cu?** and can lead to weakness, lethargy, and other neurological
disorders (4). Although the precise mechanisms by which Zn?* deficiency causes its hallmark
symptoms are unknown, it is apparent that a window of dietary Zn?* is required for optimal human
health.

At a cellular level, it is even more apparent that life has evolved a complex network of
regulatory proteins and pathways to maintain an optimal zinc ion concentration (5, 6). Total Zn*
in cells varies with cell type, but is typically hundreds of micromolar (7). The vast majority of Zn?*

in the cell is bound to zinc binding proteins, of which there are almost 3000 in the human proteome



(8, 9). This bound Zn*" pool acts as a reservoir for mobilizing zinc into its unbound state in
response to several cellular stimuli (10-12). The exchangeable form of Zn?*, called free or labile,
is on the order of pico- to nanomolar (8, 10, 13), and can change rapidly in response to
extracellular and intracellular stimuli, and can affect a growing list of cellular processes (11, 12,
14).

In this section, | will outline the fundamentals of Zn** homeostasis with a focus on
perturbations to extracellular Zn?* and the set of cellular machinery that restores and maintains
homeostasis. Next, | will discuss the work that has linked perturbed cellular Zn?* to changes in
the mammalian cell cycle, proliferation, and DNA synthesis. | will then discuss the role of Zn?* in
the DNA damage response and the roles Zn®* plays in maintaining genome stability. Next, | will
discuss tools that researchers use to perturb and study Zn?* in live cells. Finally, | will outline and

describe fluorescent tools to study the cell cycle in living cells.

1.2 Zn** homeostasis and signaling

Zn** excess and deficiency are both detrimental, so life has evolved a complex network of
proteins that regulate intracellular Zn** homeostasis (6). This network aims to keep labile and total
Zn** within an acceptable range, while still allowing for the flexibility to transmit intra- and
extracellular signals through small changes in labile Zn?* levels (5, 7). The network is made up of
several nodes, each corresponding to a species or class of metal regulatory proteins. The main
players are the metal-responsive transcription factor MTF-1, metallothioneins (MTs), zinc
transporters (ZnTs), and Zrt-, Irt-like proteins (ZIPs), all of which coordinate to maintain the free
Zn*" levels in cells (Figure 1.1) (15-17).

The metal regulatory transcription factor MTF-1 senses labile divalent metal cation levels

and regulates the expression of several key metal binding and transporting proteins (18). This
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Figure 1.1: MTF-1 regulated Zn®* homeostasis. MTF-1, a transcription factor that senses
free Zn?* concentration in the cytosol, moves to the nucleus after binding a quorum of Zn?" ions.
In the nucleus, MTF-1 recognizes metal responsive elements (MREs) and drives the expression
of proteins that work to decrease the free Zn?* concentration in the cytosol, such as ZnT
transporters and metallothioneins (MTs). MTF-1 also inhibits the expression of ZIP transporters
that normally act to increase the cytosolic free Zn?".



transcription factor is composed of six Zn?" finger (ZF) domains, which act as sensors for
transcription activation in response to increased concentrations of toxic metals such as Hg** and
Cd*, as well as physiological metals such as Zn?* and Cu* (19). When cytosolic MTF-1 binds a
quorum of Zn?* ions, the protein undergoes a conformational change to expose a nuclear
localization signal (NLS), which signals cellular machinery to facilitate entry into the nucleus (20).
MTF-1 binds genomic metal responsive elements (MREs) corresponding to the conserved
sequence TGCRCNC (21). MTF-1 binding to these MREs drives expression of MTs and ZnTs,
which act to decrease free Zn?* in the cytosol by buffering or exporting the ion (6, 22). There is
also evidence that suggests MTF-1 can bind DNA and drive expression of Zn?* responsive genes
in the absence of excess metal treatment, implying either that activation is dependent on other
cellular signals, or that MTF-1 maintains a basal level of transcriptional activation (18). Genes
regulated by MTF-1 are not limited to Zn?* homeostasis genes. Also under the control of MTF-1
are metal homeostasis genes not related to Zn®* or other metals, which paints a more complex
picture of MTF-1 gene regulation (19). MTF-1 can also act as a repressor of Zn?* importer gene
expression by physically blocking Polll from transcribing these genes (23), demonstrating that this
transcription factor acts both as an activator and a repressor depending on cellular context.
Thioneins (Ts) and their metal-bound counterparts metallothioneins (MTs) are the zinc
buffering workhorses of the cell(16). MTs are a class of small, cysteine-rich proteins, which act
as molecular sponges to buffer excess metal ions like Zn?* and Cd?*. Each MT molecule can bind
up to seven metal ions, affording it a high metal ion buffering capacity (24). There are four main
isoforms in humans, MT1, MT2, MT3, and MT4, each with varying levels of sequence diversity
and functional redundancy (25). MT concentration and localization changes with cell type and
Zn*":MT stoichiometry changes with the concentration of the ion in the cytosol (16, 26). Further,
MTs show a widely varying affinity for Zn?* in vitro (27). Finally, the observed rate constant of Zn?*

binding (kon) is thought to be fast, on the order of 100-300 M™'s™, depending on the MT isoform



studied (28). This high affinity and lability points to very dynamic binding of divalent metal cations
to MT. In response to an intracellular Zn?* concentration that surpasses the buffering capacity of
MTs, MTF-1 is able to increase the buffering capacity of a cell by driving expression of more MT
protein (19).

Since MTs are rich in cysteine residues, they are also susceptible to oxidation. Zn?*
binding to MT decreases its reactivity with the oxidizing reagent 5,5-dithiobis-(2-nitrobenzoic acid)
(DTNB), implying that Zn?* offers a protective effect against oxidation of this protein (29); however,
oxidation of cysteine residues decreases their ability to bind to Zn?*, and can cause MT to release
Zn* into the unbound state, increasing cellular labile Zn** concentration (30). The downstream
effects of this liberated Zn?* are still a matter of debate and ongoing investigation, but some have
speculated that this newly labile Zn?* activates pathways to reestablish redox homeostasis (30).

Zn*" is not membrane permeable, and therefore requires an array of transporters to carry
the ion across the membrane. There are two types of Zn?* transporters: ZnTs and ZIPs (6). Both
of these transporters serve to carry Zn?* and sometimes other metals across the membrane.
Neither type of transporter requires ATP hydrolysis to transport Zn?*, nor do they require Zn?* to
change redox state (6). Most of our mechanistic knowledge of these transporters is based on
analyzing structures of bacterial Zn?* transporters (31). That said, recent work has demonstrated
that the transport mechanism is highly conserved from mammals to bacteria (32, 33).

There are ten ZnTs encoded in the human genome. Early structural work with the bacterial
YiiP transporter facilitated study of human ZnTs in the absence of a crystal structure (34). Later,
cryogenic electron microscopy images confirmed many early inferences of human ZnT structure
and function (35). ZnT transporters exist as homo- or heterodimers and function to lower the labile
cytosolic Zn** concentration by either moving Zn?* ions into the extracellular space, or into
intracellular compartments such as the ER or the Golgi (6). This is accomplished by a conserved

zinc/proton (Zn?*/H*) exchange mechanism, which uses the import of one or two extracellular



protons to drive Zn?* across the membrane to the extracellular or luminal space (5, 36). Differential
expression of the nine ZnT homologs at their cognate intracellular locations can change local Zn?*
concentration(37). ZnTs may sense cytosolic Zn?* using their cytosolic C-terminal domains and
modulate their own Zn?* transport ability via autoregulation (34).

In contrast to ZnTs, ZIP transporters are much less understood. The fourteen ZIP
transporters increase the labile cytosolic Zn?* concentration by importing extracellular Zn?* or
exporting Zn?* from the internal organelles. Based on protein alignments, ZIP transporters are
much more structurally heterogeneous than the ZnT transporters. A recently solved crystal
structure has revealed several insights into the mechanism of the bacterial Bordetella
bronchiseptica ZIP autoregulation (32, 33). The intracellular C-terminal loop aids in sensing
intracellular Zn?* and arrests the transport from the periplasm. In addition, biochemical analysis
has revealed that ZIP transporters are much less Zn?* specific, and tend to transport manganese,
iron, copper, and cadmium as well (38).

These players set the stage, but we can glean further insight if we perturb Zn?*
concentration and watch how these species interact and establish homeostasis after a
perturbation in Zn?*. With an increase in intracellular Zn?* concentration, MTF-1 enters the nucleus
and binds to the MREs to express high Zn?* response genes such as MTs and ZnTs. These act
to sequester the Zn?, in the case of MTs, or remove the Zn?* from the cytosol in the case of ZnTs.
As these downstream effectors act to decrease the amount of labile Zn?* in the cytosol, MTF-1
translocation to the nucleus decreases, in turn decreasing the concentration of downstream
effectors, thus forming a negative feedback loop that controls Zn?** homeostasis to its set point.
This set point is, among other things, dependent on cellular identity and expression of MTF-1,
MTs, and Zn?* transporters (Figure 1.2).

So much is known about the high Zn?* response in metazoan cells, and it is easy to identify

the players that respond to increased cytosolic Zn?*. Zn?* deficiency, on the other hand, is a very
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Figure 1.2: A simplified model of the negative feedback loop formed by MTF-1, Zn**, and
MT/ZnT. Zn?* acts to activate MTF-1, which in turn increases expression of metallothionein and
ZnT transporters and other genes directly or indirectly related to metal regulation, which act to
decrease the amount of labile Zn?* in the cytosol. This decrease in labile Zn?* deactivates MTF-
1, forming a negative feedback loop. The cellular concentration of these players defines the
intracellular labile Zn?* setpoint.



different story. Although a low Zn** responsive genomic element has been found in C. elegans
(39), and a handful of low Zn**-activated transcription factors have been identified in S. pombe
(40, 41), no low Zn*" responsive genomic element has been identified in humans. Further, no
transcription factor that controls the low Zn?* response has been identified in metazoans that acts
in a similar fashion as MTF-1 does in high Zn?* homeostasis. Instead, the mammalian response
to low Zn?* is a loose constellation of highly-varied phenotypes with no clear central player (13,
42-44). |dentifying the player or players that facilitates the cellular response to Zn?* deficiency is
still an active area of research.

Approximately 10% of the genes encoded in the human genome are predicted to encode
Zn** binding proteins (9). This corresponds to almost 3000 different proteins, only a handful of
which are involved in regulating Zn** levels. Zn®* binding can be separated into catalytic and
structural binding modes (45, 46). Catalytic Zn®* ions can act as strong Lewis acids, and are
usually bound by a mixture of three histidine, aspartic acid, glutamic acid, or cysteine residues
and one water molecule that acts in catalysis, as is the case in the protein carbonic anhydrase
(45). Structurally, Zn** ions are tetrahedrally coordinated by cysteine and histidine residues in
motifs deemed “Zn*" fingers”, due to their secondary structure when bound to a Zn** ion, and are
highly abundant in transcription factors (TFs) and facilitate DNA binding (Figure 1.3A) (46, 47).
The apparent dissociation constants (Kqss) of Zn?* to these proteins are on the order of pM to nM,
which generally overlaps with the labile Zn?* concentration in cells (Figure 1.3B) (46).

Labile Zn?* can change in response to natural and imposed perturbations (7, 11, 12, 48).
These changes in labile Zn?* can then alter mRNA expression, chromatin organization, and
transcription factor binding, all on time scales as short as 30 minutes (12, 49). For example,
extracellular stimulation of hippocampal neurons with KCI or glutamate leads to an increased
Zn?**concentration, and these stimuli lead to differential transcription in bulk RNA-seq, all within

30 minutes of treatment (12). Importantly, the Zn** dependent transcription in these neurons was
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blocked upon treatment with TPA, while retaining Ca®* dependent transcription in response to KCI
and glutamate. Strong Zn?* deficiency using TPA can increase the diffusion of the Zn?* dependent
chromatin architecture protein CTCF within 30 minutes (49). Finally, one group determined that
spontaneous and synchronous spikes in labile Zn?* immediately followed Ca?* transients in
primary hippocampal neurons, implying that Zn?* can be mobilized in response to cellular signals
(50). Work from our lab indicates that short treatment with the Zn?* chelator TPA or excess ZnCl,
can alter chromatin accessibility at promoter and enhancer regions in the genome (51). Together,
these observations further strengthen the hypothesis that changes in labile Zn?* can alter
chromatin architecture, gene expression, and other intracellular signals.

Through changes in epigenetic markers, one genome is able to supply the information for
creating thousands of different cell types, each with its own unique protein, RNA, post-
transcriptional and translational modification, and metabolic profile. It stands to reason that the
cell type specific expression of Zn?* homeostasis genes can vary within individual cells depending
on their environment, and between cell types depending on their identity. Indeed, some tissues
accumulate high levels of Zn?*, such as the prostate, the hippocampus, mammary glands, and
the pancreas (52, 53). Zn** can also be concentrated into synaptic vesicles in the hippocampus,
or within so-called “zincosomes” in other tissues that require accumulation of the ion (54);
however, these studies used a Zn?* binding dye, which is plagued with mislocalization issues and
requires further investigation (55). In addition to static accumulation of Zn?" in tissues, flux of the
ion across membranes and within the cytosol of cells is required for their function, as is the case
with the “zinc spark” in maturing oocytes (56-58). Zn?* homeostasis is significantly altered in
cancers (59-61). For example, prostate cancer cells show a decrease in labile and total Zn?* that
scales with the grade of the tumor (62). In contrast, breast cancer cells accumulate total Zn?*
compared to healthy breast epithelial cells, indicating that there must be some remodeling of the

Zn*" homeostatic pathway as cells become cancerous (60, 61). These findings underscore the
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need to study Zn?* dynamics and homeostasis in an array of cell types, and at a range of

subcellular, cellular, and organismal regimes.

1.3 Zn*" in the mammalian cell cycle

For an organism to grow and reproduce, its cells must proliferate in a controlled manner.
Uncontrolled cell growth and division is detrimental, and can lead to cancer and other diseases
linked to cellular hyperproliferation (63). To control growth and reproduction, life has evolved a
series of complex ratchet-like pathways and checkpoints to grow in an ordered fashion and divide
successfully (64-66). One complete revolution around this ratchet is called a cell cycle, and can
be divided into distinct phases: interphase, which consists of GO, G1, G2, and S-phase and the
cell division phase mitosis (Figure 1.4A-B) (64). Each phase is controlled by cyclin-dependent
kinases (CDKs), either alone or in combination (67). Their activities throughout the cell cycle are
temporally linked with the expression of the cyclins, small activator proteins that increase CDK
activity, and CDK inhibitors, such as p16, p21, and p27 that act to decrease CDK activity (Figure
1.4C) (68—71). The expression of cyclins and CDK inhibitors, as well as machinery related to DNA
replication and mitosis is controlled by a series of highly conserved transcription factors in the
E2F family (72-74). The competition between expression of cyclins and activation of checkpoint
signaling tightly controls cell cycle progression (75-77).

After a cell divides, the newborn cell either enters a gap phase called G1 where it prepares
for genome duplication, or it enters a reversible resting state called GO (78, 79). This bifurcation
in cell fate is informed by the rate of cyclin D expression in the mother cell, which integrates the
mother’s mitogen and growth signals (80). This integration determines whether the daughter cell
is born in a proliferative hyper-pRb state, or whether it enters a state of low CDK2 activity after
division. During G1, a cell prepares its genome for replication by expressing proteins and

synthesizing metabolites required for timely progression through S-phase (81). The most crucial
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cycle ensure faithful genome duplication and tightly controlled cellular growth. Each checkpoint
uses the actions of sensors, regulators, and effector proteins to slow down or stop the cell cycle
in response to internal and external stresses. (C) Cyclin expression is correlated to the activity of
each cyclin’s cognate cyclin-dependent kinase (CDK). Cyclin expression throughout the cell cycle
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aspect of G1 is preparing DNA replication origins in a process called licensing. The cell is tasked
with replicating its genome once and only once, which requires infrastructure to ensure faithful
genome replication, while minimizing under- or over-replication (81). G1 cells load the pre-
replication complex (preRC) onto sites scattered throughout the genome that act as hubs for
replication machinery assembly (85—-87). At the G1/S transition, cells activate a subset of these
origins to start the orchestrated process of DNA replication (88).

Cells walk the razor’s edge during S-phase. Unwound DNA opens the genome to insults
such as DNA damage and under- or re-replication events (83). Some of these insults come from
outside, such as agents that damage DNA or inhibit DNA replication like UV radiation (89). Others
are endogenous, such as difficult to replicate sections which take on odd secondary structures
that make unwinding or duplicating difficult (90, 91). These pitfalls are collectively called
“replication stress” so named because they make the timely completion of S-phase difficult. Cells
have evolved several pathways to sense and respond to replication stress. Sensing of single- or
double-stranded breaks in DNA is transduced to the DNA damage regulating kinases ATR, ATM,
and DNA-PKcs. In turn, these proteins activate the checkpoint kinases Chk1 and Chk2 to signal
stress responses and DNA repair gene mobilization (65, 83, 92). ATM and DNA-PKcs signal
activation of Chk2, and are active throughout the cell cycle to sense double-stranded breaks (92).
ATR activation and subsequent mobilization of Chk1 is mostly constrained to S-phase and G2
(92). Together, these sensors and transducers are integral to the maintenance of genome
integrity.

After cells finish replicating their genome, they enter the second gap phase G2, where
cells begin to synthesize proteins and ensure the genome is prepared for cell division (93). During
G2, any under-replicated DNA is either fixed or protected as the cell prepares to divide (94-96).
Concurrently, cells express the machinery that segregates chromosomes and aligns them along

the metaphase plate (97, 98). As mitosis commences, cells choreograph an elegant dance that
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involves several distinct steps: prophase involves breaking down the nuclear envelope, packaging
chromosomes into sister chromatids and drawing them close to the line where the cell will
eventually divide. Sister chromatids are aligned along this imaginary line during metaphase.
Anaphase is when the cell splits its genome along the metaphase plate, ensuring each daughter
cell gets two and only two copies of each chromosome. Telophase is when the cell’'s plasma
membrane undergoes scission, the nuclear envelope is reformed, and the chromosomes are
unwound again. All of these steps take place within one hour for most noncancerous cells (99).

Zn* has a crucial yet enigmatic role in regulating the mammalian cell cycle. Several
studies have found that Zn?* deficiency is detrimental to several processes spanning the cell cycle
phases. Early work by Chesters et al found that treatment with the strong chelator
diethylenetriaminepentaacetic (DTPA) to synchronized 3T3 fibroblast cells before entry into S-
phase inhibited tritiated thymidine incorporation, and Zn?* resupply was able to rescue this effect
(100). This was taken to mean that a process in G1 and at the G1/S transition requires Zn?* for
adequate thymidine incorporation and thus, S-phase. After this work, several groups attempted
to identify the mechanism by which Zn?* deficiency inhibits DNA synthesis. Another group showed
that treatment with the divalent metal ion chelator ethylenediaminetetraacetic acid (EDTA) caused
several cell lines to incorporate less radiolabeled thymidine than control cells, and that this was
due to decreased thymidine kinase activity (101, 102). Following this, Chesters et al undertook
mechanistic work to identify whether cell cycle abnormalities were due to DNA synthesis
impairment, or expression of cyclin mRNA, and found that Zn?* deprivation in the form of DTPA
treatment impacted cyclin D3 and cyclin E mRNA expression (103). The conclusions from these
studies identify that Zn?* deficiency has a measurable impact on cellular proliferation by altering
DNA synthesis and cyclin expression.

The above studies have their own limitations. All early work interrogating Zn®* and the cell

cycle used population techniques, such as total tritiated thymidine incorporation or Northern blots
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on populations of synchronized cells. This can introduce cell cycle artifacts and can make
interpretation of the data difficult (104, 105). EDTA and DTPA are extracellular divalent metal ion
chelators, which act in the growth media of cultured cells to decrease labile metal ions. These
chelators are also very nonspecific, binding to any divalent metal cations in the growth media,
such as Ca?", Ni**, Cu?*, and Zn?**. The Chesters et al study referenced above attempted to
circumvent the limitations of DTPA by supplying Zn®*, Fe**, Co?*, Ni%*, Mn?*, Cd?* with the chelator
in a 2:3 stoichiometric ratio; however, many of these cations are highly toxic to cells in culture,
which can make interpreting the true cause of the DNA synthesis inhibition problematic.

In 2020, Lo et al took a different approach to study the role of Zn?* in the mammalian cell
cycle (13). Using long-term live-cell imaging, flow cytometry, and immunofluorescence imaging,
they demonstrated that cells treated with the membrane-permeable Zn?* chelator tris(2-
pyridylmethyl)amine (TPA) bifurcated into two populations after division. In the first population,
cells entered GO and were able to re-enter the cell cycle upon resupply of Zn?*. In the second,
cells were born with a high CDK2 activity and committed to another cell cycle in a timely manner,
only to stall in a hyper-pRb state. These cells were unable to divide again and showed decreased
DNA synthesis and increased single-stranded DNA and double stranded break markers. This
publication unearthed many buried questions about zinc’s role in the cell cycle progression and
DNA synthesis and acted as a springboard for using single-cell tools to probe the role of Zn®* in

the mammalian cell cycle.

1.4 Zn** in genome stability

Zn*" and DNA are inextricably linked. Over 700 transcription factors have at least one Zn?*
binding motif which is required for DNA binding (47). In addition, many DNA synthesis and DNA
damage repair proteins have at least one Zn?* binding motif that is required for protein function

(9). The most abundant of these Zn?* binding motifs are the Zn?* fingers (ZFs) (Figure 1.3) (106).
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ZFs contain a combination of four cysteine or histidine residues that coordinate with the Zn®* ion;
ZFs have Kgs within the physiological range of Zn®" in the cell (46). Given that Zn** levels can
change in response to a host of stimuli, it is possible that population and depopulation of these
DNA-binding ZF motifs can alter the function of these proteins and thus genome stability. Further,
changes in a cell’s oxidative state can lead to oxidation of cysteine residues in Zn?* binding
proteins and alter Zn** affinity to these binding sites. Finally, Zn** is a cofactor in hundreds of
enzymes required for metabolism, and thus it is plausible that changes in labile Zn?* can alter the
activity of Zn**-dependent enzymes required for synthesis of nucleotides and ATP.

ZF domains are found in hundreds of proteins that interact with DNA in some capacity.
One stereotypical example is the chromatin remodeling factor CTCF, which contains 11 ZF
domains (107). Recent live-cell single-molecule studies of CTCF have demonstrated that
chelation of Zn?* with the membrane permeable chelator TPA decreases the dwell time of
fluorescently-tagged CTCEF in the nucleus (49). This implies that transcription factors are sensitive
to changes in cellular labile Zn?*, and that fluctuations in labile Zn?** can alter transcriptional
programming and chromatin architecture; however, the direct mechanism by which changes in
labile Zn®* can alter chromatin architecture has never been shown.

There are numerous reports of Zn®* deficiency inducing DNA damage and mobilizing DNA
damage response (DDR) proteins, in particular p53 and its downstream targets (42—44). Indeed,
recent unpublished work revealed that treatment with the membrane permeable chelator TPA for
as little as 30 minutes increases chromatin accessibility proximal to p53 binding sites (51).
Intriguingly, p53 is a Zn?* binding protein, and the binding affinity of Zn?* to p53 in physiologically
relevant conditions sits at a tipping point between population and depopulation of the Zn?* binding
site (108). Further, depopulation of p53’s Zn?* binding site by mutation or decreased labile Zn?*
abolishes DNA binding, so it is logical to assume that p53 is nonfunctional under Zn®* deficient

conditions (108); however, this is not necessarily the case. p53 is still active under low Zn?*
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conditions, and can still drive the expression of its target genes (109, 110). This is consistent with
other research, as p53 target genes are differentially expressed based on the nature of
perturbation used to induce their expression (111). That said, one group has identified that Zn**
deficiency decreases the amount of p53 and p21 in cancerous prostate cells through the
Akt/Mdm2 signaling axis. In this work, the authors postulated that the Akt signaling axis is
responsible for cell survival under conditions of Zn?* deficiency (43). This points to a more complex
view of Zn**-dependent p53 regulation.

Zn* is often referred to as an antioxidant, mostly due to several studies in which increased
oxidative markers were observed upon withdrawal of Zn** (112). Indeed, a major player in the
antioxidant management pathway, superoxide dismutase (Sod1), possesses a Zn, Cu, Mn, or Ni
ion that is required for its catalytic function (113—115). It is often speculated that Zn** chelation
can remove this essential metal cofactor from Sod1, thus impairing the protein’s dismutase activity
and ability to scavenge reactive oxygen species (ROS) (112, 113). In early work from Ho et al,
strong chelation with N,N,N’,N'-tetrakis(2-pyridinylmethyl)-1,2-ethanediamine (TPEN) induces
single-stranded DNA accumulation and increased nitrite and other oxidative products in rat glioma
cells (109). Later work from the same group identified that treatment with TPEN induced
expression of p53, as well as increased the concentration of oxidative products in human lung
fibroblasts. Further, gene expression analysis after treatment with TPEN showed an increase in
genes involved in DNA damage response and oxidative stress (110). Treatment with low Zn®*
media without chelator addition showed a different pattern of gene expression. TPEN has a K4 on
the order of fM, which is lower than the Kq of most Zn?* binding proteins (116). It is likely that
TPEN itself will remove Zn** from proteins, and thus cause off-target effects as a result. Indeed,
we have shown that TPEN is highly toxic to cells and induces cell death at low concentrations

(13). This underscores the importance of Zn?* chelator selection.
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Finally, every enzyme class has members that require Zn?* for function, including those
that process nucleic acids as well as regulators of DNA biosynthesis (45). For example,
extracellular purines are required for purinergic signaling, and are processed by a class of Zn?*
dependent ectoenzymes that hydrolyze ATP to ADP and AMP (117). In vitro studies found that
Zn*" depletion of these enzymes inhibits their activity, leading to decreased extracellular ATP
clearance and increased purinergic signaling in vivo. Another group solved the crystal structure
of the CDCY7 kinase involved in activating the replicative helicase in S-phase and found that the
Zn** site between the kinase and its coactivator DBF4 is essential for its function (118). Finally,
all DNA polymerase complexes are Zn®* binding proteins and, depending on the organism, bind
between 2-5 Zn?* ions per complex (119, 120). Treatment of purified DNA polymerases with ortho-
phenanthroline, a non-selective chelator of divalent metal cations, inhibits enzyme activity in a
dose-dependent manner, indicating that DNA synthesis is a metal dependent process (119).
Together, these studies demonstrate that Zn?* is required for several processes that contribute to
DNA synthesis. That said, these studies, for the most part, were conducted in vitro, requiring
further study in cells to determine how Zn?* dependent enzymes are affected by labile Zn**

concentration in their native environment.

1.3 Tools to measure and manipulate cellular Zn**

1.3.1 Genetically-encoded fluorescent sensors for measuring cellular labile Zn**

In order to study Zn*" localization, and to quantify changes in Zn?* in response to
endogenous and external stimuli, the field of Zn?* biology has developed tools to visualize Zn?*
dynamics in living cells (121). The vast majority of these tools take advantage of fluorescence
turn-on or Forster resonance energy transfer (FRET) upon binding of Zn?* (8, 122). Each sensor
has its own advantages and drawbacks, and proper tool selection requires a deep understanding

of the technical consideration of each.
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Figure 1.5: Classes of fluorescent biosensors for detecting metal ions in living cells. (A) The mode
of operation of a single fluorescent protein (FP) biosensor. The binding domain of the construct
reversibly binds an analyte of interest, causing a change in protonation state of the FP’s
chromophore and turning on fluorescence. (B) The mode of operation of a biosensor that uses
Forster resonance energy transfer (FRET). The binding domain of the sensor reversibly binds the
analyte and brings the two FPs close together, allowing the donor FP to transfer its excitation
energy to the acceptor FP. (C) The mode of operation of a chemigenetic sensor. The inactive
sensor is expressed in cells. A fluorogenic dye is added to the cells, covalently binding to the
sensor and priming it to fluoresce upon binding of the analyte to the binding domain. (D) The
mode of operation of a small molecule sensor. Fluozin-3 is depicted. The sensor is unbound and
in a low-fluorescent state. Once the analyte binds to the binding moiety, the fluorescent moiety
becomes fluorescent. Structures made with Biorender and ChemBioDraw.
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The prototypical single fluorescent protein biosensor consists of a circularly permuted
fluorescent protein (FP) attached to a metal sensing domain via a small peptide linker (Figure
1.5A) (123). In a cell, some population of the sensor is in the open, unbound state, where the
chromophore of the FP is exposed to the solvent and thus tends to be protonated and weakly
fluorescent (124). After perturbation, analyte concentration increases in the cell, and the metal
sensing domains on the construct bind and induce a conformational change that excludes the
solvent from the core of the fluorophore. This leads to a deprotonation of the chromophore, and
a fluorescence increase at the FP’s excitation/emission wavelength (125). By changing the metal
sensing domains, one is able to change the sensor’s specificity to different metals (126, 127). In
addition, mutation of the metal binding domains and linker length can alter the sensor’s apparent
Kg, offering a suite of sensors suited for analytes within multiple quantification ranges (8, 128).
Examples of single-FP sensors are GCaMP for measuring intracellular Ca®* and GZnP, ZnGreen,
ZnRed and ZIBG1-2 for measuring labile Zn?** (123, 126, 129, 130).

One advantage of the single-FP biosensor is its speed. Since binding and thus
deprotonation of the fluorophore is a rapid process, researchers have extensively engineered
these sensors to minimize the response time of these sensors. For example, a new variant,
jGCaMP8f, has a time to half on (112, iise) Of less than 10 ms; however, optimization on this axis of
the chemical space comes at a cost, and generally, the faster the sensor, the lower its sensitivity
(127). Another useful attribute of single-FP sensors is their relatively small spectral footprint. Since
the fluorescent protein only absorbs and emits at one wavelength, the sensor can be used in
conjunction with other sensors to probe changes in multiple analytes or signaling pathways.
These sensors come with some significant drawbacks. The most obvious is pH dependence.
Since the protonation of the chromophore is a pH dependent process, small changes in pH can
also elicit a response from the sensor. It is therefore very important to ensure that perturbations

to the cellular system are not significantly changing pH as well as the analyte. Single-FP
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biosensors expressed in cells can have a widely varying expression level, so researchers
normally use either F/Fo or z-score to normalize the signal. While the sensor can be used for
quantification in cells, the measurement is more prone to artifacts introduced from construct
expression changes, cell movement, and cell thickness (127).

Another class of genetically-encoded metal ion sensors are those that take advantage of
Forster resonance energy transfer (FRET), a type of nonradiative energy transfer between dipole-
coupled fluorophores (Figure 1.5B) (131). In FRET, a donor FP is excited by its cognate excitation
wavelength. The acceptor FP, whose excitation wavelength overlaps with the emission
wavelength of the donor FP, is then brought close to the donor. This allows energy to be
transferred to the acceptor FP. To determine how close the FPs are to each other, one can
calculate FRET efficiency. This can be defined as the rate of FRET transfer divided by the rate of
all other decay pathways, or as the quantum yield of the donor in the presence or absence of the
acceptor. Since these are often difficult to measure in a biological system, researchers often use
sensitized emission, in which energy transfer between the donor FP to the acceptor FP causes
fluorescence emission in the acceptor. If a metal binding domain is sandwiched between two FPs
that can participate in FRET, then the binding of the metal is able to change FRET efficiency
between the FPs, and offers a readout of analyte concentration (8, 132). As with the single-FP
fluorescent biosensor, point mutations to the analyte binding region can alter the apparent Kq, and
thus change the quantification range of the reporter. Examples of FRET sensors for measuring
metal ion concentrations in cells are D3cpv Cameleon for quantifying intracellular free Ca?*,
ZapCV2 for quantifying labile Zn**, and MagFRET for quantifying free Mg?* (8, 133—135).

One advantage of FRET-based biosensors is their sensitivity. FRET efficiency is
correlated with the inverse of the radius between the fluorophores to the sixth power, so small
changes in distance lead to a dramatic change in FRET efficiency (131). Another advantage of

these sensors is their ability to quantify the analyte of interest (8, 122). Since there are two FPs



22

in the construct, expression level of the acceptor FP can be normalized to the acceptor intensity,
which can be convenient when studying metal ion concentration in cells of varying thicknesses. If
one is to calibrate the sensor by achieving minimum and maximum FRET ratio through a series
of in-situ perturbations, they are able to precisely calculate the concentration of free analyte in the
cell (136). FRET sensors come with several drawbacks as well. FRET sensors typically suffer
from a low dynamic range, and extensive engineering must be done to increase the dynamic
range of a sensor. Another inherent issue with this type of sensor is its spectral bandwidth. Since
they require two fluorophores, the option to multiplex is limited, especially when using common
FP-tags such as CFP and YFP. Finally, detecting FRET requires a unique microscope setup, that
can rapidly detect both the FRET channel and the donor channel.

The chemigenetic sensors use dye-binding proteins such as HaloTag or SNAP-tag with a
metal binding domain attached to the protein (Figure 1.5C) (137-139). When a fluorogenic dye is
covalently linked to the protein, it is primed to become fluorescent (140, 141). As such, when the
analyte binds to the sensing domains, the chemical environment around the fluorescent dye is
changed, and increases the fluorescence of the dye (138). This design is relatively new, and
researchers have only engineered a handful of sensors using a chemigenetic platform. That said,
the inherent flexibility in excitation/emission wavelengths allows for more creative uses, such as
two-photon microscopy or near-IR microscopy to minimize phototoxicity. Examples of
chemigenetic sensors are HaloCamP for measuring free Ca?*, and Halo-MGH for measuring free
Mg?* (137, 142).

There are several examples of small molecule sensors for metal ions in biology,
specifically Zn?*. Small molecule sensors offer ease of use and high dynamic ranges for fast
quantification of metal ions in living systems. The design principle of these sensors is simple: an
organic fluorophore, such as fluorescein, coumarin, BODIPY, or rhodamine is coupled to a Zn?*

binding group (Figure 1.5D). When the sensor is unbound, the binding domain quenches
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fluorophore by photoinduced electron transfer (PET), yielding a low fluorescence. When Zn?*
binds to the sensor, the binding moiety is unable to participate in PET, leading to decreased
quenching of the fluorophore, and fluorescence turn-on. The vast majority of sensors use this
mechanism, and therefore are intensiometric. These sensors are useful for quantifying metal ions
in solution, as well as identifying changes in extracellular Zn?* in response to a perturbation. Since
most of these sensors are charged, they are membrane impermeable, so acetoxymethylester
derivatives are available to allow for better cell permeability and therefore ease of use. These
sensors have very high dynamic ranges. FluoZin-3, for example, has a reported dynamic range
of approximately 200 (143). Other examples of small molecule sensors for Zn?* are TFLZn, ZP1,
and ZP4 (144-146).

Small molecule sensors have significant drawbacks. The genetically encoded sensor
platform offers control over expression level or subcellular localization by varying the promoter,
or adding a nuclear or cytoplasmic localization signal to the genetic construct (147). Small
molecules lack any of these control mechanisms, which means their inherent biophysical
attributes govern subcellular localization (148). Since engineering these biophysical attributes is
only slightly tractable, these sensors are more likely than genetically-encoded sensors to
mislocalize to specific organelles which can lead to issues in data interpretation downstream (55).
Selecting an appropriate probe concentration is also important, since higher probe concentration
in cells can lead to perturbations in the analyte being measured (55). It is important that
researchers empirically determine the minimal concentration of probe required to get adequate

signal to noise for the target analyte.

1.3.2 Small molecule tools to manipulate labile Zn?* in cells
Researchers have developed several tools to manipulate the levels of Zn?* in cells (116).

Broadly, these tools can either increase or decrease the level of labile Zn** inside of a cell. To
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cellular membrane, or decreasing intracellular labile Zn?** by chelating both intracellular Zn?* and
Zn* in the media. Structures made with ChemBioDraw.
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increase Zn?* inside of a cell, researchers use one of two methods: supplementing the media of
the cells with Zn?*, or adding Zn** along with an ionophore to drive the metal ion across the cell
membrane and increase cytosolic Zn?* concentration (13, 136, 149). To decrease Zn?" inside of
a cell, researchers use three methods, either alone or in combination: membrane permeable
chelators, membrane impermeable chelators, and pretreatment of growth media. Each of these
tools has its own considerations, advantages, and drawbacks, depending on the model system
and the biological question posed.

To increase cytosolic Zn**, researchers can add excess Zn?* to the growth media, usually
in the form of ZnCl, or ZnSO4 solutions (13, 44). Since Zn?* import can be modeled by facilitated
diffusion of the ligand through the transporter, it is logical to assume that cytosolic Zn®* will
increase upon addition of excess Zn?* (Figure 1.6A) (32, 33). Indeed, several groups have
identified that cytosolic Zn?* will increase upon addition of extracellular Zn?* (13, 48). The kinetics
of this process is slow, however, so adding ionophores can allow more rapid crossing of the cell
membrane. One such ionophore is pyrithione, which makes a 2:1 complex with Zn?* and allows
the ion to cross all cell membranes, including intracellular membranes (Figure 1.6A) (150). This
causes rapid increases in labile cytosolic Zn?*, but can also interfere with redox balance and has
been shown to cause cell death and growth inhibitory behavior (149, 151). For long-term
experiments, it is advised that researchers use Zn?** supplementation to minimize cell death.

Membrane permeable chelators allow for a rapid removal of labile Zn?* from the entire cell.
This is highly advantageous, because Zn?* signaling can occur on the order of minutes and
requires a rapid perturbation to study (49, 152). Some membrane permeable chelators are TPEN
and TPA (Figure 1.6B). TPEN is widely used in the field of Zn®" biology, owing to its high binding
affinity and selectivity for Zn?*; however, TPEN’s K4’ for Zn?* is on the order of 0.6 fM, making it
stronger than most Zn?* binding proteins and has been shown to remove Zn** from the cellular

proteome (116, 121, 153). Additionally, it is highly cytotoxic in high concentrations and long
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incubation periods and has been used to study the apoptotic effects of severe cellular reduction
in labile Zn?* (154). TPA has a much lower affinity for Zn?*, with a Kq of 10 pM (152). It has been
used to study long-term effects of Zn?* deficiency in a cell culture system for several days (13).
TPA binds Cu* with higher affinity than Zn?*, but in a cellular context, labile Cu* is at a much lower
concentration than cellular Zn**, and TPA’'s phenotypic effects are only reversed by
supplementation with Zn®* (13, 152, 155, 156).

Membrane impermeable chelators aim to lower extracellular Zn?* in the hopes of causing
a decrease in intracellular Zn?*, or to study paracrine or autocrine signaling. Some examples of
membrane impermeable chelators are ZX1, EDTA, and EGTA (Figure 1.6B) (116). An advantage
of these chelators is their high metal affinity and rapid kinetics; however, there are drawbacks of
using these chelators (157). ZX1 is highly selective for Zn**, and has rapid kinetics, but there is
limited knowledge of off-target effects (116). EDTA and ethylene glycol-bis(2-aminoethylether)-
N,N,N’,N"-tetraacetic acid (EGTA) are highly nonselective for Zn?*, and EDTA is often used in
conjunction with a Ca?* counterion to decrease this lack of selectivity (158).

An additional approach for manipulating Zn?* concentration is pretreatment of media with
Zn* chelators. Cells require growth factors that are present in serum and other media additives
(such as insulin) in order to proliferate, and commercially available serum and insulin often have
highly variable amounts of Zn** (13, 159, 160). Researchers have used Chelex-100, an
iminodiacetate-based resin, in order to chelate metal ions from these components (13, 161). That
said, Chelex-100 has low metal specificity and will remove several important divalent metal
cations such as Ca*, Fe?*, Cu?*, and Mg?* (13). Another newer method for removing Zn?*
selectively is an A12 resin which consists of a Zn?* scavenging protein S100A12 immobilized on
a solid support (162). Regardless of what method is used to deplete Zn** from media, it is crucial
that researchers validate the metal ion concentration in their media with an external metric, such

as inductively-coupled plasma-mass spectrometry (ICP-MS) (163). Further, it is required that
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Figure 1.7: Fluorescent tools for probing the mammalian cell cycle in live single cells. (A)
Schematic of the design and operation of the kinase translocation reporter (KTR). A fluorescent
protein is fused to a kinase recognition domain, which houses a nuclear exclusion signal (NES)
and a nuclear localization signal (NLS). Unphosphorylated sensor is localized to the nucleus, and
upon phosphorylation by a kinase, translocates to the cytosol. Intensity ratio of cytosol to nucleus
yields a readout of kinase activity. (B) Schematic of the design and operation of the ubiquitin
ligase degron reporter. A fluorescent protein is fused to a protein fragment containing a
ubiquitination motif recognized by a cognate ubiquitin ligase. The ubiquitin ligase targets the
fluorescent protein construct for degradation, and signal is decreased. Inactivation of the ubiquitin
ligase causes inhibited degradation, and thus the sensor builds up and signal returns. (C)
Schematic of FP-tagged cell cycle proteins. Throughout the cell cycle, proteins are created or
destroyed, shuttled between the nucleus and cytoplasm, or form foci. FP tagging of cell cycle
proteins of interest (POls) allows for visualization of these changes and thus allows the researcher
to infer cell cycle phase.
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researchers undertake extensive testing of newly formulated growth media to ensure that any

treatments do not interfere with normal function of their model system.

1.4 Fluorescent tools to study the mammalian cell cycle in live cells

Researchers have developed an array of tools to study the mammalian cell cycle. These

tools take advantage of the periodic nature of the cell cycle, as well as the robust expression and
activity of effector proteins such as ubiquitin ligases and CDKs. Most fluorescent cell cycle tools
fall into three categories: the kinase translocation reporters, the degradation sensors, and FP-
tagged protein sensors.
Kinase translocation reporters (KTRs) are constructs consisting of a fluorescent protein attached
to a kinase pseudo-substrate through a flexible linker (Figure 1.7A) (164). The kinase recognition
domain can be interleaved between a nuclear localization signal (NLS) and a nuclear exclusion
signal (NES) (78). The kinase recognition domain can also be flanked by a kinase “landing pad”
taken upstream or downstream of the cognate kinase recognition site of a natural substrate (165).
Phosphorylation of the serine, tyrosine, or threonine in the kinase recognition domain causes an
unmasking of the NES (78, 164, 165). This unmasking signals the intrinsic cellular machinery to
export the construct from the nucleus to the cytoplasm (166). Upon deactivation of the kinase of
interest, phosphatases remove the phosphates from the kinase recognition domain, revealing the
NLS, and allowing import into the nucleus (167). The ratio of cytoplasmic signal to nuclear signal
yields a readout of kinase activity in that cell.

KTRs can be engineered to recognize one or more cell cycle kinase using either an
engineered kinase recognition domain or a fragment from a natural substrate of the kinase of
interest (165, 168). One example of this type of sensor is the CDK2 activity sensor that uses a
fragment of DNA Helicase B (DHB) linked to a fluorophore. During quiescence, CDK2 activity is

low, and the sensor is localized to the nucleus. As the cell progresses through the cell cycle,
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CDK2 activity builds up and peaks just before mitosis, phosphorylating the sensor and causing a
translocation to the cytosol (78). Another example of a KTR used in cell cycle work is the CDK4/6
activity sensor, which is very similar to the CDK2 sensor. In this construct, the DHB fragment is
replaced by a fragment of the retinoblastoma protein (Rb) that is recognized by CDK4 and CDKB6,
with minor contributions from CDK2 (169). After mitosis, cells are either born with high or low
CDK4/6 activity. After a time, cells can either remain in this CDK4/6 low state, or they begin
building up kinase activity to enter the cell cycle. This sensor therefore allows one to more closely
identify entry and exit from quiescence by monitoring decrease and subsequent increase in
CDK4/6 activity after mitosis.

KTRs have the advantage of being single fluorescent protein sensors, and thus take up
less spectral bandwidth than multiple color sensors. This affords multiplexing with other
fluorescent protein biosensors, and thus one can monitor the activities of other signaling pathways
in the same cell (164). The nuclear export process is on the order of minutes, which is faster than
most cell cycle phase processes, which happen on the order of hours (99, 170). One can therefore
identify fluctuations in kinase activity at high temporal resolution.

KTRs have their drawbacks as well. Kinases are notoriously promiscuous. A residue on a
protein might be phosphorylated by dozens of other kinases in a process called crosstalk (171).
An excellent example of this is the CDK4/6 sensor, whose translocation shows a significant
contribution from CDK2 (169). Thus, extensive testing must be done to ensure that the
translocation is due only to the kinase of interest while keeping kinase crosstalk to a minimum.
This validation can take the form of kinase assays using *P-labeled ATP, purified kinase and
biosensor, or in cellulo assays using small molecule inhibitors of the kinase of interest and other
kinases with similar recognition motifs (78, 164, 168). Another drawback is more inherent in the

translocation readout. Since kinase activity is read out as a ratio of cytoplasmic to nuclear signal,
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the sensor requires use of an imaging modality and is incompatible with cell sorting or flow
cytometry.

Degradation reporters make use of the cyclical activity of ubiquitin ligases throughout the
cell cycle. Since each phase of the cell cycle requires different sets of proteins to be expressed
and degraded, life has evolved a set of cell cycle specific ubiquitin ligases to target old or
unnecessary proteins for degradation as the cell cycle progresses (172, 173). Degradation
reporters take advantage of this natural regulation in ubiquitin ligase activity (174). The reporter
systems are composed of fluorescent proteins fused with fragments of key cell cycle proteins that
contain a ubiquitin ligase target domain (Figure 1.7B). When the ubiquitin ligase is inactive, the
chromophore of the fluorescent protein can mature. After a while, expression of the protein will
reach a steady state, and the fluorescence intensity will stay relatively constant. Activation of the
cognate ubiquitin ligase leads to ubiquitination of the reporter and causes its rapid degradation,
thus dropping fluorescence intensity dramatically. The cell is still making the construct, but the
degradation of the protein is in kinetic competition with the maturation of the chromophore, so the
fluorescence intensity stays near zero. When the ubiquitin ligase is deactivated once again, the
construct is no longer degraded and the chromophore is able to mature and produce
fluorescence. Identifying the changepoints in the fluorescence over time allows one to identify cell
cycle phase boundaries.

The first degradation reporter to be developed was the FUCCI sensor (174). This sensor
consists of two different fluorescent proteins tagged to two proteins that are reciprocally targeted
by different ubiquitin ligases. The first construct was an mAG fluorescent protein fused to human

Geminin protein (aa 1-100). This construct is targeted by the APC®"

complex and degraded
during G1. The second construct was an mKO2 fluorescent protein fused to human Cdt1 protein
(aa 30-120). This construct is targeted by the SCF**2 complex and degraded during S-phase and

G2. Cells expressing this system will show red fluorescence in G1, and green fluorescence in
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S/G2. After several rounds of optimization, the group who originally published the FUCCI sensor
published an optimized sensor that further reduced the lengths of fusion proteins and selected
new ubiquitination targets to improve response and cell cycle phase resolution. The FUCCI (CA)
sensor sought to probe the activity of APC®"" and Cul4”™" to yield high resolution of the G1/S
and S/G2 boundary (175). Aimost concurrently, another group developed PIP-FUCCI, which used
a shorter ubiquitin ligase target domain called the PIP-box motif from Cdt1, with the human
Geminin construct remaining almost identical (176).

Degradation sensors have several advantages. Since these reporters are intensity based
rather than localization-dependent, researchers can identify cell cycle phase populations using
flow cytometry or cell sorting (175, 177). These reporters also have a high dynamic range, since
sensor turn off reaches nearly zero fluorescence when the cognate ubiquitin ligase is active.
Finally, these sensors may be used for nuclear tracking, since all constructs contain an NLS (174,
175).

There are drawbacks to degradation sensors. The original FUCCI system was unable to
delineate the S/G2 boundary. Further, the signal was fully lost at mitosis, making long-term cell
tracking difficult without a nuclear marker (177). Newer iterations of the FUCCI sensor have mostly
resolved this issue. Use of this sensor requires an overexpression of fragments of crucial cell
cycle proteins such as Cdt1 or Geminin, which can outcompete the endogenous cell cycle protein
(176, 178). In addition, these sensors are inherently retrospective, since the changepoint in signal
is due to activation or deactivation of the cognate ubiquitin ligase. This means that one cannot
know when the cell cycle phase ends until the next begins. Normally this is not an issue with
highly proliferative cells in a live-cell imaging context; however, for cells that cycle slowly, or for
studying quiescence, long-term live-cell imaging of these populations would be space prohibitive
due to large file sizes. Instead, researchers should investigate the use of KTRs or fluorescently

tagged cell cycle proteins.
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Researchers have also used fluorescent protein-tagged cell cycle effectors to study the
cell cycle (64, 71, 179). This consists of fluorescently tagging cell cycle proteins at the N- or C-
termini and expressing the construct either from a plasmid or from the endogenous locus in the
genome (180). This allows researchers to visualize changes in localization or intensity as a
function of the cell cycle (Figure 1.7C). Because of the periodic nature of the cell cycle, one would
expect that these fluorescently-tagged cell cycle proteins would show a cyclical change in
expression or localization during the cell cycle, and thus yield a readout of the cell cycle phase at
a single cell level (177). Further, since each cell will have a different environment and molecular
memory, fluorescent tagging of cell cycle proteins, especially when expressed from the
endogenous locus, can reveal cell-to-cell variation (96).

One of the first and most popular uses of fluorescently-tagged cell cycle proteins is the
histone H2B-XFP fusion protein (181). Although not inherently a cell cycle protein itself, tagging
this histone subunit allows for robust visualization of the nucleus throughout the cell cycle, as well
as during mitosis. Since almost all cells have at least one nucleus, this allows researchers to track
single cells as they move across the field of view and divide (182). Another common FP-tagged
cell cycle protein is the proliferating cell nuclear antigen (PCNA) (183). During G1, PCNA shows
a diffuse nuclear localization. As cells enter S-phase, the signal moves to distinct nuclear foci that
correspond to DNA replication centers. As replication terminates and the cell enters G2, the signal
goes back to being diffuse throughout the nucleus. This allows researchers to use the coefficient
of variation in nuclear fluorescence intensity to identify the boundary between G1 and S-phase.
Finally, researchers have fluorescently tagged the CDK inhibitor p21 (71), the CDK activator cyclin
D1 (64), and the stress response transcription factor p53 to visualize their behavior as a function
of the cell cycle (179). Using these cell lines in combination with other cell cycle reporters such
as KTRs and degradation sensors can yield a rich dataset on how these cell cycle proteins vary

across the cell cycle (184, 185).
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FP tagging cell cycle proteins has a number of advantages. Expression from a plasmid
can yield information about how the protein is processed, degraded, or shuttled throughout the
cell. Since much of the intensity or localization changes are due to biochemical processes within
the cell, even exogenous expression from a plasmid will reveal cell cycle phase boundaries and
cell-to-cell heterogeneity in an apparently homogeneous population (183).

There are technical drawbacks to using FP-tagged cell cycle proteins as well. As
mentioned in the previous section on degradation sensors, overexpression of the FP fusion
protein is required for enough signal for accurate quantification. This has the potential for causing
changes in cell cycle dynamics and can be potentially cytotoxic. This is especially relevant in the
case of CDK inhibitors or activators like p21 or cyclin D, whose overexpression is used in
molecular biology to cause changes in cell cycle dynamics (186—189). Finally, expression of any
construct at high levels can cause a burden on cellular resources, which can in turn inhibit
proliferation (190). An option to circumvent these issues is to use a genome editing technique
such as CRISPR/Cas9. In brief, the Cas9 protein creates a double-stranded break near a targeted
sequence in the genome (191). If a template with homology to the protein of interest and a
fluorescent protein gene is supplied, the break repair machinery of the cell can fix the break using
the new template (180). Once the cell fixes the break, the cell will be heterozygous or homozygous
for the FP-protein fusion. This seems simple enough, but CRISPR/Cas9 genome editing requires
rigorous verification that the edit was successful and to ensure that the protein fusion does not
interfere with its normal function in the cell (64, 180). Finally, the protein of interest might be
expressed at such a low level that the fluorescence of the fusion might have poor signal to noise,
as is the case with p53 (179, 180). This limits the technique to a subset of proteins that are known
to have a high dynamic range of expression throughout the cell cycle. This issue can be partially
circumvented by using newer, brighter FPs such as mNeonGreen or mTurquoise2 in the fusion

(192, 193), but these workarounds still rely on adequate expression of the protein of interest.
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1.5 Introduction to This Thesis

The goal of my thesis work was to define the role of Zn?* throughout the mammalian cell
cycle, primarily through the lens of single-cell tools. Chapter 2, “Human cells experience a Zn?*
pulse in early G1,” identifies whether naturally cycling cells show changes in labile Zn?* throughout
the cell cycle. It also aims to determine the effect of knocking down a key transcription factor
involved in the high Zn?* response in cells. This study uses the genetically encoded fluorescent
biosensor ZapCV2 to measure free Zn®" in naturally proliferating cells, and the nuclear marker
H2B-HaloTag to track cells in real time. After tracking cells, a postdoctoral fellow and | found that
cells increase labile Zn?* in the minutes leading up to mitosis, and peaks at approximately one
hour into the daughter cell G1, which we deemed the Zn?* pulse. We also determined that
knockdown of the metal responsive transcription factor MTF-1 increases resting labile Zn?* and
modulates the size of the Zn®" pulse. Finally, we found that cells require a minimal and maximal
free Zn** concentration in order to proliferate, and cells outside of this window pause proliferation
until Zn** levels are restored. This work shines a light on the regulation of the mammalian cell
cycle by Zn?*, and the natural rhythmic fluctuations in Zn?* levels and other metal ion levels as a
whole.

In addition to determining the natural fluctuations in Zn?* throughout the cell cycle, | wanted
to assess the ramifications of transient Zn** deficiency on cellular proliferation and integrate
decades of research that have pointed to DNA synthesis impairment as a driver of Zn?* deficiency
induced quiescence. Chapter 3, “Transient Zn** deficiency induces replication stress and informs
the proliferation of daughter cells,” aims to identify the Zn?* requirements of the mammalian cell
cycle and identify the consequences on Zn?* deficiency on proliferation through the lens of DNA
replication stress. | found that Zn?* deficiency during G1 and across the S/G2 transition has little
effect on the mother cell’s S-phase, but Zn?* deficiency across the G1/S transition and in S-phase

causes strong impairment of mother S-phase progression. In addition, | found that acute Zn?*
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deficiency inhibits DNA synthesis rate, and that this impairment can be rescued with resupply of
Zn*". This DNA synthesis rate impairment is accompanied by simultaneous accumulation of the
replication stress marker RPA2, which is also fully reversible upon resupply of Zn?*. These
impairments are not due to DNA origin underlicensing, nor are they due to Chk1-dependent
inhibition of origin firing, nor are they due to double-stranded breaks. Finally, | found that Zn?*
deficiency during the mother cell’'s S-phase causes daughter cells to temporarily withdraw from
the cell cycle. This withdrawal is accompanied by sustained expression of the tumor suppressor
gene p21, which acts to inhibit proliferation. Together, this is the first evidence that mild Zn?*
deficiency causes replication stress during S-phase, and that this replication stress transmits to

daughter cells to inform their proliferation.
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Chapter 2: Human cells experience a Zn?* pulse in early G1

2.1 Publication Status

Rakshit, A.; Holtzen, S. E.; Lo, M.L.; Conway, K.A.; Palmer, A.E. “Human cells experience

a Zn*" pulse in early G1.” Cell Reports, 42(6): 112656, June 17, 2023

A.R and S.E.H contributed equally to this work. Conceptualization, Methodology, A.E.P.,
M.N.L., A.R., S.E.H.; Investigation, A.R. S.E.H, M.N.L., K.A.C.; Writing — Original Draft, Writing —
Review and Editing A.E.P., A.R., S.E.H.; Formal Analysis, A.R. and S.E.H.; Software, S.E.H;

Funding Acquisition, Supervision, Project Administration, A.E.P.

2.2 Abstract

Zinc is an essential micronutrient required for all domains of life. Cells maintain zinc
homeostasis using a network of transporters, buffers, and transcription factors. Zinc is required
for mammalian cell proliferation and zinc homeostasis is remodeled during the cell cycle;
however, whether labile zinc changes in naturally cycling cells has not been established. We use
genetically encoded fluorescent reporters, long-term time-lapse imaging, and computational tools
to track labile zinc over the cell cycle in response to changes in growth media zinc and knockdown
of the zinc regulatory transcription factor, MTF-1. Cells experience a pulse of labile zinc in early
G1, whose magnitude varies with zinc in growth media. Knockdown of MTF-1 increases labile
zinc and the zinc pulse. Our results suggest that cells need a minimum zinc pulse to proliferate
and that if labile zinc levels are too high, cells pause proliferation until labile cellular zinc is

lowered.
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2.3 Introduction

Zinc (Zn*") is the second most abundant transition metal ion in mammals and is an
essential micronutrient crucial for growth, cell differentiation, and cell proliferation (6, 194). At the
molecular level, Zn?* is an essential cofactor for over 2500 proteins (9) and plays fundamental
roles in metabolism (195-197), DNA synthesis (13, 100, 101), and transcriptional regulation (12,
49). It is now well established that Zn?* is required for cell proliferation (13, 194). Early work by
Chesters et al suggested that Zn** is necessary for the G1 to S transition (198) and for DNA
synthesis in S-phase (100, 199). However, subsequent studies contradicted these conclusions,
finding that after cells cross the restriction point in G1, they don’'t need Zn?* until the G2/M
transition (103). The contradictory findings of these early studies may have been confounded by
long-term incubation with high concentrations of Zn?* chelators, drugs, and cell synchronization,
which often activates stress signaling pathways (79, 104). More recently, Lo et al showed that
conditions of mild Zn?* deficiency cause cells to either exit the cell cycle and go quiescent or stall
in S-phase (13). Such studies suggest that Zn** may be required during multiple phases of the
cell cycle, yet an open question is whether labile Zn?* itself varies over the course of the cell cycle
and, if so, how proteins responsible for preserving Zn** homeostasis might influence Zn?*
dynamics.

Mammalian cells use an elegant system of highly-coordinated proteins to control cellular
uptake, organelle distribution, and elimination of excess Zn?** across the plasma membrane to
maintain intracellular Zn** homeostasis (5, 22, 200, 201). Transporters such as ZIP (Slc39a1-14)
and ZnT (Slc30a1-10) are responsible for the import and export of Zn** across organelle and
plasma membranes (5, 22, 200, 201). Metallothioneins (MT) buffer intracellular Zn®** and help
maintain the labile Zn®* pool (16, 22). Finally, the metal regulatory transcription factor-1 (MTF-1)
regulates labile Zn?* levels by adjusting the expression of the exporters ZnT1, ZnT2, and the

cellular buffer MT#2*_ Multiple studies have suggested that disruption of zinc-regulatory proteins
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can attenuate proliferation (59, 202, 203). For example, downregulation of MT-2A and knockdown
of zinc transporters ZnT1, ZnT6, and Zip11 reduce proliferation of MCF-7 breast cancer cells
(203) and Capan-1 pancreatic cancer cells (59), respectively. Furthermore, studies have shown
that the levels and localization of zinc regulatory proteins, particularly MT, vary in a cell cycle-
dependent manner. MT levels are 3-5 fold higher in proliferating human Chang hepatocytes (CCI-
13) (204). In HT-29 cells, MT levels oscillate during the cell cycle, reaching a maximum in late G1
phase and at the G1/S transition (26). Finally, MT was shown to translocate to the nucleus when
cells transition from quiescence to Gs and again early in S phase (26). Combined, these studies
suggest that mammalian cells remodel Zn?** homeostasis to meet different Zn** requirements
during different phases of the cell cycle.

While mammalian cells contain hundreds of micromolar total Zn?*, most of it is bound to
proteins, such that the labile pool is on the order of hundreds of picomolar (122, 132, 136). To our
knowledge, there have only been two studies that have explored whether Zn?* levels change
during the mammalian cell cycle. The first study used X-ray fluorescence microscopy (XRFM) to
show that total cellular Zn?* increases over 3-fold in mitotic cells, perhaps to help daughter cells
prepare for Zn** requirements (205). XRFM is powerful for revealing a spatial map of total (but
not labile) zinc in fixed, frozen, or air-dried cells. In the second study, Li and Maret used the
fluorescent reporter FluoZin-3 to measure labile Zn?* in a population of PC-12 cells in a cuvette
after release from serum starvation (48). Their study showed two peaks in Zn?* at 3 and 12 hours
after release from synchronization. These peaks map roughly to early G1 and the G1/S transition
in PC-12 cells, although an independent measurement of cell cycle was not carried out in this
study. These studies represent an important first step in revealing fluctuations in the Zn** during
the cell cycle. However, there are also limitations to these studies. The XRFM study focused on
naturally cycling cells, but the technique is not compatible with real-time measurement in live cells.

On the other hand, the FluoZin-3 study measured labile Zn? in live cells, but it relied on bulk
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analysis of serum-starved cells which masks the heterogeneity inherent in individual cells and
disrupts their natural cell cycle tempo.

Here, we overcome limitations associated with previous studies using high throughput
long-term imaging and computational single-cell image analysis to track individual cells in a
naturally cycling population. We use a genetically encoded fluorescent Zn?* sensor to measure
labile Zn** levels in the cytosol and nucleus of asynchronously cycling cells expressing a
fluorescent histone 2B marker to aid in cell tracking and mitosis detection. We identified a labile
Zn** pulse immediately following mitosis that lasts for two hours into early G1 phase. The
magnitude of the Zn?** pulse can be modulated by the total Zn®* in the media and knockdown of
the Zn?* regulatory transcription factor, MTF-1. Knockdown of MTF-1 also results in increased
cytosolic labile Zn?* and impaired reestablishment of homeostasis after elevation of Zn?* in the
growth media. Our results show that a Zn?* pulse that is too low or too high is correlated with
impaired proliferation, suggesting that Zn?* levels and dynamics are an important part of cell cycle

regulation.

2.4 Results

2.41 Genetically encoded FRET-based sensor ZapCV2 illuminates intracellular Zn?*
dynamics

Previous work has established zinc as essential for cell proliferation, and that withdrawal
of zinc ions (Zn?*) induces quiescence in MCF10a cells. We sought to recapitulate these
observations in naturally cycling MCF10a cells expressing the genetically encoded cytosolic zinc
sensor ZapCV2 to examine whether there are changes in the labile zinc pool over the cell cycle.
The ZapCV2 sensor is composed of a zinc binding domain sandwiched between ECFP and a

circularly-permuted (cp) Venus (Figure 2.1A). The sensor can be targeted to the cytosol with a
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Figure 2.1: Zn** levels influence cell proliferation over time. (A and B) Diagram of the
ZapCV2 zinc-binding and zinc-dead sensors. Zinc-binding residues and alanine mutants are
labeled. lllustration of sensor binding to zinc. Zinc binding induces a conformational change, which
leads to increased FRET. (C) Proliferation of cells expressing the cytosolic zinc sensor ZapCV2
(solid line) and zinc-dead sensor (dashed line) in different medium conditions over 35 h. Each line
represents the average of four wells normalized to initial plating density. Shaded areas represent
standard deviation. (D and E) Single-cell FRET ratios of MCF10a cells expressing either NES-
ZapCV2 or zinc-dead sensor. Red dots indicate a mitosis event. Each plotted trace must contain
at least one mitosis event. 100 random traces across four wells are plotted in each condition.
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Figure 2.2: In situ calibration of genetically encoded FRET based sensors. Panel (A) and
(B) depict six Zn** calibration traces (FRET ratio vs. time) from a single FRET calibration
experiment performed on MCF10a cells stably expressing H2B-mCherry and the NES-Zinc-dead
sensor, and H2BmCherry and the NES-ZapCV2 sensor, respectively. Cells were grown in MM for
24h then the media was changed to HHBSS buffer before the calibration experiment. Black
arrows indicate addition of (i) 50 uM TPA at 5 min; and (ii) 104 nM buffered Zn?** + 0.001% saponin
+ 750 nM pyrithione at 10 min. R, Rmin and Rmax represent the average resting, minimum and
maximum FRET ratio (Intensity of CFPex YFPem /Intensity of CFPex CFPem) from a single cell.
Those traces were generated by placing a ROI on individual cells and following FRET ratio over
time upon subsequent addition of TPA and Zn?'/pyrithione or using our MATLAB R2020A
(Mathworks) pipeline for automated cell segmentation and tracking, as well as methods for
calculating the FRET ratio as described in Lo, et. al. (C) Fluorescence images of cells displaying
resting (left), minimum (center), and maximum (right) FRET ratios acquired during FRET sensor
calibration experiment (Objective 20X, scale bar: 100 um). Images are pseudo-colored with
rainbow gradient LUT over the following ratio range: 0 — 5.
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Figure 2.3: Characterization of MCF10a cells expressing H2B-mCherry and NES-, NLS-
ZapCV2 or NLS-zinc dead construct. (A,B) Fluorescent images of MCF10a cells expressing
H2BmCherry and NES-ZapCV2 (A) and NLS-ZapCV2 (B). Left: mCherry channel showing H2B
nuclear marker. Right: FRET channel showing ZapCV2 with either a nuclear localization signal
(NLS) or a nuclear export signal (NES). Scale bar = 12 ym. (C) Mean FRET ratio traces of cells
grown in media with different amounts of total zinc. (D) Proliferation of cells grown in different zinc
media. (E) Resting and peak FRET ratios of cells expressing NLS-ZapCV2 as described in Figure
2E. R: resting FRET ratio, P: peak FRET ratio. Each dot represents a single cell. The black line
represents the mean. F) Average FRET ratio traces of cells expressing NLS-ZapCV2 aligned to
mitosis (n=300-500 cells, one biological replicate). Dashed line indicates mitosis. G) Resting and
peak FRET ratios of cells expressing NLS-zinc dead as described in Figure 2E. H) Average FRET
ratio traces of cells expressing NLS-zinc dead aligned to mitosis (n=300-500 cells, one biological
replicate). Dashed line indicates mitosis.
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nuclear exclusion signal (NES-ZapCV2) or the nucleus with a nuclear localization signal (NLS-
ZapCV2). Zn** binding induces a conformational change increasing Férster resonance energy
transfer (FRET) from ECFP to cpVenus. The FRET/CFP ratio is proportional to the labile Zn?*
concentration in the compartment to which the sensor is targeted. We also developed a mutant
ZapCV2 sensor, in which all the cysteine and histidine residues in the zinc binding domain were
replaced with alanine, abolishing Zn?* binding (Figure 2.1B). This “zinc dead” sensor does not
respond to perturbations of the labile Zn?* pool (Figure 2.2).

First, we sought to identify the global effects of Zn?* availability on proliferation. We treated
cells with media containing several different concentrations of Zn?* and monitored proliferation
over multiple days. Our minimal media (MM) contains 1.46 uM total Zn?*, which is enough to
sustain proliferation'®. We then added 15 uM or 30 uM ZnCl, for a zinc rich condition (ZR15,
ZR30), or 2 pyM tris(2-pyridylmethyl) amine (TPA) for a zinc deficient (ZD2) condition. We have
previously shown that the ZD2 condition lowers labile zinc to ~1 pM and the ZR30 condition
increases the labile zinc to 210 pM. We imaged asynchronously cycling cells in each condition for
multiple days. These time-lapse images were segmented and tracked via the H2B-mCherry
nuclear marker using an automated live cell tracking pipeline EllipTrack (182). After data
extraction, we counted the number of segmented ellipses in each frame and normalized this count
to the first frame. We observed that the zinc deficient condition (ZD2) showed reduced
proliferation when compared to MM (Figure 2.1C), consistent with previous observations of zinc
deficiency impairing proliferation. To differentiate loss of proliferative ability from loss of tracking
due to cell death, we plotted mitosis events and the FRET ratio of all conditions. Mitosis events
dramatically decreased after 15 hours in ZD2 media without significant loss of single cell tracks,
confirming that this observation is indeed due to induction of quiescence and not cell death (Figure
2.1D, 2.1E). The loss of proliferation is not due to off-target effects of TPA, since addition of

equimolar ZnCl,/TPA did not inhibit proliferation (Figure 2.3). The high zinc conditions (ZR15,
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ZR30) showed enhanced proliferation and an increased FRET ratio, indicating increased labile
cytosolic Zn?*. Finally, cells expressing the zinc dead sensor showed a lower FRET ratio that did
not change with Zn?* in the media and these cells showed a similar overall pattern of proliferation
(Figure 2.1C, 2.1E). These data confirm that Zn?* levels influence both cell proliferation and labile

cytosolic Zn?* and that sensor expression does not perturb normal cellular proliferation.

2.4.2 There is a Zn?* pulse after mitosis that correlates with both nutritional and labile Zn?*
The single-cell FRET traces in Figure 2.1D suggest that the labile Zn?* pool may fluctuate
over the cell cycle. However, since the population is asynchronously cycling, it is difficult to
evaluate changes in Zn?* at specific cell cycle phases. In order to extract salient information about
Zn** dynamics during the cell cycle, we aligned single-cell traces in silico to mitosis events
detected by the cell tracking software. In silico alignment revealed that the FRET ratio and hence
average labile Zn?" is correlated with the amount of Zn?* in the growth media (ZD2 has the lowest
FRET ratio, ZR30 has the highest resting FRET ratio) (Figure 2.4A). The zinc dead sensor did
not show the commensurate FRET ratio increase with increased media Zn?* (Figure 2.4B).
Close analysis of Zn?* dynamics around mitosis reveals a peak in FRET ratio that persists
for 1.5-2 hours into G1 and occurs immediately following the spike in H2B-mCherry that denotes
a mitosis event (Figure 2.4C). There is a slight FRET change in the zinc dead sensor, but this
does not correlate with the amount of Zn?* in the media (Figure 2.4D). To define the change in
FRET ratio at the peak of the pulse, we calculated the average FRET ratio of the track two hours
approaching mitosis, referred to as the “resting FRET ratio (R)”, and the maximum value within
the first two hours of mitosis, referred to as the “peak FRET ratio (P)” (Figure 2.4C). The peak
FRET ratio was positively correlated with both the labile Zn?* pool and nutritional Zn** (Figure
2.4E). Additionally, the difference between the peak and resting FRET ratio increased with higher

Zn?*. In contrast, the zinc dead sensor did not show an increase in resting or peak FRET ratio in
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Figure 2.4: Tracking of labile zinc over the cell cycle reveals zinc dynamics around mitosis
that is modulated by nutritional zinc. (A and B) Single-cell traces of cells expressing either NES-
ZapCV2 or the NES-zinc-dead sensor after alignment to mitosis are represented in gray (n = 100
randomly selected cells per plot). Average FRET ratios of these traces are overlaid in color. (C)
Averaged FRET ratio of NES-ZapCV2 and H2B-mCherry intensity in a 10 h window around
mitosis. Resting FRET is calculated by averaging ten frames (4 h—2 h) approaching mitosis. Peak
FRET is the maximum value within ten frames (2 h) of mitosis. (D) Plot as shown in (C) with cells
expressing the NES-zinc-dead sensor. (E and F) Values of resting FRET (R) and peak FRET (P)
in both zinc-binding and zinc-dead sensors. Mean values are shown as black bars. Each dot
represents an individual cell track (n > 100 for each condition, one of three biological replicates is
shown). Quantification of FRET change (AFRET) between resting and peak is shown below each

group.
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Figure 2.5: Available zinc and MTF1 levels influence time to peak FRET after mitosis. (A,
B) Violin plots showing time after mitosis of FRET peak in cells grown in different zinc conditions
and expressing NES-ZapCV2 sensor or NES-zinc dead sensor. (C, D) Violin plots showing time
after mitosis of FRET peak in cells grown in different zinc conditions and expressing NLS-ZapCV2
sensor or NLS-zinc dead sensor. (E) Violin plots showing time after mitosis of FRET peak in cells
grown in different zinc media. Cells in this experiment were expressing NES-ZapCV2, and either
an MTF1 shRNA, or a scrambled shRNA. Comparisons conducted with one-way ANOVA, with
follow-up t-tests, which are plotted. * indicates p < 0.05, ** indicates p < 0.01, *** indicates p <
0.001, **** indicates p < 0.0001. NS indicates p > 0.05. Horizontal lines in violin plots represent
median and first and third quartiles.
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differential Zn®* conditions (Figure 2.4F). Together, these results indicate that nutritional Zn?*
influences labile Zn?* levels and the magnitude of the Zn®* pulse after mitosis.

We also examined the labile Zn?* pool in the nucleus with a nuclear localized zinc sensor
(NLS-ZapCV2). Figure 2.3 shows fluorescence images of NES- and NLS-ZapCV2, along with
H2B-mCherry. Figure 2.3 also shows that nuclear Zn?* undergoes a transient increase
immediately following mitosis, and the magnitude of the pulse correlates with labile Zn?* and the
amount of Zn?" in the media. The nuclear localized zinc dead sensor did not show the same rise
in FRET ratio, confirming that the FRET ratio increase corresponds to an increase in labile nuclear
Zn*". We also observed that the Zn?* pulse peaked earlier when the concentration of labile Zn?*
and Zn?" in the media increased (Figure 2.5A, 2.5C). In contrast, the cytosolic and nuclear zinc
dead sensor did not show a peak shift with increased Zn?*, indicating that this shift is due to Zn?*

dynamics after mitosis and not volumetric changes during mitosis.

2.4.3 MTF-1 knockdown results in higher levels of labile Zn**

After identifying a pulse of labile Zn?* early in G1, we set out to determine whether proteins
involved in zinc homeostasis could alter the labile Zn?* pool and Zn?* dynamics. We speculated
that the metal regulatory transcription factor, MTF-1, could play an active role in changing Zn?*
dynamics over the course of the cell cycle. MTF-1 is a Zn?* binding transcription factor that binds
to metal-responsive elements in the genome to promote transcription of target genes such as
metallothioneins (MTs) and ZnT1 that are responsible for sequestering and exporting excess Zn%
to maintain zinc homeostasis, respectively (18, 206). Knockdown of MTF-1 would be expected to
alter the buffering capacity of cells in elevated Zn** by interfering with the induction of MT
expression (206).

To determine how knockdown of MTF-1 affected cell proliferation and the labile Zn?* pool,

we developed stable cell lines using two lentiviral constructs encoding shRNAs, one against mtf1
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to knock down the endogenous protein (MTF-1 KD) and another with non-specific scrambled
shRNA as control (Scr Ctrl). Western blot analysis of MTF-1 expression in these cell lines showed
a significant decrease in MTF-1 in KD cells compared to Scr Ctrl and WT cells (Figure 2.6A; MTF-
1/a-Tubulin protein level: 1 (WT), 0.96 (Scr Ctrl) and 0.55 (MTF-1 KD); *p < 0.05 for Scr Ctrl vs.
KD). As expected, downstream expression of MTs is not induced in KD cells upon treatment with
40 uM ZnCl, for 48 h, whereas Scr Citrl cells successfully induce MTs in high Zn?* (Figure 2.6A).
We also noticed that MTF-1 KD decreased basal levels of MT, even in the absence of excess
Zn*, as has been previously reported (206). Next, we performed a cell proliferation assay on KD
and Scr Ctrl cells with zinc deficient (ZD) and zinc enriched (ZR) media for 48h. The same number
of cells were plated on day 0, and the number of viable cells was determined after 48 hours with
CellTiter-Glo. This assay revealed that the number of viable cells in both cell lines was less in ZD
media compared to MM media, consistent with previous work; however, there was no difference
between the two cell lines. On the other hand, there were significantly less MTF-1 KD cells
compared to Scr Ctrl in elevated Zn?* (ZR30, *p = 0.011; ZR50 ****p<0.0001, Figure 2.6B). This
result was confirmed by fluorescence image analysis from long term time-lapse images of cells
grown for 24h vs. 48h in differential zinc media (Figure 2.6C). Taken together, these results
demonstrate that knockdown of MTF-1 lowers basal levels of MT and renders cells unable to
induce metallothionein expression in elevated zinc. Further, MTF-1 KD compromises cellular
proliferation in high Zn**.

To determine whether knockdown of MTF-1 alters the intracellular cytosolic labile Zn**
pool, we used the NES-ZapCV2 sensor and in situ calibrations to quantify the concentration of
labile Zn?* in the cytosol. Briefly, Scr Ctrl and MTF-1 KD cells were grown in MM and ZR50 media
for 24h, followed by an in situ calibration and conversion of FRET ratios to Zn®* concentrations,
as described in Methods. MTF-1 knockdown significantly increases the labile Zn®* pool (Figure

2.7). For Scr Ctrl cells grown in MM, the median cytosolic [Znrest] was 0.29 nM and 50% of the
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Figure 2.6: MTF-1 knockdown results in less cell proliferation under high nutritional Zn?*
condition. (A) Western blots for MTF-1 and MT in MCF10a wild-type (WT), scrambled control (Scr
Ctrl), and MTF-1 knockdown (KD) cells show lower MTF-1 expression in KD cells compared with
WT and Scr Ctrl cells. MT levels are higher in Scr Ctrl cells than MTF-1 KD cells upon treatment
with 40 uM Zn2+ for 48 h compared with the no zinc condition. Duplicates were run per condition.
Blots for WT and Scr Ctrl cells were run on a single gel, whereas blot for MTF-1 KD cells was run
on a separate gel. (B) CellTiter-Glo proliferation assay was performed on Scr Ctrl and MTF-1 KD
cells grown for 48 h in different medium conditions. Cells were plated at a similar density in four
biological replicates (n = 4) and technical triplicate. Intensity data were normalized to intensity of
Scr Ctrl cells in MM condition. Each dot represents the mean of four technical replicates, and the
plot shows the mean £+ SEM of all biological replicates. Statistical analyses was performed using
two-way ANOVA with Tukey-Kramer test (xp < 0.05, xxxxp < 0.0001). (C) Fluorescence images
of Scr Ctrl and MTF-1 KD cells grown in MM, ZR30, and ZR50 media for 24 and 48 h shows lower
proliferation in KD cells with ZR30 and ZR50 compared with Scr Ctrl cells. Scale bar: 100 um.
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Figure 2.7: MTF-1 KD cells have higher resting zinc than Scr Ctrl cells. FRET calibration
experiments on MCF10a Scr Ctrl and MTF-1 KD cells stably expressing H2B-HaloTag and NES-
ZapCV2 FRET sensor were carried out to quantify the labile zinc pool. (A and B) Scatterplots
showing a direct comparison of cytosolic resting Zn?* [Znrest] in Scr Ctrl and MTF-1 KD cells grown
for 24 h in MM and ZR50 media, respectively. Fractional saturation (FS) and dynamic range (DR)
of the sensor were calculated, and [Zn?'] was quantified from each experiment as described in
the Methods section (Figures 2.2 and 2.8). Each dot on the scatter plot represents [Zniesi] of a
single cell plotted on a log scale. Only values within FS: 0-1 and DR: 1.35-1.65 ranges were
considered for calculating [Znrest]. For statistical analysis, cells were pooled from two biological
replicates for Scr Ctrl cells in MM (131 cells) and ZR50 (200 cells) and for MTF-1 KD cells in MM
(193 cells) and ZR50 (82 cells). Statistical analyses were performed using non-parametric
unpaired two-tailed Mann Whitney test (with 99% confidence level) (n = 3 biological replicates,
xxxxp < 0.0001). (C and D) Cumulative fractional distribution plots of cytosolic [Znrest] for Scr Ctrl
cells grown in MM and ZR50 and for MTF-1 KD cells grown in MM and ZR50 conditions,
respectively. Values along the x axis are truncated for better display of distribution of data points.
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values were between 0.17 — 0.45 nM (quartile 1, Q1 and quartile 3, Q3, respectively; Figure 2.7A,
2.7C). We noted that there was a broad, non-normal distribution of [Zns] values from individual
cells, so we report the median, Q1-Q3 quartile range, and use a non-parametric unpaired two-
tailed Mann Whitney test as a statistical test. The value of 0.29 nM agrees with prior studies of
cytosolic [Znrest] in mammalian cells (13, 14, 48, 132). In comparison, MTF-1 KD cells grown in
MM exhibited a significantly higher median [Znst] of 9.67 nM and Q1-Q3 of 6.31 to 17.53 nM
demonstrating that MTF-1 plays an important role in maintaining resting Zn** levels in cells.
When cells were grown in elevated Zn?* (ZR50), labile Zn?* increased. As shown in Figure
2.7B and 2.7C, MTF-1 KD cells had significantly higher [Zn.s;] compared to Scr Ctrl cells. The
corresponding median cytosolic Zn?*in Scr Ctrl was 9.62 nM compared to 48.5 nM for MTF-1 KD.
The Q1 to Q3 ranges were 4.50-21.13 nM and 12.09-284.96 nM, respectively for Scr Ctrl and
MTF-1 KD. We note that fractional saturation values for ZapCV2 in Scr Citrl cells increased from
0.25 £ 0.08 (in MM) to 0.70 + 0.09 (in ZR50) as depicted in Figure 2.8. On the other hand, MTF-
1 KD cells increased from 0.64 + 0.11 in MM to 0.77 + 0.15 in ZR50. In the ZR50 condition, the
sensor is close to the saturation limit and hence labile Zn?* may be underestimated. These results
demonstrate that MTF-1 is critical for allowing cells to regulate cytosolic Zn?* levels in response

to increasing Zn?* in the media.

2.4.4 Depletion of MTF-1 changes how cells respond to Zn?* perturbation

Given that MTF-1 knockdown elevated cytosolic Zn?**, we wanted to define how MTF-1
knockdown affected the ability of cells to respond to Zn?* perturbation. Cells were grown in MM
for 24h, followed by addition of ZnCl, or TPA. Addition of 2 or 3uM TPA (ZD2 and ZD3,
respectively) led to a rapid decrease in the FRET ratio of NES-ZapCV2, indicating a decrease in
labile Zn**. There were no significant differences between the MTF-1 KD cells or the Scr control

in the ZD conditions. This result was expected, since MTF-1 generally regulates the cellular
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Figure 2.8: Plots of dynamic range (DR) versus fractional saturation (FS) from intracellular
FRET calibration experiments. Each dot represents data from a single cell. Panel (A) and (B)
depict data from Scr-Ctrl and MTF-1 KD cells grown in MM for 24h; where n = 131, and 193 cells
pooled from 3 biological replicates, respectively. Panel (C) and (D) shows plots for Scr-Ctrl and
MTF-1 KD cells grown in ZR50 for 24h; where n = 200, and 82 cells pooled from 3 biological
replicates, respectively. Only values within the FS: 0-1 and DR: 1.35-1.65 range were considered
for calculating [Znrest]. Dynamic range: Rmax/Rmin; Fractional saturation: (R-Rmin) / (Rmax-Rmin) where
R, Rmin and Rmax represent the average resting, minimum and maximum FRET ratio.
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Figure 2.9: Depletion of MTF-1 changes labile zinc dynamics after perturbation of available
media zinc. (A and B) Mean traces of FRET ratio before and after zinc perturbation in MTF-1 KD
or Scr Ctrl cells. Cells were grown in MM, then changed to different zinc media (indicated by
vertical dotted line). One representative biological replicate is shown, and the remaining biological
replicates are shown in Figure 2.10. (C) Parameters used to identify changes in free zinc
dynamics after perturbation. Maximum FRET, ending FRET, and tmax are calculated from 20
subsampled mean FRET traces. (D) Maximum FRET after media change between different zinc
levels and MTF-1 status. (E) Time to FRET maximum after media change. (F) Time for FRET
ratio trace to decay to half the maximum value after media change (t1/2). (G) Ending FRET ratio
after media change. Ending FRET is calculated by taking the average of the final 30 time points
of the mean FRET traces. (H) Difference in cytosolic zinc at the end of timelapse. Difference
calculated by subtracting the cytosolic zinc at the end of the timelapse from the cytosolic zinc level
before the media change. Comparisons conducted with one-way ANOVA, with follow-up t tests,
which are plotted. *p < 0.05, **xxp <0.0001. NS indicates p >0.05. Figure created with BioRender.
Cells in this experiment were stably expressing NES-ZapCV2, H2B-HaloTag, and either a Scr
shRNA or an MTF-1 KD shRNA. Cells were plated with similar density in two biological replicates
(n = 2) across five wells in each replicate.
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Figure 2.10: Second biological replicate of media change experiment. Mean traces of
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Cells were grown in MM, then changed to different zinc media. The dotted line indicates the frame
at which the media was changed.
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response to high Zn?*. When Scr Ctrl cells were exposed to elevated Zn** (ZR15, ZR30, ZR50),
there was a rise in labile Zn?* lasting approximately two hours, followed by a decrease, where
Zn*" approaches the initial resting level before the media change (Figure 2.9A and Figure 2.10).
Depletion of MTF-1 impairs the cell’s ability to reestablish homeostasis after Zn?* elevation (Figure
2.9B, and Figure 2.10).

To quantify aberrations in how cells handle high Zn?* upon depletion of MTF-1, we took
subsamples of 100-300 single-cell FRET ratio traces, and averaged these FRET ratio traces to
get a subsampled mean FRET trace (Figure 2.9C). From this trace, we extracted several
parameters to describe the response curves. These included the maximum FRET ratio after the
media change (FRET max), time at which this maximum is reached (tmax), time for the FRET ratio
curve to decay to half of the maximum value (t1,2), ending FRET ratio at the end of the time-lapse,
and the change in the concentration of Zn?* (compared to baseline) at 24 hours. This process was
repeated 20 times for different randomly subsampled mean FRET ratio traces.

We identified several interesting patterns in Zn?* dynamics after Zn?* perturbation. We
found that cells deficient in MTF-1 reached a higher maximum FRET ratio after an increase in
media Zn?* (Figure 2.9D), likely due to decreased buffering capacity and decreased ability to lower
cytosolic Zn?** via ZnT1. Generally, the time to the FRET ratio maximum was not significantly
different between MTF-1 KD and Scr Ctrl cells (Figure 2.9E), except for the ZR50 condition where
it took longer to reach FRET max (6 hours vs. 2 hours). The decay of the FRET signal after media
change took significantly longer in MTF-1 KD cells in high Zn?* conditions (Figure 2.9F). As a
consequence, 24 hours after media change, the MTF-1 KD cells displayed a higher FRET ratio,
and hence a higher Zn?* concentration than prior to perturbation (Figure 2.9G, 2.9H). Combined,
these results indicate that MTF-1 is necessary for cells to efficiently restore homeostasis after

elevation of Zn?*.
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Figure 2.11: MTF-1 KD compromises cell proliferation in high Zn?*. (A and B) Proliferation
of MCF10a Scr Ctrl and MTF-1 KD cells expressing NES-ZapCV2 and H2B-HaloTag in different
zinc conditions over 48 h. Each line represents the average of four wells normalized to initial
plating density. Shaded areas represent standard deviation. (C and D) Histograms show the
number of mitosis events of MCF10a Scr Ctrl and MTF-1 KD cells expressing NES-ZapCV2 over
time. Scr Ctrl or MTF-1 KD cells were plated with similar cell density in two biological replicates
(n = 2) across five wells in each replicate.
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2.4.5 MTF-1 knockdown compromises proliferation in high Zn?*

Given that MTF-1 plays an important role in regulating the cellular response to Zn*
elevation, we set out to determine whether MTF-1 knockdown affected Zn?* dynamics during the
cell cycle. We carried out long term imaging on Scr Ctrl and MTF-1 KD cells treated with MM, low
zinc and high zinc media and tracked asynchronously cycling cells for multiple days. As shown in
Figure 2.11, the Scr Ctrl and MTF-1 KD cells proliferated similarly in the MM condition, similar to
our bulk results in Figure 2.6B. The Scr Ctrl cells showed lower proliferation in ZD2 and ZD3 and
higher proliferation in ZR15, ZR30 (Figure 2.11A, C), similar to WT MCF10a cells in Figure 2.11C
and previous studies. Finally, Scr Ctrl cells showed decreased proliferation in the ZR50 condition,
suggesting that if Zn?* levels are too high proliferation is impaired (Figure 2.11A). MTF-1 KD cells
displayed a dose dependent decrease in proliferation with increasing zinc in the media (Figure
2.11B), indicating that MTF-1 is essential for maintaining a balance of Zn?* that supports
proliferation. When we plotted the single cell FRET tracks as a function of time and followed
mitosis events, we observed several trends. As expected, mitosis events stopped within 15h for
cells grown in ZD2 and ZD3. In addition, we found that mitoses are generally distributed
throughout the imaging window in both KD and Scr Ctrl cells in MM and ZR conditions (Figure
2.11C, 2.11D; Figure 2.12). The one exception is that for MTF-1 KD cells in ZR50, there are very
few mitosis events within the first 10 hours of the timelapse. Overall, the number of mitosis events
in MTF-1 KD cells is lower in all zinc conditions than Scr Ctrl cells, further indicating that mis-
regulated Zn?* homeostasis in MTF-1 knockdown cells results in perturbed cell proliferation.
Finally, the number of mitosis events is decreased for Scr Ctrl ZR50 and all MTF-1KD ZR

conditions, indicating that if Zn** levels get too high, cells are unable to undergo mitosis.
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Figure 2.12: Zn?** pulse, mitosis, and altered Zn?* dynamics following mitosis in MCF10a
Scr Ctrl and MTF-1 KD cells expressing NES-ZapCV2. (A, B) Single cell traces showing FRET
ratios of MCF10a Scr Ctrl and MTF-1 KD cells expressing NES-ZapCV2 over time. Red dots
indicate a mitosis event over time. One hundred random traces containing mitosis events across
five wells are plotted in each condition. (C, D) Single-cell traces of MCF10a Scr-Ctrl and MTF-1
KD cells after alignment to mitosis are represented in gray (n=100 randomly selected cells per
plot). Average FRET ratios of all traces are overlaid in color in a 15 h window around mitosis. (E,
F) Mean FRET ratio of Scr-Ctrl and MTF-1 KD cells expressing NES-ZapCV?2 aligned to time (at
t = 0, media was changed to the respective conditions). (G,H) Mean FRET ratio aligned to mitosis
(at t = 0) from all cell tracks aligned to mitosis in early (frames 1-60), mid (frames 61-119) and
late (frames 120-200) stages of imaging time frame for Scr Ctrl and MTF-1 KD cells. Cells were
plated with similar cell density in two biological replicates (n=2) across five wells in each replicate.
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2.4.6 MTF-1 knockdown alters the Zn?* pulse following mitosis

Aligning the single cell FRET tracks to mitosis permits more detailed analysis of how MTF-
1 knockdown affects the Zn?* pulse at mitosis (Figure 2.12). All conditions show a zinc pulse
immediately following mitosis, and the magnitude of the pulse correlates with the amount of Zn?*
in the media and in the cytosol. We categorized the mitosis events into early, mid, and late
depending on their occurrence with respect to media change (at time t = 0). Because it takes
more than 20 hours for MTF-1 KD cells to establish a steady state level of Zn?* after perturbation,
we focused on late mitosis events to compare the Zn?* pulse between Scr Ctrl and MTF-1 KD
(Figure 2.12). As expected, the magnitude of the FRET ratio peak increases with increasing Zn?*
in the media and in the cytosol. In elevated Zn** MTF-1 KD cells reach a significantly higher FRET
ratio during the Zn?* pulse compared to Scr Ctrl cells (Figure 2.13A, 7B). To compare the
magnitude of the Zn** pulse, we converted the FRET ratio to Zn?* concentration, revealing that in
MM in Scr Ctrl cells there is an 8x increase in Zn?* (197 to 1628 pM), while in MM in MTF-1 KD
cells there is a 3x increase in Zn?* (448 to 1398 pM) (Table 1). In ZR conditions, the concentration
of Zn?* at the peak of the pulse reaches nM levels (39 nM for Scr Ctrl in ZR15 up to a high of 88
nM for MTF-1 KD in ZR50). Overall, MTF-1 KD cells show a higher concentration of Zn?* at rest
and higher concentration of Zn?* at the peak of the pulse (Figure 2.13C,D; Table 1). The peak

FRET after mitosis shifts earlier as Zn?* increases (Figure 2.13A, B, Figure 2.5E).

2.4.7 High Zn** does not induce apoptosis

High Zn?* has been shown to induce apoptosis (207), so it is possible that reduced cell
numbers in high Zn?* result from cell death as opposed to reduced proliferation. To evaluate this
possibility, we performed an Annexin-V apoptosis assay. We observed that upon treatment with

6 uM camptothecin, a DNA damaging drug, for 12h ~50% of cells were apoptotic (combined early

and late apoptosis). However, the majority of Scr Ctrl and KD cells grown in MM, ZR15, ZR30 for



Table 1: Concentration of cytosolic Zn?** during Zn®* pulse

[Zn*] pM
Zinc SCR
Conditions DR SCR Resting Peak | KD Resting KD Peak
1.65 1 3 5 13
ZD3 1.55 2 5 10 26
1.45 3 11 23 62
1.65 46 235 16 21
ZD2 1.55 96 544 32 42
1.45 247 1655 77 102
1.65 91 640 196 558
MM 1.55 197 1628 448 1398
1.45 535 5878 1334 4912
1.65 241 1401 1239 3080
ZR15 1.55 559 3928 3417 9807
1.45 1710 17210 14484 56815
1.65 427 2293 2533 9455
ZR30 1.55 1043 6932 7795 38767
1.45 3497 35712 41779 439906
1.65 1703 10801 7712 17821
ZR50 1.55 4915 45971 30011 88894
1.45 22900 586030 | 293011 1984589

62
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Figure 2.13: MTF-1 KD increases the magnitude of the Zn?* pulse and alters Zn®'
dynamics following mitosis. (A and B) Average FRET ratios of all traces aligned to mitosis showing
late mitosis events (from the last 120-200 frames into the time series). Horizontal dashed line
refers to the resting FRET ratio before mitosis, and vertical dashed line denotes alignment to
mitosis (t = 0). (C and D) Corresponding conversion of average FRET ratio to [Zn?*] from all the
late mitosis events considering a mean DR of 1.55 for ZapCV2 sensor expressed in Scr Ctrl and
MTF-1 KD cells. The dashed line denotes the resting to [Zn?*] level (n = 2, two biological replicates
across five wells in each replicate).
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Figure 2.14: MTF-1 KD cells undergo comparatively higher apoptosis than Scr-Ctrl cells
in ZR50 condition. Apoptosis assay using flow cytometry after staining with Annexin V-Alexa 647/
Hoechst 33342. Assay was performed on MCF10a Scr Ctrl and MTF-1 KD cells grown for 48h in
ZD3, ZD2, MM, ZR15, ZR30 and ZR50 media. As a positive control, MCF10a wildtype (WT) cells
were treated with Camptothecin (6 uM) for 12h before the assay. Panel A (a, b, and c): (left)
Representative intensity plots for Alexa 647; and (right) scatter plots of Hoechst 33342 (y-axis)
verses Annexin V Alexa 647 (x-axis) for MCF10a WT stained, WT unstained, Scr Ctrl, and MTF-
1 KD cells respectively. P2 population defines total apoptotic cells including early apoptotic (Q2)
and late apoptotic cells (Q4). (B) Percentage of total apoptotic cells i.e. P2 population at different
zinc conditions. Data are presented as mean + SEM (n=3 biological replicate). Statistical analyses
were performed with ordinary one-way ANOVA where ** indicates p < 0.01.
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48h were non-apoptotic (Figure 2.14). Only 5.3 + 2.5% of MTF-1 KD cells were apoptotic in ZR50
media at 48h, indicating that while apoptosis is slightly increased in ZR50 media in MTF-1 KD
cells, the amount of apoptosis is not sufficient to explain the decreased proliferation of cells under

this condition.

2.4.8 Cells emerging from serum starvation show different dynamics of labile Zn?*
compared to normally cycling cells.

There are many reports suggesting that cell synchronization techniques such as serum
starvation or contact inhibition induce stress in cells, altering their ability to proliferate like
asynchronously cycling cells (79, 104, 105). For example, in one study, contact inhibition and
serum starvation increase replication stress (105). We subjected cells expressing H2B-HaloTag,
NES-ZapCV2, and DHB-mCherry, a sensor of CDK2 activity and commonly used tool to track cell
cycle progression (78), to serum starvation to test whether the dynamics of labile Zn?* are the
same for naturally cycling cells and cells re-entering the cell cycle following serum starvation
(Figure 2.15A). After serum starvation for 48 hours, we found that cells were not synchronized in
Go, but existed in a mixed population (Figure 2.15B). To extract populations of tracks that
progressed similarly over time, we clustered the populations using k-medoid clustering, with
dynamic time warping as the similarity function. We identified four clusters of cell behavior after
serum starvation (Figure 2.15C). Serum starvation induced quiescence, as defined by low CDK2
activity, in only 30% of cells (Figure 2.15B-C). After serum resupply, the mitosis events of this
population were far less synchronized, indicating that although these cells were ostensibly paused
in Go, they did not re-enter the cell cycle synchronously. 30% of cells had persistently high CDK2
activity. This population of cells was the most synchronized and divided robustly at 10 and again
at 25 hours after resupply. Using the FRET traces from this population, we detected an increase

in labile Zn?* following the synchronized mitosis events even though the pulse was spread due to
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Figure 2.15: Serum starvation leads to 4 major populations of cells at different stages of
the cell cycle, and each shows a similar Zn** pulse when aligned to mitosis. (A) A cartoon of the
DHB-based CDK2 reporter. The cytoplasmic to nuclear ratio (C/N) measures CDK2 activity at
that time point. As the cell progresses through the cell cycle, the DHB-mCherry reporter is
phosphorylated by CDK2 and translocates to the cytosol. During mitosis, DHB-mCherry returns
to the nucleus and C/N decreases to its lowest point in G1 or GO0. (B) Schematic of the imaging
experiment. Cells were serum starved for 48 hours, then imaged for 4 hours before resupplying
serum for an additional 44 hours. (C, left) CDK2 traces of all tracks after 48 hours of serum
starvation; note the heterogeneity of the population. Blue line indicates median CDK2 activity of
all synchronized tracks. (C, right) After clustering using k-medoids clustering and Dynamic Time
Warping for similarity, four clusters emerged. The blue line indicates median CDK2 activity of all
traces in that cluster. The left axes are the median CDK2 activities and the shaded regions are
the 95% confidence intervals. The right axes are the mean FRET ratios and the shaded regions
are the 95% confidence intervals. Mitosis events are marked as dashes on the horizontal axis
(dark blue is first mitosis, light blue is second mitosis). The population percentage of that cluster
is in the upper right hand corner of each graph in red. Arrows in Cluster 3 indicate broad Zn*
peaks. (D) Mean FRET traces aligned to mitosis for each cluster. First mitoses are marked in
blue, second mitoses are marked in orange. The vertical dashed line indicates the mitosis frame.
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temporal noise in the mitoses. After aligning FRET traces to the first and second waves of mitoses,
we were able to resolve the Zn** pulse in early G1 (Figure 2.15D). Labile Zn?* elevation was
difficult to discern in all other clusters of cells, but the pulse was visible when the mitosis events
were aligned (Figure 2.15E). Together, these data demonstrate that it is difficult to resolve Zn?*
dynamics in cells emerging from serum starvation due to the lack of synchronized re-entry into
the cell cycle. Therefore, live-cell imaging is preferable to synchronization when studying cell cycle

dynamics, and orthogonal confirmation of cell cycle status is imperative to define cell cycle state.

2.5 Discussion

Successful completion of the eukaryotic cell cycle involves carefully coordinated temporal
changes in major signaling modulators such as proteins, transcription factors, and even labile
metal ions (82, 84, 208, 209). Based on our studies of Zn** and cell proliferation (13), we have
demonstrated that Zn?* is one of the many key players necessary for successful completion of
cell division. In mammalian cells, cytosolic labile Zn** is in the picomolar range (122, 132, 136)
while human serum contains 12—-15 uM Zn** (3). However, the cytosolic Zn** pool is not static but
can change in response to different stimuli (e.g. activation of mast cells by IgG stimulation(210)),
signaling events (e.g. Ca*" dynamics (11, 50, 56, 136)), and environmental perturbations (e.g.
changes in the Zn?* concentration in extracellular media (14)). In this paper we set out to
determine whether labile Zn** changes over the course of the cell cycle. Using fluorescent
reporters and long-term live cell imaging, coupled with quantitative computational analysis, we
measured both cytosolic and nuclear Zn?* in a heterogeneous asynchronously cycling population
for the first time. We report a Zn?* pulse immediately following mitosis that lasts for 2 hours into
early G1 phase; cytosolic Zn? rises from 197 pM to 1628 pM at the zinc peak in minimal media.

The magnitude of the Zn?" pulse is correlated with the amount of labile Zn?*, which in turn
g
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correlates with the total amount of Zn?* in media. In moderate Zn?* deficient conditions, Zn?* rises
from 1 pM to 3 pM, and proliferation is compromised.

There are two previous studies that specifically measured Zn** during the cell cycle. The
first was an XFRM study on fixed cells that revealed total zinc increases 3-fold in mitotic cells
(205). The second was a direct measurement of labile Zn?* using the FluoZin-3 AM fluorescent
probe, that showed broad increases in Zn?" in a bulk population of cells at 3 and 12 hours after
release from serum starvation (48). These time frames were inferred to correlate with early G1
and the G1/S transition. To compare our results to this previous work, we examined Zn?* dynamics
when serum was resupplied to cells that had been starved of serum for 48 hours. Using a CDK2
cell cycle reporter (78) our results reveal serum starvation does not lead to synchronization of the
population in Go, an observation that has been seen previously for PC12 cells (211). When the
dynamics of individual cell tracks as a function of time were clustered, we observed four
populations. The two most prevalent populations of cells (accounting for 67% of the population)
show broad peaks in zinc dynamics, similar to what was observed in the study by Li and Maret.
However, these broad peaks can’t be correlated to cell cycle phases based on time since serum
resupply, the approach used by Li and Maret. Our results reveal the necessity of single cell
measurements for identifying how labile Zn?* changes in different phases of the cell cycle.

We also showed that the zinc-regulatory protein MTF-1 affects the magnitude of this Zn**
pulse. Notably, cells with too low or too high a Zn* pulse show compromised proliferation,
suggesting that maintaining Zn?* levels and dynamics are important for cell cycle regulation. We
speculate that cells need to meet or exceed the Zn?* pulse requirement during mitosis to fulfill
daughter cell Zn?* requirements in early G1 and that cells possess a mechanism of remodeling of
labile Zn?* in daughter cells. In support of this idea, MT and ZnT1 have been previously shown to
be necessary in proliferating cells (26, 59, 202-204). Further, MT has been shown to translocate

to the nucleus as cells transition from quiescence to G, transition and again early in S phase of
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the cell cycle, and MT concentration increases in late G1 phase and at the G+/S transition (26).
However, as discussed below, the Zn?* pulse still exists when MTF-1 is knocked down, and MT
levels are dramatically decreased, so there are likely to be additional Zn®* regulatory proteins
necessary for remodeling Zn?* during the cell cycle.

MTF-1 is the Zn?" regulatory transcription factor that mediates the high Zn?* response by
tuning expression of ZnT1 and MT. Knockdown of MTF-1 decreased resting levels of MT,
prevented the induction of MT in elevated Zn?*, and significantly increased resting cytosolic labile
Zn?*. Our results are consistent with previous studies and also add new details related to the role
of MTF-1 in Zn?* homeostasis. Previous work has shown that homozygous MTF-1"- knockout
embryos show a 4-6-fold reduction of ZnT1 mRNA and undetectable MT mRNA (206).
Additionally, steady state levels of ZnT1 and MT-I mRNAs were significantly reduced in MTF-1
knockout mouse embryonic fibroblasts (MEFs) compared with wild-type MEFs and 100 uM Zn%*
did not increase the level of ZnT1 or MT (206). Thus, it is clear that MTF-1 plays an important role
not just in modulating MT and ZnT1 expression in response to high Zn?*, but also regulating basal
levels of these proteins. Our work shows that MTF-1 also regulates basal levels of Zn?**. The 33-
fold increase in labile Zn?* in minimal media conditions could result from decreased buffering
capacity due to decreased MT levels, decreased export due to decreased ZnT1 levels, or both.
As expected, knockdown of MTF-1 compromised cells’ ability to respond to elevated Zn?*,
indicating that both MT buffering and ZnT1 export are important for allowing cells to restore
homeostasis after Zn?* elevation. It is important to note that our shRNA did not completely knock
down MTF-1 and so residual MTF-1 could contribute to zinc regulation. However, other factors,
such as zinc transporters may become increasingly important when the cellular buffering capacity
decreases.

Given the role of MTF-1 in helping cells maintain Zn** homeostasis, we examined how

MTF-1 knockdown affected Zn?* dynamics during the cell cycle. Cells with decreased MTF-1
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levels, and hence decreased MT expression, still experienced a Zn?* pulse after mitosis. The main
consequence of MTF-1 knockdown is increased concentration of Zn?* at the pulse peak for cells
in elevated Zn?*. In minimal media, Zn?* increases to just over 1 nM in both Scr Ctrl and MTF-1
KD cells. But in zinc rich conditions, Zn®* peaks at 3.9 nM for Scr Ctrl and 9.8 nM for MTF-1 KD
(ZR15) and increases up to 46 nM for Scr Ctrl and 89 nM for MTF-1 KD in ZR50. While we don’t
know the source of Zn?* that comprises the pulse, we speculate that it is likely being imported
from external media, given that the magnitude of the pulse tracks with Zn?* in the media and that
Zn* can’t be released from a cellular buffer in MTF-1 KD cells given that the buffering capacity is
greatly diminished. Our defined media and MTF-1 knockdown experiments suggest that cells
require a minimum Zn?* pulse to proliferate, but also that if Zn?* levels are too high, cells can’t
undergo mitosis. MTF-1 KD cells grown in ZR50 fail to proliferate in the early stages of the time-
lapse until free zinc drops below a FRET ratio of 6.4, or approximately 4 uM free Zn?* (Figure
2.11B, 6D, Figure 2.12D). In addition, proliferation is compromised for MTF-1 KD in ZR30 as there
are fewer mitosis events in this condition (Figure 2.11B). Scr Ctrl cells in ZR50 have a Zn** pulse
of 46 nM and show reduced proliferation (Figure 2.11). The elevated levels of Zn?* used in this
study don’t induce cell death but perhaps induce cells to enter a reversible quiescent state until
cells can restore an appropriate labile level. This could explain the lag in mitosis events observed
in MTF-1 KD grown in high zinc conditions.

Using long-term live-cell imaging, fluorescent sensors, and computational tools, we
identified a transient increase in Zn?* in early G1 which we have dubbed the “Zn?* pulse.” This
pulse scales with the concentration of zinc in the media. Further, we characterized the effects of
MTF-1 knockdown on resting labile Zn?* and the Zn?* pulse. Knockdown of this key zinc regulatory
transcription factor increases both the resting labile Zn?** and the magnitude of the Zn®* pulse.

Cells deficient in MTF-1 respond to high media Zn?* by pausing cellular proliferation until labile
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Zn*" decreases below 4 mM and proliferation can restart. These observations lay the groundwork

for further study of zinc’s role in regulating cellular proliferation.
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2.6 Materials and Methods

RESOURCE AVAILABILITY

Lead contact
Further information and requests for resources and reagents should be directed to and will be

fulfilled by the lead contact, Amy Palmer (amy.palmer@colorado.edu).

Materials availability
Plasmids generated in this study have been deposited to Addgene. Reagents used in this study

are mentioned in the Key resource table.


mailto:amy.palmer@colorado.edu

Table 2: Key resource table
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REAGENT or RESOURCE SOURCE IDENTIFIER
Antibodies

Anti-MTF1 (H-300) rabbit polyclonal Santa Cruz Sc-48775
primary Biotechnology

Anti-MT rabbit (FL-61) polyclonal IgG | Santa Cruz Sc-11377
primary Biotechnology

Anti-a-Tubulin mouse monoclonal Santa Cruz Sc-5266
primary Biotechnology

Goat anti-mouse (H + L) IgG Novus NB7539
secondary Biotechnology

Goat anti-Rabbit (H + L) IgG Novus NB7160
secondary Biotechnology

Chemicals, peptides, and recombinant proteins

Tris(2-pyridylmethyl) amine 98% Sigma-Aldrich 723134
(TPA)

Zinc chloride, anhydrous, 99.95% Alfa Aesar 87900
(metals basis)

Zinc chloride, 0.1 M solution Sigma-Aldrich 39059
Chelex-100, sodium form Sigma-Aldrich C7901
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Nonidet P-40 Sigma-Aldrich 74385
Sodium deoxycholate Sigma-Aldrich D6750
Protease and Phosphatase Inhibitor Thermo Scientific 78441
Cocktail (PPi)
(S)-(+)-Camptothecin, 290% (HPLC), | Sigma-Aldrch C9911
powder
Janelia Fluor 669 Halo-Tag dye Laboratory of Luke | N/A
(JF669) Lavis, Janelia
Research Campus
DMEM/F12, HEPES Thermo Fisher 11330057
Scientific
Horse Serum, New Zealand origin Thermo Scientific 16050122
Hydrocortisone Sigma-Aldrich H4001
FluoroBrite DMEM Fisher A18967-01
Gibco EGF Recombinant Human Thermo Fisher PHGO0313
Protein Scientific
Ham'’s F12 phenol red Sigma Aldrich N6658
Cholera Toxin Sigma-Aldrich C8052
Pen/Strep Gibco 15140-122
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0.05% Trypsin-EDTA(1X) Gibco 25300-120

Hoechst 33258 Sigma-Aldrich 861405

Critical commercial assays

Annexin V Conjugates for apoptosis ThermoFisher A23204

detection

CellTiter-Glo 2.0 Cell Viability Assay Promega G9241

Amersham ECL Prime Western GE Healthcare RPN2232

Blotting Detection Reagent

Pierce™ BCA Protein Assay Kit Thermo S-11791

Deposited data

Image analysis code This work https://github.com/samholtzen/|
ive-cell-zinc-sensor.qgit

Experimental models: Cell lines

Human: MCF10a ATCC

Human: MCF10a + PB-NES ZapCV2 | Lo., et.al. CRL-10317; RRID:CVCL 0598

and PB-H2B- mCherry (stable)

PMID: 32014109

Human: MCF10a + PB-NLS ZapCV2

and PB-H2B- mCherry (stable)

This work

N/A



https://github.com/samholtzen/live-cell-zinc-sensor.git
https://github.com/samholtzen/live-cell-zinc-sensor.git
https://scicrunch.org/resolver/CVCL_0598
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Human: MCF10a + PB-NES ZapCV2 | This work N/A
and PB-H2B-HaloTag + Scrambled

mtf1- mCherry (stable)

Human: MCF10a + PB-NLS Zinc- This work N/A
dead and PB-H2B- mCherry (stable)

Human: MCF10a + PB-NES Zinc- This work N/A
dead and PB-H2B- mCherry (stable)

Human: MCF10a + PB-NES ZapCV2 | This work N/A
and PB-H2B-HaloTag + shRNA mtf1

knockdown-mCherry (stable)

Human: MCF10a + PB-NES ZapCV2 | This work N/A
and PB-H2B-HaloTag + CSII-EF-

DHB-mCherry

Recombinant DNA

Plasmid: PB-H2B-HaloTag (used for Grimm, BJ., et. al.; [ N/A
stable cell line generation) PMID: 28869757
Plasmid: PB-H2B-mCherry (used for | Published in N/A

stable cell line generation)

previous Palmer lab
paper,;

PMID: 32014109




Plasmid: PB-NES-ZapCV2 (used for

stable cell line generation)

Published in
previous Palmer lab
paper,;

PMID: 27959493

N/A
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Plasmid: PB-NLS-ZapCV2 (used for This work Nuclear FRET sensor in

stable cell line generation) Piggybac vector; NES
sequence was replaced by
NLS sequence; Submitted to
Addgene

Plasmid: PB-NES-Zinc-dead (used for | This work Nuclear Zinc dead sensor in

stable cell line generation) Piggybac vector; Zinc binding
sequence is replaced by non-
binding domain;
Submitted to Addgene

Plasmid: PB-NLS-Zinc-dead (used for | This work Nuclear Zinc dead sensor in

stable cell line generation)

Piggybac vector; Zinc binding
sequence is replaced by non-

binding domain



https://www.ncbi.nlm.nih.gov/pubmed/27959493
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Plasmid: MTF1.34 human shRNA ( This work HSHO011543-34-LVRUGMP
used for MTF-1 KD mCherry stable GeneCopoeia Plasmid containing shRNA
cell line generation) targeted to MTF-1 gene;

Target sequence:
CCAACTCTGTCCTAACTAAT

A; Submitted to Addgene

Plasmid: Used for MTF-1 Scrambled — | This paper CSHCTRO001-LVRUBMP
mCherry stable cell line generation GeneCopoeia Plasmid containing non-
specific scrambled shRNA,;

Target sequence: n/a

Plasmid: CSII-EF-DHB-mCherry Laboratory of CDK2 kinase translocation
Sabrina Spencer, Sensor
CU Boulder

Software and algorithms

BD FACSDiva Version 8 BD Biosciences N/A

Adobe lllustrator CS Adobe N/A

MATLAB 2017a and VR2020b Mathworks N/A

Prism Version 9.2.0 GraphPad N/A

Cell segmentation and tracking Elliptrack PMID: 32755578
pipeline
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Data and code availability

The image analysis code is accessible in GitHub (https://github.com/samholtzen/live-cell-zinc-

sensor.qgit). Time-lapse imaging data used in this current study are not publicly available but are

available from the corresponding author on request. Protocols are also available upon request.

Cell culture

MCF10a cells were procured from ATCC and maintained in full growth medium (FGM)
which consists of DMEM/F12 medium (FGM) supplemented with 5% horse serum, 1%
penicillin/strepomycin antibiotics, 20 ng/mL EGF, 0.5 ug/mL hydrocortisone, 100 ng/mL cholera
toxin, and 10 pg/mL insulin. Cells were passaged with a 0.05% trypsin-EDTA solution. To
generate the defined minimal medium (MM), we removed excess Zn?* from horse serum and
insulin by incubating serum and insulin solutions with Chelex-100 for 12h, followed by sterile
filtration to remove Chelex-100 resin. Minimal media (MM) consisted of 50:50 Ham’s F12 phenol
red free/FluoroBrite DMEM with 1.5% Chelex 100-treated horse serum, 10 ug/ml Chelex 100-
treated insulin, 1% pen/strep antibiotics, 20 ng/mL EGF, 0.5 pg/ml hydrocortisone, and 100 ng/ml
cholera toxin. We previously quantified the metal content of MM containing Chelex-100-treated
serum to MM containing serum that was not treated with Chelex-100. The ICP-MS results are
presented in Lo et al in Figure 1-Supplement 1 and show that Chelex-treatment leads to a
reduction in zinc (from 2.18 to 1.46 yM) and nickel (from 0.178 to 0.012 uM), but no significant
changes in other metals. ZD media was generated by adding 2 or 3 uM TPA for ZD2 and ZD3,
respectively. ZR media was generated by supplementing MM with 15 uM ZnCl,, 30 uM ZnCly,
and 50 uyM ZnCl; diluted from a 0.1 M ZnCl, stock solution, for ZR15, ZR30, and ZR50,

respectively. Serum starvation media contains 50:50 Ham’s F12 phenol red


https://github.com/samholtzen/live-cell-zinc-sensor.git
https://github.com/samholtzen/live-cell-zinc-sensor.git
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Table 3: Plasmid Sequences

Plasmid

PB-NLS-ZapCV2

PB-NES ZapCV2 “zinc

dead”

Sequence

NLS sequence: atgcctaaaaaaaaacgtaaagttgaagatgcttcggatcce

Zinc binding Zap1 fragment:

gtcggcgagcetgcacgecgecgtccatgagctcgataccatgttgacaattaatatggttcac
tatggaacatgtatcatctccaaggaaatcacagtcctcccaattatgagctaatggttccata
gggtgtttgaaatcttgagagacatgatccttcaaaagatgtctttgtaggtcaaatagtgagct

acaagactcaggacattctttccatttgtgttttaagtcattgttttt

PB-NLS ZapCV2 “zinc

dead”

NES sequence: atgcttcaacttcctcctcttgaacgtcttactctttcggate

‘Zinc dead’ Zap1 fragment:

aaaaacaacgacctgaaggccaagtggaaggaggcccccgagagcgccagcagectg
ttcgacctgcagcgcgccctgctgaaggacgccgtgagccaggacttcaaggceccccatg
gagcccctggecgcecaactgggaggacgcecgacttcctgggcgacgacaccgccagcat

cgtgaacgccatcaacgcccaggecggcatcgagetggagcetc

NLS sequence: atgcctaaaaaaaaacgtaaagttgaagatgcttcggatcce

‘Zinc dead’ Zap1 fragment:
aaaaacaacgacctgaaggccaagtggaaggaggcccccgagagcgccagcagectg
ttcgacctgcagcgcgccctgctgaaggacgecgtgagccaggacttcaaggceccccatg
gagcccctggecgecaactgggaggacgcecgacttcctgggcgacgacaccgccagcat

cgtgaacgccatcaacgcccaggecggcatcgagetggagcetc
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free/FluoroBrite DMEM, 1% pen/strep antibiotics, 20 ng/mL EGF, 0.5 pg/ml hydrocortisone, and
100 ng/ml cholera toxin and 3% (w/v) bovine serum albumin. For imaging experiments, cells were
grown and imaged in MM, ZD, or ZR media, except in the serum starvation experiment, when
they were grown and imaged in serum starvation or MM. All cells were grown in a humidified
incubator at 37°C and 5% CO.. Cell lines were routinely tested and confirmed to be mycoplasma

negative by PCR.

Plasmids and cell lines

We generated MCF10a cell lines expressing PB-H2B-mCherry or PB-H2B-HaloTag and one of
the following zinc sensor constructs: PB-NES ZapCV2, PB-NLS ZapCV2, PB-NES ZapCV2 “zinc
dead”, or PB-NLS ZapCV2 “zinc dead”. The NLS-ZapCV2 plasmid was generated by replacing
NES sequence with NLS sequence (Table 3). The “zinc dead” sensors were created by replacing
all cysteine and histidine residues in the zinc binding domain with alanine in (Table 3). Stable cell
lines were generated using the PiggyBac transposase system. Briefly, plasmids were transfected
via TransIT-LT1 (Mirus Bio), according to manufacturer’s instructions, using 0.5 ug plasmid of
interest and 2 ug Super PiggyBac transposase by electroporation. Cells were selected with G418
(0.4 mg/mL for H2B plasmid). and blasticidin (0.4 mg/mL, for zinc sensor plasmid). MCF10a cells
expressing NES-ZapCV2 and H2B-HaloTag were virally transfected with CSII-EF lentiviral vector
cloned with plasmid containing DHB (aa994-1087) (78) fused to mCherry. MCF10a cell lines
expressing MTF-1 KD shRNA or scrambled control shRNA were generated by viral transduction.
Briefly, HEK293T cells were transiently transfected with plasmid containing either MTF1.34
human shRNA (5 pg) or scrambled shRNA (5 pg) and Lenti-X fourth-generation lentiviral
packaging plasmids PsPAX2 (4.5ug), and PmD2.G (0.5 ug) in OptiMEM. This was followed by
viral amplification in HEK293T cells for 48 h. Successful transfection was verified via mCherry

fluorescence marker. Viral particles were harvested from HEK293T cells 48 hours after



84

transfection via filtering through 0.45 um syringe PES (polyethersulfone) filters and the virus-
containing media supplemented with polybrene (8 ug/mL) was added to MCF10a cells stably
expressing NES-ZapCV2 and H2B-HaloTag and incubated for 48h. Stable cell lines used for
imaging were generated by antibiotic selection (puromycin: MTF-1.34 human shRNA, scrambled
shRNA). Validation of MTF-1 knockdown was established by western blot. For cell cycle
experiments, stable MTF-1 KD and Scr Ctrl cells were sorted on BD FACSAria Fusion with the
following optics: CFP: Ex 445 nm, Em 470/15 nm; YFP: Ex 488 nm, Em 530/30 nm; and mCherry

Ex 561 nm, Em 610/20 nm.

Western Blot

MTF-1 and MT expression of MCF10a WT, Scr-Ctrl and MTF1-KD cells in MM and in 40
MM ZnCl, was assessed via Western blotting. Cells were plated in 10 cm dishes in minimal media
(MM) with a seeding density of 2 x 10°. Cells were harvested at 75% confluency. For Zn?*
enrichment assay, media was replaced with MM containing 40 uM ZnCl. after 24h and cells were
harvested after 48h of Zn?* treatment. Proteins from WT, Scr-Ctrl and MTF1-KD cells in MM and
ZR conditions were isolated by lysing the cells in RIPA buffer (1% Nonidet P-40, 10% Sodium

deoxycholate, 1 M Tris-HCI (pH 8.0), 5M NaCl, 10% SDS) with 1X PPi and quantified with a BCA

(bicinchoninic acid) assay. Protein (30 ug) was separated using 4-20% gradient pre-cast SDS
polyacrylamide gel (Mini-PROTEIN TGX precast gel, BIO-RAD, catalogue no. 456-1095) in 1X
Tris/Glycine Buffer (BIO-RAD, catalogue no. 1610771) and transferred to a PVDF (polyvinylidene
difluoride) membrane (Cytiva, catalogue no. 10600023. The membrane was cut into three parts:
top part, MTF-1 protein, ~115 KDa; middle part, a-Tubulin, 50 KDa; and bottom part MT
proteins,15-38 KDa. Blots were then blocked with 5% milk in TBST (tris-buffered saline with 0.1%
Tween-20) solution and treated with primary antibodies (1:500 anti MTF-1, 1:1000 anti-MT,

1:1000 anti-tubulin in 5% milk in TBST) for 1h at room temperature. After washing four times with


https://toptipbio.com/tris-hcl-recipe/
https://toptipbio.com/tris-hcl-recipe/
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TBST, the corresponding secondary antibody (goat anti mouse:1:20K in 5% milk in TBST; goat
anti-rabbit 1:10K in 1% milk in TBST) was added to respective blots. Blots were exposed to
Amersham ECL Prime Western Blotting Detection Reagent (Thermo Scientific) for 3 min to
visualize the presence of bound antibodies and imaged on ImageQuant LAS4000 imager (GE

Healthcare Life Sciences).

Live cell imaging

For long term live cell imaging, MCF10a WT cells expressing NES/NLS ZapCV2 and zinc
dead sensor were counted with a Countess |l Automated Cell Counter (Thermo Fisher Scientific,
Waltham, MA) and plated at a density of 4000 cells/well for ZD, MM, ZR15, and ZR30 conditions
in minimal medium for 24 hr before imaging in glass bottom 96-well plates (P96-1.5H-N, Cellvis,
Mountain View, CA). For the serum starvation experiment, MCF10a cells expressing NES-
ZapCV2, H2B-HaloTag, and DHB-mCherry were plated at a density of 4000 cells/well in serum
starvation media and allowed to synchronize for 48h before imaging. Scr Ctrl and MTF-1 KD cells
were plated at a density of 3,500 cells/well for MM, ZR15, ZR30 and ZR50 conditions and plated
at 4000 cells/well for ZD3, ZD2 condition. After plating the cells, the plate was kept undisturbed
in the biosafety cabinet for 45 minutes to ensure cells settle at the center of wells. This starting
density was chosen to avoid significant contact inhibition during the imaging period for ZD and
ZR conditions. In all imaging experiments other than the media change experiment and serum
starvation experiment, cells were imaged in MM and 2X media of each condition (ZD, MM, ZR)
was added immediately prior to imaging. For the media change experiment (Figure 2.9), cells
were imaged in MM for 24h first and then 2X respective MM, ZR and ZD medium was added and
imaging was continued for another 24 hours. Cells expressing Halo-Tag construct were incubated

with 5 nM JF669 Halo-Tag dye for 15 min and washed twice before imaging. For the serum
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starvation experiment, cells were imaged in serum starvation media for 4 hours, then the media
was changed to MM for an additional 44h.

Images were collected using a Nikon Ti-E High Content Analysis inverted microscope with
a Lumencor SPECTRA X light engine (Lumencor, Beaverton, OR) and Hamamatsu Orca FLASH-
4.0 V2 cMOS camera (Hamamatsu, Japan). Images were collected in time lapse series every 12
min with a 10X air, 0.45 NA Plan Apo objective lens (Nikon Instruments, Melville, NY). During
imaging, cells were in a controlled environmental chamber surrounding the microscope (Okolab
Cage Incubator, Okolab USA INC, San Bruno, CA) at 37°C, 5 % CO and 90 % humidity. Filter
sets (excitation = Ex, emission = Em) used for live-cell imaging were as follows: CFP Ex: 440,
455 dichroic, Em: 480/20, power 50, exposure 500 ms; YFP Ex: 508, 518 dichroic, Em: 540/21;
CFP/YFP FRET Ex: 440, 455 dichroic, Em: 540/21, power 50, exposure 500 ms; mCherry Ex:
555, 597 dichroic, Em: 595/40, power 50, exposure 200 ms; and Cy5 Ex: 640, 640 dichroic, Em:

705/22, power 50, exposure 500 ms.

FRET sensor calibration and analysis

In situ calibrations involve measuring the resting FRET ratio (R) in individual cells followed
by addition of the cell permeable Zn?* chelator TPA which removes any Zn?* bound to the sensor,
resulting in the minimum FRET ratio (Rmin). Subsequently, the sensor is saturated by addition of
excess Zn?*, saponin, and pyrithione to measure the maximum FRET ratio (Rmax). Sensor
calibrations of MCF10a cells stably expressing PB-NES-ZapCV2 or PB-NES-dead-ZapCV2 were
performed using the Nikon Ti-E HCA. Cells were grown for 24 h in either MM, or ZR (50 uM ZnCl)
media. Before starting the experiment, cells were incubated with 10 nM JF669-HaloTag dye for
15 min in phosphate free HEPES-buffered Hanks’ Balanced Salt Solution (HHBSS) buffer and
washed thrice. Cells were then equilibrated at room temperature in a phosphate-free HHBSS

buffer for 30 min. For collection of Rest, cells were imaged for CFP-YFP FRET (power 20, 200 ms
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exposure) and CFP (power 20, 200 ms exposure) every 30 s for several min. To collect Rmin, 100
MM TPA in 1mL of phosphate-free HHBSS was added to the cells in 1mL of phosphate-free
HHBSS (final concentration 50 uM TPA). Cells were imaged for 5 min at 30 s intervals. Cells were
then washed three times with phosphate-, calcium-, and magnesium-free HHBSS pH 7.4 to
remove TPA. Finally, cells were treated with 104 nM buffered Zn?* solution, 0.001% saponin, and
750 nM pyrithione in phosphate-free HHBSS for collection of Rmax, as previously described. All
experiments were performed in replicates (n=3 biological replicates). The average Rrest and Rmin
were calculated by averaging across the time points collected. The maximum FRET ratio
achieved after Zn?* addition was used as Rmax. IMmages were either background corrected by
drawing a region of interest in a dark area of the image and subtracting the average fluorescence
intensity of the background from the average intensity of each channel or the images were
background subtracted and processed via a MATLAB pipeline.

FRET ratios for each cell were calculated with the following equation:

I
FRET ratio = -CEPexYFPem

CFP ex CFP em

Where Icrr ex YFP em iS the background-corrected intensity in the FRET channel, and lcrp ex crp em iS
the background-corrected intensity of the donor channel.
The dynamic range (DR) of the sensor in each condition was calculated as:

Rmax

DR =

Rmin
The fractional saturation (FS) of the sensor in each condition was calculated as:
FS = Rrest - Rmin
Rmax - Rmin
Finally, Zn?* concentrations were calculated using the following equation:

1
R — Rinn
[Zn2+]free =K, rest min

Rmax - Rrest
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where the dissociation constant (Kq) = 5.3 + 1.1 nM and n = 0.29 (Hill coefficient) were reported

previously.

Calculation of [Zn?'] during the Zn** pulse

To estimate the mean free Zn?* during the Zn?* pulse, as well as the lower and upper limits
of this estimate, we used equation (3) where dissociation constant (Kq) = 5.3 nM, Hill coefficient
(n) = 0.29, minimum FRET ratio (Rmin) is the FRET ratio of ZD3 treatment, and a dynamic range
(DR) = 1.45, 1.55, 1.65 for estimating upper bound, mean, and lower bound of free zinc,

respectively (Table 1). These numbers are based on the calibrations of ZapCV2 in Figure 2.6.

CellTiter-Glo luminescent viability assay

MCF10a Scr-Ctrl and MTF-1 KD cells stably expressing NES-ZapCV2 and H2B-HaloTag
were plated at a density of 3500 cells/well in a glass bottom black 96 well plate in minimal media.
After 24h, 100uL media was removed from each well and replaced with 100 pL of 2X
concentration of ZD3, ZD2, fresh MM, ZR15, ZR30 and ZR50 media. After 48h of incubation, 100
WL media was again removed and 100 uL of 1:1 solution of CellTiter-Glo cocktail A&B was added.
The 96 well plate was shaken on a gel rocker for 30 min for proper mixing and luminescence was
recorded on a Molecular Devices SpectraMax iD3 plate reader. Background luminescence
intensity was recorded from wells with no cells. To quantify the cell viability, the luminescence
intensity was background subtracted and the mean luminescence was calculated from triplicate
measurements. All results were normalized to the average luminescence intensity from Scr-Ctrl

cells grown in minimal media.

Annexin V apoptosis assay



89

MCF10a WT, Scr-Ctrl and MTF-1 KD cells were plated in minimal media in 6 well plates
at a similar density. After 24 h, Scr-Ctrl and MTF-1 KD cells were treated with ZR15, ZR30 or
ZR50 and incubated for either 24 h or 48h. MCF10a WT cells were incubated with an apoptosis
inducing agent, camptothecin (6 uM, positive control) for 12h. After incubation, the respective
media were transferred to properly labeled tubes which was then followed by PBS(1X) washes
and trypsinization for 10 min. After trypsinization, the media was collected and the cell suspension
was centrifuged for 5 min at 1000 rpm. Cell pellets from the positive control, MM and ZR conditions
were treated with Hoechst 33258 (0.1 ug/mL in PBS) and Annexin V Alexa Fluor 647 apoptosis
assay reagents for 30 min. After 30 min of incubation, cells were analyzed on a BD FACSAria
Fusion instrument and data were processed with BD FACSDiva v8 software (BD Biosciences,
San Jose, CA). DAPI: Ex 355 nm, Em 470/15 nm, Alexa 647 nm: Ex 637 nm, Em 670/30 nm.
Depending on the response with the positive control, a gate was selected which describes the P2
Annexin V positive population. The P2 population defines total apoptotic cells including early
apoptotic (Q2) and late apoptotic cells (Q4) which was then used to determine the percentage of

apoptotic cells in different conditions.

Image Processing

Live-cell imaging experiments were analyzed using the EllipTrack cell tracking pipeline in
MATLAB 2017a and 2020b on the institutional computing cluster (182). Briefly, EllipTrack requires
several generalized parameters for cell segmentation, tracking and event identification. The
advanced parameters were unchanged from the original code accessible on Github. The

parameters that were fine-tuned are listed below:

Training data: Training data sets for the EllipTrack event predictions were made using at least

500 events across each time series for both H2B-HaloTag and H2B-mCherry.
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Segmentation: We used a nuclear radius of 12 pixels as the average size of one cell. The ellipse
that is fitted to this nucleus was required to be at least 25 pixels in area. Images were log
transformed and a blob detection algorithm was used to identify nuclei with a blob threshold of -
0.075. Objects were separated using a watershed algorithm and ellipses were fitted to each

object.

Prediction of events: Mitoses were inferred based on morphological properties of each object

before and after a potential mitosis event. Migration and migration speed was inferred using a

density-dependent migration speed from the training data.

Track linking: All tracks greater than 10 frames were kept, and tracks were allowed to skip at most

two frames.

Signal extraction: Intensity information from nuclear localized reporters was extracted using the

nuclear mask. The intensity of cytoplasmic sensors was calculated in a three-pixel wide cytosolic

ring around the nuclear mask.

Data Analysis

Mother and daughter tracks from the output structure of EllipTrack were linked together by at least
one mitosis event. Tracks containing CFP, FRET (CFP excitation YFP emission), H2B intensity,
and mitosis information were smoothed using a moving mean of a five-frame window, then fed

into a custom pipeline. This pipeline is available at https://github.com/samholtzen/live-cell-zinc-

sensor.git. The tracks were then processed as laid out below.


https://github.com/samholtzen/live-cell-zinc-sensor.git
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Proliferation: EllipTrack approximates nuclei as ellipses and uses these fitted ellipses for cell
tracking. Since one MCF10a cell virtually always contains one nucleus, we used the number of
ellipses at each frame as a proxy for cell count. To correct for plating density, the cell count of the

entire time lapse was divided by the first frame.

FRET Calculation: Since ZapCV2 is a FRET-based sensor, we calculated the FRET ratio in the

following manner:

I
FRET ratio = -CEPexYFPem

CFP ex CFP em

Where Icrp ex YrP em iS the background-corrected intensity in the FRET channel, and Icrp ex crp em iS
the background-corrected intensity of the donor channel. Tracks with a FRET ratio of greater than

8 or less than 3 at any point in the time-lapse were discarded from further analyses.

Average FRET Ratio: To identify long-term changes in labile Zn** levels in cells cultured in media

containing different amounts of Zn?*, we averaged the FRET ratio of single cell tracks across the
entire time-lapse. Cells were then aligned to mitosis using all mitosis events detected by
EllipTrack in each condition. The average FRET ratio of these aligned tracks at each timepoint
was plotted. The resting FRET ratio was calculated by taking the average FRET ratio of frame -
20 to frame -10 relative to mitosis to avoid any fluctuations immediately before mitosis. The peak
FRET ratio was calculated by taking the maximum FRET ratio of the ten frames after mitosis,

including the mitosis frame. Data analysis was done in MATLAB and GraphPad Prism.

Serum Starvation Analysis: The cytoplasm/nucleus (C/N) ratio for the DHB-mCherry sensor was

calculated by taking the background corrected signal in the cytosol and dividing it by the

background corrected signal in the nucleus. Tracks had to exist for the full time-lapse in order to
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be considered for analysis. Tracks also had to have a CDK2 activity of between 0.2 and 2, as was
determined by analyzing the dynamic range of this particular construct. Cells finally had to have
signal from both the NES-ZapCV2 sensor and the DHB-mCherry sensor. Clustering of DHB-
mCherry signals using k-medoids and pairwise dynamic time warping (DTW) was done in
MATLAB using standard parameters. The median DHB-mCherry signal and the mean FRET
signal were plotted along with the 95% confidence interval. Each track was aligned to either the

first and second mitoses and the average FRET ratio was plotted accordingly.

Quantification and statistical analysis

All statistical analyses were done in GraphPad prism. Figures were created in either
Biorender or Adobe lllustrator. Two-way ANOVA with Tukey-Kramer test was performed in Figure
2.6. Statistical analyses were performed on the medians using non-parametric unpaired two-tailed
Mann Whitney test (with 99% confidence level) in Figure 2.7. All other statistical analyses were
done using a one-way ANOVA followed by multiple t-tests. Multiple hypothesis correction was
applied using the Dunn-Sidak method. Significance was determined using an alpha value of 0.05.

For Figure 2.9D-F, analyses were conducted using subsampling, similar to bootstrapping.
A sampling of 100-300 random tracks from each time lapse was passed through a function that
averaged the tracks and extracted maximum FRET, time of maximum FRET, and steady-state
FRET for this average track. This was done 20 times to generate 20 subsampled data points per

condition.
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Chapter 3: Transient Zn?* deficiency induces replication stress and compromises

daughter cell proliferation
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3.2 Abstract

Cells must replicate their genome quickly and accurately, and they require metabolites
and cofactors to do so. lonic zinc (Zn?) is an essential micronutrient that is required for hundreds
of cellular processes, including DNA synthesis and adequate proliferation. Deficiency in this
micronutrient impairs DNA synthesis and inhibits proliferation, but the mechanism is unknown.
Using fluorescent reporters to track single cells via long-term live-cell imaging, we find that Zn* is
required at the G1/S transition and during S-phase for timely completion of S-phase. A short
pulse of Zn? deficiency impairs DNA synthesis and increases markers of replication stress.
These markers of replication stress are reversed upon resupply of Zn?. Finally, we find that if
Zn* is removed during the mother cell’s S-phase, daughter cells enter a transient quiescent
state, maintained by sustained expression of p21, which disappears upon reentry into the cell
cycle. In summary, short pulses of mild Zn?* deficiency in S-phase specifically induce replication

stress, which causes downstream proliferation impairments in daughter cells.
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3.3 Introduction

The mammalian cell cycle is composed of several mostly irreversible ratchet-like steps
that prepare a cell for division (212-214). Mother cells must grow and license origins of replication
in G1, replicate their genome efficiently and accurately in S-phase, and ensure that each genome
is duplicated once and only once in G2 before dividing into two daughter cells. In response to
stress, loss of adhesion, DNA damage, or mitogen withdrawal, cells may elongate any one of
these phases or temporarily leave the cell cycle and enter a quiescent state after division, termed
GO (80, 215-217). Cells constantly evaluate their intra- and extracellular state, including
metabolite, nutrient and energy balance, and integrate these signals to make go/no-go decisions
at the transition between each of these phases (80, 218, 219).

lonic zinc (Zn?*) is required for human health (220). Ten percent of human genes are
predicted to encode proteins that have one or more Zn?* binding sites, where Zn®" is suggested
to play a role in structure stabilization, catalysis, or signaling (9). Recently, we established that
Zn* is an important and enigmatic signaling ion in regulation of cellular processes. For example,
cells transiently increase their cytosolic labile Zn?* in early G1, and require optimal labile Zn?* for
proliferation (10). Further, elevation of cytosolic Zn** activates flux through the mitogen-activated
protein kinase (MAPK) pathway, and induces changes in transcription in mouse hippocampal
neurons (12, 14). At a cellular level, deficiency of this essential micronutrient can cause a loose
constellation of varied symptoms such as DNA synthesis impairment, oxidative stress, and
apoptosis (100, 109, 112, 154). Several studies have attempted to dissect how Zn?* deficiency
can cause its hallmark effects in humans through the lenses of DNA synthesis, cell cycle protein
expression and the DNA damage response (100, 102, 103, 199). In all of these studies,
researchers found that Zn?* deficient cells are unable to proliferate.

Early studies identified the requirement of Zn®* for DNA synthesis and proliferation in

several cell types (100, 102), and determined that treating cells with an extracellular Zn?* chelator
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inhibits proliferation through inhibition of cyclin mRNA expression (103). More recent work has
determined that MCF10a cells experiencing mild Zn®* deficiency bifurcate into two populations
after cell division depending on how long they were Zn?* deficient before dividing (13). In the first
population, cells enter quiescence and are able to enter the cell cycle again upon resupply of
Zn*". This population seems to increase in abundance with the duration of Zn?* deficiency. In the
second population, cells are able to pass the restriction point, only to stall in a proliferative state
characterized by hyperphosphorylation of the Rb protein, indicating these cells are indeed
committed to another cell cycle but unable to complete it.

These studies pose several unanswered questions. Since cells bifurcate into two
populations after division depending on how long cells were exposed to Zn?* deficiency, is Zn*
required at specific phases of the cell cycle, or do cells integrate time spent in Zn?* deficiency to
determine cell fate? What causes Zn?* deficient cells to accrue DNA damage and show decreased
DNA synthesis? Finally, what molecular processes contribute to the daughter cell
proliferation/quiescence decision? Using a combination of fluorescent reporters for single-cell
tracking, long term live-cell imaging, immunofluorescence, and flow cytometry, we show that Zn?*
is required at the G1/S transition and in S-phase for timely S-phase completion. We then show
that a short pulse of mild Zn?* deficiency reversibly inhibits DNA synthesis, leads to accumulation
of replication protein A subunit 2 (RPA2) foci, and activates the S-phase checkpoint. Analysis of
likely causes of replication stress implicates an essential role for Zn?* in the function of DNA
polymerase. Finally, we show that Zn?* deficiency in the mother cell’s S-phase induces temporary
daughter cell quiescence through sustained expression of p21. Together, our results indicate that
acute, mild, and temporary Zn?* deficiency in S-phase, but not other cell cycle phases, causes

reversible replication stress, which leads to daughter cell entry into quiescence after division.
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3.4 Results

3.4.1 Zn*" is required at the G1/S transition and in S-phase for normal S-phase progression

Zn* deficient cells show a bifurcation in cell fate after cell division, shifting their fate away
from proliferation and towards quiescence with increased duration of Zn?* withdrawal (13). To
simulate mild Zn?* deficiency, previous work used the membrane permeable Zn®* chelator tris(2-
pyridylmethyl)amine (TPA) in culture media, which lowers the labile Zn?* levels in MCF10a cells
from 80 pM to 1 pM (10, 13). In this study, two factors confound the interpretation: the timing and
the duration of the treatment. To address this, we used a pulse-chase treatment strategy coupled
with the FUCCI (CA) sensor, which is able to resolve cell cycle phase boundaries and therefore
allow accurate measurement of cell cycle phase lengths (175). The sensor is composed of two
fluorescent proteins fused to fragments of human Cdt1 and Geminin proteins, which are
reciprocally ubiquitinated and degraded in a cell cycle phase specific manner (Figure 3.1A) (175).
Using long-term live-cell imaging, we tracked MCF10a cells through several cell divisions using a
published pipeline (182), extracted single-cell fluorescence intensities of the two probes and
identified the cell cycle phase at each frame (Figure 3.1B).

We pulsed MCF10a cells expressing the FUCCI (CA) sensor with Zn?* deficient media
containing 3uM TPA for 2 or 4 hours, then chased with Zn?** adequate media. After cell tracking
and signal extraction, we were able to identify changes in cell cycle phase lengths as a function
of Zn?* deficiency duration. If Zn?* was withdrawn from cells at the G1/S transition and in S-phase,
cells had significantly longer S-phases than untreated cells (Figure 3.1C,E-F). This effect
increased with the duration of Zn?* withdrawal. If Zn?>* was withdrawn and replaced while cells

were still in G1, there was no effect on the subsequent S-phase, indicating that Zn?* is not
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Figure 3.1: Cells treated with Zn?* deficient media across the G1/S transition and during
S-phase have an elongated S-phase. (A) A schematic of the FUCCI (CA) sensor mechanism of
operation. The mCherry and mVenus fluorescent proteins are conjugated to fragments of the
human Cdt1 and human Geminin proteins, which are reciprocally targeted for degradation by the
CUL4P>" and APC® ubiquitin ligases during S-phase and G1, respectively. (B) A representative
track of a cell expressing the FUCCI (CA) sensor throughout three cell cycles. The mCherry and
mVenus intensities are min-max normalized. The cell cycle phases assigned in silico are shown
as the black stair-step lines. (C) Representative traces of cells treated with MM media (top) or ZD
media (bottom) during S-phase. Shaded area represents the duration and timing of ZD exposure.
(D) S-phase lengths of cells exposed to ZD media during G1, and whose Zn?* was resupplied in
G1. (E) S-phase lengths of cells exposed to ZD media across the G1/S transition. (F) S-phase
lengths of cells exposed to ZD during S-phase, and whose Zn?* was resupplied in S-phase. (G)
S-phase lengths of cells exposed to ZD across the S/G2 transition. **** = p<0.001. n=3 biological
replicates. Colored bars above the cell cycle phase diagrams indicate the timing and duration of
the Zn?* deficiency pulse.
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required in G1 for timely S-phase completion (Figure 3.1D). Similarly, if Zn** was withdrawn in S-
phase and resupplied in G2, S-phase was not elongated, implying that Zn?* is not required in late
S-phase for timely S-phase progression (Figure 3.1G). Together, these data illustrate a specific
Zn* requirement at the G1/S transition and in S-phase for timely S-phase progression, and that

a process at this stage is disrupted when deprived of adequate Zn?*.

3.4.2 Zn* deficient cells show impaired DNA synthesis

After 24 hours of Zn?* deficiency, proliferative daughter cells show strongly impaired DNA
synthesis rates compared to Zn?* replete cells (13). Other studies have shown that Zn?* is required
for DNA synthesis in a number of cell types (100, 102). Since we saw an impaired S-phase in
mother cells exposed to pulses of Zn?* deficiency, we wanted to determine whether this elongated
S-phase is coupled with inhibited DNA replication. We therefore used a pulse of 5-ethynyl-2'-
deoxyuridine (EdU) coupled with click-chemistry mediated addition of a fluorescent dye and flow
cytometry to measure DNA synthesis rate of single cells (4). In brief, cells were incubated with
the Zn?* chelator TPA for two or four hours, then exposed to EdU to measure incorporation of
EdU within a defined time window. After fixation and counterstaining with DAPI for DNA content,
we were able to identify DNA synthesis rate in single cells (221). We found that two hours of Zn®*
deficiency inhibits DNA synthesis by half, and that this inhibition is also observed during a four
hour pulse of Zn** deficiency (Figure 3.2A-B). Resupply of Zn?* fully reverses the DNA synthesis

inhibition, demonstrating this DNA synthesis defect is reversible (Figure 3.2B).

3.4.3 Zn* deficient cells show signs of replication stress
Impaired DNA synthesis during S-phase is termed replication stress, and can be due to
several disparate factors such as DNA adducts (222, 223), nucleotide depletion (219, 224), or

inhibition of the DNA polymerase (225, 226). Inhibition of the DNA polymerase and DNA lesions



100

ns

Untreated 2h ZD 4h ZD B
A 3% %k %k %k
. 150 -
% %k %k k
 10° ﬂ
K=] =G 8o
= £ 5 1004
e ok £E
g 53
s 108 < e
o E,z 50
E \QE oo
> S @
3 o
7] 0 y 0-
\ S 0 0O &
2N 4N & NN R
DNA Content N N

Figure 3.2: Zn?* deficient cells show impaired DNA synthesis. (A) Flow cytometry plots
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Figure 3.3: Acute Zn** deficiency increases replication stress markers. (A) Pathway of
sensing and response to replication stress. Replication stress causes accumulation of single-
stranded DNA (ssDNA), which is coated by RPA2. Downstream proteins sense this accumulation
and signal activation of Chk1 via phosphorylation, which activates effector proteins to stabilize
and restart replication forks. (B) Quantitative imaging-based cytometry plots of mean nuclear
fluorescence of the mCherry and mVenus construct of the FUCCI (CA) sensor on the horizontal
and vertical axes, respectively. Each point is one cell, and the gray level of each point corresponds
to the number of RPA2 foci it has. Green ovals indicate cells in S-phase. (C) Quantification of
RPA2 foci in S-phase cells after treatment with Zn?* deficient media. Each point is the average
number of RPA2 foci in S-phase cells in one well of a 96-well plate. (D) Representative images
of RPA2 foci in untreated cells and cells treated with Zn?* deficient media for 4h. White arrows
indicate cells with RPA2 foci. (E) Quantitative imaging-based cytometry plots of mean nuclear
fluorescence of the mCherry and mVenus construct of the FUCCI (CA) sensor on the horizontal
and vertical axes, respectively. Each point is one cell, and the gray level of each point corresponds
to its mean nuclear phospho-Chk1 (Ser317) intensity. Green ovals indicate cells in S-phase. (F)
Quantification of pChk1 signal in S-phase cells after treatment with Zn?* deficient media. Each
point is the average phospho-Chk1 (Ser317) signal in S-phase cells in one well of a 96-well plate.
(G) Representative images of phospho-Chk1 (Ser317) signal in untreated cells and cells treated
with Zn?* deficient media for 4h. Blue indicates nuclear DAPI staining. Magenta indicates
phospho-Chk1 Ser317 signal. White arrows indicate cells with phospho-Chk1 (Ser317) signal. **
=p <0.01, " =p <0.005, *** =p <0.001. n = 2 biological replicates.
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can lead to uncoupling of the Cdc45, Mcm2—7, GINS (CMG) helicase from DNA polymerase (227,
228). This leads to long tracts of single-stranded DNA, which are rapidly coated by RPA2 (Figure
3.3A). In order for functional uncoupling between the CMG helicase and DNA polymerase to
occur, the helicase must be active and the polymerase must be stalled (228, 229). To determine
whether the CMG helicase is still active, but the polymerase is stalled by low Zn?*, we measured
whether RPA2 foci accumulate, which indicates single-stranded DNA accumulation. To do this,
we pulsed cells expressing the FUCCI (CA) sensor with Zn?* deficient media, then fixed and
stained them for RPA2. To identify the cell cycle phases of each fixed cell, we used a Gaussian
mixture model (GMM) with the z-score normalized mVenus and mCherry signal in each cell, then
assigned each cell cycle phase by hand (Figure 3.4).

Exposure of cells to a 2 or 4 hr pulse of Zn?* deficiency induced an increase in the number
of RPA2 foci in S-phase cells, which increased with the duration of treatment (Figure 3.3B-D).
RPA2 foci, much like DNA synthesis impairment, were resolved with resupply of Zn?* (Figure 3.5).
Because RPA2-bound single-stranded DNA leads to activation of the ATR-Chk1-p53 signaling
pathway (228), we probed phosphorylation of the kinase at Ser317 by immunofluorescence. We
found that a 2 hr or 4 hr pulse of Zn?* deficiency increased Chk1 phosphorylation in S-phase along
with RPA2 foci accumulation and DNA synthesis impairment (Figure 3.3E-G). These results
indicate that RPA2 accumulation is accompanied by increased signaling through the Chk1

pathway in response to transient Zn?* deficiency in S-phase.

3.4.4 Zn*™ deficiency does not cause double-stranded breaks, origin under-licensing,
replication fork slowing, or an imbalance in the nucleotide pool
Since replication stress can be due to replication origin under licensing in G1 (105), it is

possible that Zn?* deficiency impaired licensing, which in turn could contribute to the accumulation
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Figure 3.4: A Gaussian Mixture Model identifies cell cycle phases in fixed cells expressing
the FUCCI (CA) sensor. (A) Quantitative imaging-based cytometry plots showing the z-score of
mean nuclear fluorescence of single cells expressing the FUCCI (CA) sensor. Cells with low
mVenus intensity and high mCherry intensity are in G1/G0. Cells with high mVenus intensity and
low mCherry intensity are in S-phase. Cells with both high mVenus and mCherry intensities are
in G2. Arrows indicate the trajectory of cells throughout the cell cycle in pseudotime. (B) A
Gaussian mixture model was fitted to the data in A and cell cycle phases were color coded and
assigned by hand. (C) Cells with low mVenus and low mCherry intensities were removed from
further analysis.
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of RPA2 foci. We tested whether Zn?* deficiency causes under licensing of origins using a flow
cytometry assay that probes for chromatin-bound MCM2 described previously (105). Transient
Zn*" deficiency did not cause under licensing of replication origins, further supporting that the
MCM2 helicase is loaded at replication origins and is functional and that Zn?* deficiency is not
interfering with S-phase preparation (Figure 3.6).

ATR-Chk1 activation can decrease rates of DNA synthesis in response to replication
stress (229). To determine whether the ATR-Chk1 signaling axis globally inhibited DNA replication
under conditions of Zn?* deficiency, we co-treating cells with Zn** deficient media and the Chk1
inhibitor CHIR-124 for 4 hours. After calculating the median EdU incorporation of each sample
compared to the untreated controls, we found that, although DNA synthesis rate was slightly
higher in cells treated with CHIR-124, it was not a full rescue as was the case with Zn?* resupply
(Figure 3.6E, Figure 3.2B). Therefore, Chk1 activation seems to be a consequence of Zn?*
deficiency-induced DNA synthesis impairment, not a cause of it.

Double-stranded breaks (DSBs) are genotoxic lesions that activate the DSB repair
pathway mediated by the ATM/Chk2 signaling axis and repair the damage using non-homologous
end joining or homologous recombination. DSBs in S-phase can induce replication stress through
the ATM/Chk2 signaling axis, or through co-activation of Chk1 and Chk2 (216, 229, 230). To
determine whether acute Zn?* deficiency induces double-stranded breaks, we treated FUCCI(CA)
expressing cells with Zn?* deficient media and probed for 53BP1, a central player in the double-
stranded break response, in fixed cells using immunofluorescence. We found that 4 hour Zn?*
deficiency does not increase 53BP1 foci relative to the untreated control in any cell cycle phase
(Figure 3.7A). Further, we determined that 24 hour Zn?** deficiency does not activate the

checkpoint kinase Chk2 relative to the untreated control, indicating that Zn®* deficiency does not
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Figure 3.6: Zn?* induced DNA synthesis impairment is not due to under licensing of origins of
replication, nor is it fully due to origin firing inhibition by Chk1. (A) Flow cytometry plots of untreated
cells showing chromatin loaded MCM2 and DNA content using single nuclei stained with an anti-
MCM2 antibody and DAPI. Graphs show characteristic increase in MCM2 loading during G1, and
decreased MCM2 loading throughout S-phase. (B) Flow cytometry plots of cells released from
serum starvation showing chromatin loaded MCM2 and DNA content. Cells released from serum
starvation show under licensing of replication origins, as shown with the arrow, and as shown
previously. (C) Flow cytometry plots of Zn?* deficient cells showing chromatin loaded MCM2 and
DNA content. (D) Fraction of under-licensed S-phase cells in each condition using a previously
established analysis scheme (105). (E) Quantification of DNA synthesis rate like that shown in
Figure 3.2B. Cells were treated with 3uM TPA for 4h, or 3uM TPA and the Chk1 inhibitor CHIR-
124, then probed for DNA synthesis rate using EAU. Each point is the median EdU signal of S-
phase cells, normalized to untreated control. Error bars represent the 95% confidence interval. *
= p<0.05, ***=p <0.001.n=>2
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Figure 3.8: Zn** does not cause imbalance or depletion of nucleotides or their precursors.
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the adjusted P value for each. The P-values are adjusted using the Benjamini-Hochberg multiple
hypothesis correction. The horizontal dotted line indicates threshold for significance. No species
exceeds the adjusted P-value threshold of 0.05. Each condition contains n=5 biological replicates.
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exert its effects through double-stranded break repair signaling, but rather through replication
stress signaling (Figure 3.7B).

An imbalance in the intracellular nucleotide pool can activate the replication stress
pathway via Chk1 (219, 224). To determine if acute Zn** deficiency changes the nucleotide pool,
we conducted untargeted metabolomics of polar metabolites. We found that, although there were
small changes in nucleotide precursors, there was no change in the concentrations of free
nucleotides, nor in their deoxy counterparts (Figure 3.8). This indicates that Zn** deficiency does

not impair DNA synthesis through depletion or imbalance of the nucleotide pool.

3.4.5 Transient Zn** deficiency during S-phase of the mother cell impairs proliferation of
daughter cells

Cells integrate internal and external signals during the mother cell cycle in order to dictate
daughter cell proliferation after division (80, 96). Since replication stress in the mother cell can
inform daughter cell proliferation (215), we sought to identify the consequences of Zn?*-deficiency-
induced mother cell replication stress on daughter cell proliferation. To do this, we used an
analysis technique presented in Min et al (80). This technique takes advantage of a CDK2 activity
sensor’s ability to resolve cell cycle commitment (Figure 3.9A) (78). After division, cells take on
three fates: In the first, cells are born with a high CDK2 activity and hyper-pRb, which indicates
that they are born committed to another cell cycle (Figure 3.9A, CDK2™, blue). In the second,
cells are born with a low CDK2 activity, but cross the 0.5 arbitrary unit (AU) threshold and commit
to another cell cycle sometime later (Figure 3.9A, CDK2°™"®¢  yellow). In the third, cells are born
with a CDK2 activity below 0.5 and remain there for the rest of the time-lapse, indicating they are
in a quiescent state that is not reversed during the time-lapse (Figure 3.9A, CDK2°", red). Cell

traces from asynchronously cycling cells can be aligned to mitosis such that the three populations
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Figure 3.9: Zn?* deficiency in the mother cell S-phase causes proliferation pause in
daughter cells. (A) Schematic of the CDK2 activity sensor classifications. CDK2™ indicates a
CDK2 activity that is higher than 0.5 after mitosis. CDK2°™*"%® indicates a brief pause in GO, then
entry into G1. CDK2"" indicates an induction into quiescence that persists for the rest of the
movie. (B) Analysis scheme of the CDK2 activity pulse-chase experiment. Cells are binned
according to the time they divide relative to their treatment with TPA. Cells are then binned
according to their CDK2 activity after division. Gray shaded area indicates treatment timing and
duration. (C) Single-cell traces of cells expressing the CDK2 sensor aligned to mitosis. All cells
shown were treated with Zn?* deficient media 5 hours before mitosis. The duration of this pulse is
indicated by the gray rectangle in each plot. Cells are color-coded based on their CDK2 activity
15 frames after anaphase. Each plot contains 100 single cell traces. (D) Plot of fraction of
proliferating daughter cells as a function of mother cell age at treatment addition. Dashed line
indicates mitosis. Light colored bands represent 95% confidence intervals. (E) Plot of fraction of
CDK2°™*"%® daughter cells as a function of mother cell age at treatment addition. Dashed line
indicates mitosis. Light colored bands represent 95% confidence intervals. (F) Plot of fraction of
CDK2"°" daughter cells as a function of mother cell age at treatment addition. Dashed line
indicates mitosis. Light colored bands represent 95% confidence intervals. n=2 biological
replicates. Each time point contains the average and 95% CI of at least 20 individual cell traces.
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in each mitosis “slice” can be identified and expressed as a fraction. This is repeated for all frames
of the time lapse to yield a map of when TPA acts to influence cell fate after division (Figure 3.9B).

We used the FUCCI (CA) sensor to identify the boundaries between the phases relative
to mitosis (Figure 3.10). To illustrate this process, we selected cells that divided five hours after
TPA addition from each treatment group and identified the distribution of cell fates after division.
As shown previously (71, 80, 215), we found that 80% of untreated MCF10a cells increase their
CDK2 activity immediately after mitosis, indicating that they are born committed to the cell cycle
(Figure 3.9C). The other 20% enter a brief resting state, deemed CDK2°™*"%¢, Pulses of varying
lengths of Zn?* deficient media five hours before cell division leads to progressive loss of the
CDK2™ population (blue), and a concomitant increase in the proportion of CDK2°™*"% cells (Figure
3.9C). Finally, if Zn?* deficient media was added during S-phase and kept until the end of the time
lapse, cells bifurcate into two populations, where the majority either enter the CDK2°M'¢® or
CDK2"" cell fate (Figure 3.9C). This agrees with previous research (13).

After repeating this analysis for all frames of the time lapse, we found that 80% of MCF10a
cells are born proliferative, regardless of when minimal media was resupplied, which agrees with
prior research (71, 80, 215). In contrast, cells that are pulsed with the Zn?* chelator TPA during
S-phase (five hours before mitosis) for two or four hours show a decrease in proliferative daughter
cells (Figure 3.9C). This decrease is accompanied by a proportional increase in the fraction of
CDK2°m"e daughter cells, indicating that if cells lack Zn?* in S-phase, they enter a transient state
of low CDK2 activity after cell division (Figure 3.9E). Critically, these cells do not enter a
permanent CDK2"°" state after division, indicating that they are not quiescent to the end of the
time lapse, but are instead in a transient state of cell cycle exit (Figure 3.9F). Importantly,
beginning the pulse of Zn?* deficiency after the S/G2 boundary or before mid S-phase has no
effect on the proliferation of daughter cells. In contrast, the cells that are treated with TPA until

the end of the time lapse show a strong propensity to be either CDK2°™®"%¢ or CDK2"" after
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Figure 3.10: The FUCCI (CA) sensor can identify cell cycle phase transitions at a
population level. (Top) Single-cell traces of the mVenus component of the FUCCI (CA) sensor
aligned to mitosis. The black arrow indicates the time at which the population of cells enters S-
phase, as evidenced by the buildup of the mVenus signal. (Middle) Single-cell traces of the
mCherry component of the FUCCI (CA) sensor aligned to mitosis. The black arrow indicates the
time at which the population of cells enters G2, as evidenced by the buildup of the mCherry signal.
(Bottom) The inferred phase of the cell cycle as a function of time relative to mitosis.
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Figure 3.11: Neither Zn?* deficiency nor Zn?* resupply stimulates mitotic DNA synthesis
(MIDAS). (Top) Representative images of mitotic cells treated with either 0.2 uM aphidicolin for
24h or Zn?* deficiency for 6 hours. Note the red EdU foci in the aphidicolin treatment (white arrows)
and absence thereof in the Zn** deficient treatment. (Bottom) Quantification of MiDAS foci. Each
dot represents average MiDAS foci in one well of a 96-well plate. Error bars represent the 95%
confidence interval. **** = p < 0.001, n = 2 biological replicates.
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division, as shown previously (Fig 3.9E-F) (13). The distribution of fates shifts toward the CDK2'°"
population the longer a cell is in Zn?* deficient media (Figure 3.9E-F). Of note, the transmission
of replication stress through mitosis is not accompanied by mitotic DNA synthesis (MiDAS) (Figure
3.11), which marks the transmission of unresolved replication stress to daughter cell quiescence
(231, 232). These data demonstrate that cells pulsed with TPA during S-phase enter a transient
CDK2°me™ state after division, implying that the replication stress and DNA synthesis inhibition

due to low Zn?* conditions are directly impacting daughter cell proliferation.

3.4.6 Sustained p21 expression maintains cell cycle pause induced by Zn?* deficiency
Transient Zn?* deficiency in the mother cell S-phase causes a proliferative pause in the
daughter cells (Figure 3.9). The tumor suppressor p21, among other such proteins, acts as a
competitive inhibitor of the active Cyclin E-CDK2 complex (212), and thus is one factor that can
prevent cells from entering the cell cycle. p21 acts to maintain the quiescent state in both
unperturbed cells and cells who inherit damaged DNA from mother cells (71, 96, 218). If Zn*" is
depleted in G1 of the mother cell (approximately 12 hours before mitosis), daughter cell
proliferation is not significantly different from the daughters of Zn?* adequate cells (Figure 3.12A).
If Zn?* is depleted in S-phase approximately 6 hours before mitosis, and not resupplied prior to
the end of S-phase (at approximately 2 hours prior to mitosis), the fraction of daughters born
proliferative is reduced to approximately 45% (Figure 3.12A). We therefore hypothesized that
transient Zn?* deficiency in S-phase would induce a sustained p21 expression after division when
compared to the untreated cells. We similarly hypothesized that transient Zn?* deficiency during
G1 would induce p21 expression dynamics similar to the untreated cells, since we do not see
impaired proliferation. To test this, we used a cell line expressing the CDK2 activity sensor, H2B-

mTurquoise2 as a nuclear marker, and a p21-mCitrine construct expressed at the endogenous
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Figure 3.12: Transient Zn?* deficiency during S-phase induces proliferation impairment
accompanied by sustained p21 expression in GO. (A) Results from Figure 3.12D. Arrows indicate
times relative to anaphase that induces normal daughter cell proliferation and impaired daughter
cell proliferation, respectively. (B) Representative traces of cells expressing DHB-mCherry (red)
and p21-mCitrine (blue) from the endogenous locus aligned to anaphase. n=10 single-cell traces.
Eight traces are born with low p21 expression. Two traces (black arrows) show transiently
increased p21 expression. (C) CDK2 activity classification scheme. Yellow traces indicate
CDK2°®™e'e® population, blue traces indicate CDK2™ population. (D, F) Average p21 expression in
cells that divided twelve hours after treatment with either Zn?* deficient media or control media,
color coded to show the CDK2™ (blue) and CDK2°™*"%® (yellow) populations. Light bands indicate
95% confidence intervals. n = 2 biological replicates. (E, G) Average p21 expression in cells that
divided six hours after treatment with either Zn** deficient media or control media, color coded to
show the CDK2™ (blue) and CDK2°™ (yellow) populations. Light bands indicate 95%
confidence intervals. n = 2 biological replicates.
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locus (Figure 3.12B) (71). We treated these cells with Zn?* deficient media for four hours, followed
by a resupply of Zn?* adequate media. We then analyzed cells that divided 12 and six hours after
transient Zn®* deficiency for changes in p21 dynamics in both CDK2"™ and CDK2°®meree
populations.

Eighty percent of untreated cells are born as CDK2™ with low p21 expression (blue-
colored traces) (Figure 3.12B,D,E), which also agrees with previously published work (71, 78).
The other 20% of cells are born as CDK2°™*"¥° and show a transient increase in p21 that falls to
basal expression after seven hours, followed by an increase in CDK2 activity and commitment to
another cell cycle (Figure 3.12B,D). This also agrees with previously published results showing
that in asynchronously cycling cells, a small population of cells accumulates DNA damage and
pauses the cell cycle via expression of p21 (71). Similar to the untreated condition, when Zn%
was depleted and resupplied in G1 (12 hours prior to anaphase), the CDK2°™*"® population shows
comparable p21 dynamics to CDK2°™*"° cells in the untreated condition (Figure 3.12F). Although
there are fewer proliferative cells in this population (Figure 3.12F), the p21 signal rises and returns
to baseline with dynamics similar to the untreated cells. Therefore, a pulse of Zn?* deficiency in
G1 shows similar p21 dynamics to untreated cells. When Zn?* is depleted and resupplied during
S-phase, however, the fraction of cells born CDK2°™®"%¢ increases to approximately 40%, which
agrees with the data in Figure 3.9D. Further, this population shows sustained p21 expression that
does not drop to basal levels for at least twelve hours after division (Figure 3.12E,G), indicating
that the CDK2°™"®° state is being maintained by sustained p21 expression. This result indicates
that Zn?* deficiency induced replication stress during S-phase of the mother cell is inherited by

daughter cells to cause temporary quiescence.
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3.5 Discussion

Duplicating a genome is a daunting task, and requires careful monitoring of cell state (81).
Human cells constantly sample their intra- and extracellular environment for growth factors,
genotoxic stress, and metabolites and integrate these signals to determine whether to repair,
grow, or die (80, 96, 219). Early work to identify the role of Zn?* deficiency in the mammalian cell
cycle revealed a loosely-related set of phenotypes ranging from DNA synthesis impairment (100)
to oxidative stress (109, 112) to apoptosis (154, 207). None of these studies simulated mild,
physiologically relevant Zn?* deficiency, and instead relied on high concentrations of metal
chelators and cell synchronization, which are known to disrupt cell cycle progression via stress
responses (100, 102—-105). Due to zinc’s role in a multitude of cellular processes, it is often
assumed that Zn?* deficiency will induce pleiotropic effects on cells. To dissect whether Zn?* acts
during a specific cell cycle phase to impair proliferation, we used pulse-chase treatments along
with fluorescent cell cycle reporters. We found that transient Zn?* deficiency impaired S-phase
progression, slowed DNA synthesis rates, and induced replication stress signaling, which
contributed to a pause in the cell cycle of daughter cells. Importantly, transient Zn?* deficiency
during other phases of the cell cycle had no adverse effects. These results demonstrate a specific
requirement for Zn?* during S-phase, in contrast to the assumption that Zn?* deficiency affects
cellular processes pleiotropically.

Replication stress can be caused by DNA lesions and adducts (229), imbalanced
nucleotides (219, 224), under-licensed replication origins (81, 105), inhibition of DNA polymerase
(233), or endogenous stochastic uncoupling of replication forks (215). The results of many
previous studies into Zn?* and in the mammalian cell cycle revealed phenotypes that could be
classified as “replication stress,” including impaired DNA synthesis, increased DNA damage
signaling and production of oxidative products (100, 102, 109). In this study, we found that when

cells were treated with a short pulse of Zn?* deficiency, there was no evidence of under licensing,
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nucleotide imbalance, or double-stranded breaks. Instead, we found that acute Zn?* deficiency
increases RPA2 recruitment to nuclear foci and activates the checkpoint kinase Chk1. RPA2
recruitment and Chk1 activation are both hallmarks of functionally uncoupled polymerase-
helicase complexes (92, 228, 229), indicating that the helicase is still fully functional under
conditions of Zn?* deficiency.

The DNA polymerases Pola, Pold, and Pole are protein complexes in the eukaryotic
replisome responsible for synthesizing the genome, and the catalytic subunits of these complexes
have at least one Zn?* binding motif that appear to be critical for their function (234). For example,
the zinc finger domain of the S. cerevisiae Pole is important for transducing DNA damage signaling
through the S/M checkpoint pathway, and seems to impair signaling when mutated (235). Further,
the C-terminal zinc finger of the S. cerevisiae Pold is required for its association between other
subunits of the Pol® complex, and mutation of the zinc finger abolishes activity in vivo (236).
Finally, human Pola contains a C-terminal zinc finger, and treatment with cisplatin displaces the
Zn?" ion and inhibits its activity in vitro (237). In addition to the role of zinc fingers within the Pol
subunits, there is evidence that suggests Zn?* plays a role in stabilizing intermolecular interactions
formed between proteins in these complexes (238). A handful of studies have even identified that
depletion of Zn?* from the E. coli DNA polymerase | impairs its activity (119, 239); however,
studying the role of these zinc finger domains in mammalian cells is prohibitively difficult. Since
the subunits of the DNA polymerase complex are essential, and knockout or mutation of these
genes in human cells is lethal, it is not possible to mutate these Zn?* fingers in mammalian cells.
That said, the evidence presented here rules out other causes of replication stress, and suggests
that DNA polymerase activity is sensitive to changes in the labile Zn?* pool.

Replication stress in mother cells can be inherited by daughter cells to cause a pause in
proliferation, accompanied by expression of p21 (96, 215, 218). Since impaired DNA synthesis,

RPA2 foci accumulation, and Chk1 phosphorylation all decrease upon resupply of Zn?*, we sought
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to determine whether the memory of this DNA damage signaling influences the daughter cell’'s
proliferative fate. Cells exposed to a short pulse of TPA during the latter half of S-phase show an
increase in cells entering a temporary CDK2 low state after cell division. These cells are able to
re-enter the cell cycle after a pause in proliferation, indicating that the inherited damage is
reversible, and very few cells enter a permanent state of quiescence. This pause is accompanied
by sustained expression of the tumor suppressor p21, which agrees with previous reports of
inherited cell fate due to replication stress in the mother cell (96, 215, 218).

Using long-term live-cell imaging, fluorescent tools, and single-cell analyses, we identified
a specific requirement for Zn?* in S-phase. If cells are deficient in this essential micronutrient while
synthesizing DNA, they show hallmarks of replication stress and DNA synthesis impairment.
Further, this Zn** deficiency-induced replication stress impairs proliferation in daughter cells,
maintained by sustained p21 expression. Together, these data demonstrate that mild and
temporary Zn?* deficiency can impair DNA synthesis within two hours, and induce replication

stress that is passed onto daughter cells after division.
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3.6 Materials and Methods

Table 4: Materials table

Agent or Resource Source Identifier

Antibodies

Anti-RPA32/RPA2 antibody
Abcam ab2175
[9H8]

Phospho Histone H3 (Ser10)
Cell Signaling Technology 9706L
(6G3) Mouse mAb

Anti-phospho Histone H2A.X
Ser139 mouse monoclonal Cell Signaling Technology 80312S

antibody

Anti-phospho Chk1 Ser317

Abcam ab226929
rabbit
Anti-phospho Chk2 Thr68

Thermo Scientific PA5-17818
rabbit
Purified mouse anti-human

BD Biosciences 612523
53BP1
Mouse anti-MCM2 monoclonal

BD Biosciences 610700

antibody
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Goat anti-rabbit (H+L) Alexa

Fluor 647

Fisher Scientific

A21245

Goat anti-mouse (H+L) Alexa

Fluor 647

Fisher Scientific

A21236

Chemicals, peptides, and recombinant proteins

Tris(2-pyridylmethyl) amine

Sigma-Aldrich 723134
98% (TPA)
Chelex-100, sodium form Sigma-Aldrich C7901
Janelia Fluor 669 Halo-Tag dye | Laboratory of Luke Lavis,

N/A

(JF669) Janelia Research Campus
DMEM/F12, HEPES Thermo Fisher Scientific 11330057
Horse Serum, New Zealand

Thermo Scientific 16050122
origin
Hydrocortisone Sigma-Aldrich H4001
Insulin Life Technologies 12585-014
FluoroBrite DMEM Fisher A18967-01
Gibco EGF Recombinant

Thermo Fisher Scientific PHGO0313
Human Protein
Ham’s F12 phenol red-free Sigma-Aldrich N6658
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Cholera Toxin Sigma-Aldrich C8052
Pen/Strep Gibco 15140-122
0.05% Trypsin-EDTA(1X) Gibco 25300-120
Hoechst 33258 Sigma-Aldrich 861405
FAM azide, 6-isomer Lumiprobe B5130
5-Ethynyl-2'-deoxyuridine,95% | Sigma-Aldrich 900584-50MG
Alexa Fluor 647 azide Lumiprobe A6830
L-Ascorbic acid Fisher Scientific A61-25
Aphidicolin from Nigrospora
sphaerica,>=98% (HPLC), Sigma-Aldrich A0781-1MG
powder
Bleomycin, ready made

Sigma-Aldrich B7216
solution
4-Nitroquinoline N-oxide,298% | Sigma-Aldrich N8141-250MG
CHIR-124 2mg Selleck Chemicals S2683

Critical Commercial Reagents

TransIT-LT1 Mirus Bio MIR 2300

Experimental models: cell lines
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Human: MCF10a

ATCC

CRL-10317

Human: MCF10a + H2B-

HaloTag

Rakshit and Holtzen 2023

(10)

PMID: 37330912

Human: MCF10a + H2B-

HaloTag + FUCCI (CA)

This work

N/A

Human: MCF10a + H2B-mTq2

+ DHB-mVenus

Lo 2020 (13)

PMID: 32014109

Human: MCF10a + H2B-mTq2

+ DHB-mCherry + p21-mCitrine

Moser 2018 (71)

PMID: 30111539

Recombinant DNA

Plasmid: PB-H2B-HaloTag

(used for stable cell line

Grimm 2017 (240)

PMID: 28869757

generation)

mVenus-

hGeminin(1/110)/pCSII-EF Riken RDB15271
mCherry-hCdt1(1/100)/pCSlI-

EF Riken RDB15442

Software and Algorithms
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BD FACSDiva Version 8 BD Biosciences N/A

MATLAB 2017a and VR2020b | Mathworks N/A

Prism Version 9.2.0 GraphPad N/A

EllipTrack Tian 2020 (182) PMID: 32755578
Cell culture

MCF10a cells were procured from ATCC and maintained in full growth media (FGM). FGM
is composed of DMEM/F12 media supplemented with 5% horse serum, 1% penicillin/streptomycin
solution, 20 ng/mL EGF, 0.5 pug/mL hydrocortisone, 100 ng/mL choleratoxin, and 10 pg/mL of
insulin. Cells were passaged at 80-90% confluency using 0.05% trypsin-EDTA to subconfluency.
To remove excess Zn?* from horse serum and insulin, we incubated serum and insulin solutions
with Chelex-100 resin for 12 hours at 4°C, followed by sterile filtration to remove resin. Our Zn**
defined minimal media (MM) consists of 1:1 Ham’s F12 nutrient mix:FluoroBrite DMEM,
supplemented with 1.5% Chelex-100 treated horse serum, 10ug/mL Chelex-100 treated insulin,
1% penicillin/streptomycin solution, 20 ng/mL EGF, 0.5 pyg/mL hydrocortisone, and 100 ng/mL
cholera toxin. We previously quantified metal content of MM containing Chelex-100 treated
serum, which showed that Chelex-treatment leads to a reduction in zinc (from 2.18 to 1.46 uM)
and nickel (from 0.178 to 0.012 yM), but no significant changes in other metals. Unless otherwise
stated, ZD media was generated by adding 3 pM TPA to MM. For imaging experiments, cells

were grown and imaged in MM, with perturbations with ZD media at 37°C and 5% CO.. Cells
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used in experiments were less than passage number 15, and were routinely tested and confirmed

to be mycoplasma negative by PCR.

Plasmids and cell lines

MCF10a cells expressing PB-H2B-HaloTag (240) and the FUCCI (CA) system were
generated using lentiviral transduction. Briefly, HEK293T cells were transiently transfected with
both the hGem-mVenus and hCdt1-mCherry plasmids, along with Lenti-X lentiviral packaging
plasmids psPax2, PdM2.G in OptiMEM using the TransIT-LT1 transfection reagent (Mirus Bio).
This was followed by viral amplification in HEK293T cells Successful transfection was verified via
visualization of mCherry and mVenus fluorescence in the HEK293T cells. Viral particles were
harvested 24 hours after transfection, filtered through 0.45 um syringe polyethersulfone (PES)
filters and then 1 mL was added to MCF10a cells stably expressing H2B-HaloTag and allowed to
incubate for 48 hours along with 4 ug/mL polybrene. Stable cell lines used for imaging were then
FACS sorted on a BD FACSAria Fusion for high mCherry and mVenus fluorescence relative to
an non-transduced control using the following optics: YFP: Ex 488 nm, Em 530/30 nm; and

mCherry Ex 561 nm, Em 610/20 nm.

Live-cell imaging

MCF10a cells expressing fluorescent reporters were counted using the Countess Il
Automated Cell Counter (Thermo Fisher Scientific) and plated in MM into glass bottom 96-well
plates (Cellvis P96-1.5H-N) at a density as to ensure cells were subconfluent by the end of the
time lapse. After plating, cells were left undisturbed in the biosafety cabinet for 30 minutes to
properly adhere to the dish, then moved to the incubator to recover for at least 16 hours.
Immediately before imaging, cells expressing H2B-HaloTag were stained with 5 nM JF669 dye

(Luke Lavis, Janelia Research Campus) for 30 minutes, then washed once with prewarmed MM.
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For the ZD pulse-chase experiment, acquisition was paused, half of the media was removed, and
replaced with a 2X solution of prewarmed ZD media. To wash out the treatment, 90% of the media
was removed from the well and replaced with prewarmed MM. For the “To End” condition,
treatment media was not removed.

Time-lapse images were collected using a Nikon Ti-E High Content Analysis inverted
microscope with a Lumencor SPECTRA X light engine (Lumencor) and Hamamatsu Orca FLASH-
4.0 V2 scMOS camera (Hamamatsu). Images were collected every 12 minutes with a 10X 0.45
NA Plan Apo air objective lens (Nikon Instruments). During imaging, cells were kept in a controlled
environmental chamber surrounding the microscope (Okolab Cage Incubator, Okolab) at 37°C
and 5% CO; and 90% humidity. Filter sets for live-cell imaging were as follows: CFP Ex: 440, 455
dichroic, Em: 480/20, power 50; YFP Ex: 508, 518 dichroic, Em: 540/21; mCherry Ex: 555, 597
dichroic, Em: 595/40; and JF669/Cy5 Ex: 640, 640 dichroic, Em: 705/22, power 50. Exposure
times were adjusted to eliminate pixel saturation and to minimize exposure time, while still

maintaining an adequate signal to noise ratio.

Time-lapse image processing

Live-cell imaging experiments were analyzed using the EllipTrack cell tracking pipeline in
MATLAB 2017a and 2020b on the institutional computing cluster (182). Briefly, EllipTrack requires
several generalized parameters for cell segmentation, tracking and event identification. The
advanced parameters were unchanged from the original code accessible on Github, as
recommended by the authors. Basic parameters were fine-tuned by hand using the built-in user
interface. Separate training data sets for the EllipTrack event predictions were made using at least
500 events across each time series for both H2B-HaloTag and H2B-mTurquoise2 nuclear
markers. We used a nuclear radius of 12 pixels as the average size of one cell. The ellipse that

is fitted to this nucleus was required to be at least 25 pixels in area. Nuclear images were log
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transformed and a blob detection algorithm was used to identify nuclei with a blob threshold of -
0.075. Objects were separated using a watershed algorithm and ellipses were fitted to each
object. Mitoses were inferred based on morphological properties of each object before and after
a potential mitosis event. Migration and migration speed were inferred using a density-dependent
migration speed from the training data. All tracks greater than 10 frames were kept, and tracks
were allowed to skip at most two frames. Tracking was spot-checked by eye using the visualize
tracking (vistrack) movies generated by the script to ensure adequate tracking and minimize track
loss or swapping. Mean intensity from nuclear localized reporters was extracted using the nuclear
mask. The mean intensity of cytoplasmic sensors was calculated in a three-pixel wide cytosolic

ring around the nuclear mask.

Flow Cytometry EAU Incorporation Assay

Cells were plated at sub-confluency in 6-well plates in MM and allowed to recover for at
least 16 hours. Cells were treated with ZD media for 2-4 hours, co-treated with ZD media and 250
or 500 nM CHIR-124, or left untreated. Thirty minutes before harvesting, cells were pulse-labeled
with 10 yuM EdU for 30 minutes in the cell culture incubator. Cells were then harvested using
0.005% EDTA/Trypsin and pelleted at 300 x g for 5 minutes. Cells were fixed using 4%
paraformaldehyde (PFA) and washed twice with phosphate buffered saline (PBS) + 1% bovine
serum albumin (BSA) (B-PBS). Cells were permeabilized with 0.2% Triton-X100 for 15 minutes,
then washed twice with B-PBS. Cells were then resuspended in a click solution consisting of
50uM FAM-Azide, 2 mM CuSO4, and 50 mM L-ascorbic acid in PBS for 30 minutes in the dark.
Cells were washed with B-PBS and stained with an analysis buffer (B-PBS with 1:10000 dilution
of 1 mg/mL DAPI) for 1h. Cells were analyzed on a BD FACSCelesta outfitted with 405 and 488
nm optics. FACS files were exported and analysis was done in FlowJo or at floreada.io, a free

open-source flow cytometry analysis tool. S-phase was identified by gating EdU+ cells. The
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median EdU signal was extracted from this population in all treatment conditions. These signals

were then normalized to the median EdU signal of the untreated control.

Loaded MCM2 Assay

Fixed cell immunostaining of loaded MCM2 and flow cytometric analyses were performed
as previously described (105). Briefly, following treatments or release from serum starvation, cell
suspensions were fixed with 4% PFA and washed twice before stepwise staining: EdU click
reaction with FAM-Azide (room temperature for 30 minutes), mouse anti-MCM2 immunostaining
(BD Biosciences #610700, 1:200 dilution in PBS with 1% BSA for 1 hour at 37°C), goat anti-
mouse Alexa Fluor 594 immunostaining (Thermo Fisher A-11005 for 1h at 37°C), and Hoechst
33342 (1:10,000 in PBS overnight at 4°C). Cell suspensions were filtered for single cells and
analyzed using a BD FACSCelesta flow cytometer outfitted with 405, 488, and 561 nm lasers.
FACS files were exported and analyzed using FlowJo or at floreada.io, a free open-source flow
cytometry analysis tool.

Cells were first gated for cells on forward scatter area vs. side scatter area, then gated on
DAPI signal height vs. DAPI signal area for single cells. MCM2+ S-phase cells were then identified
using plots of EdU incorporation vs loaded MCM2 in the untreated control. These gates were then
applied to all other cells to identify the fraction of cells that entered early G1 with under-licensed

origins of replication.

Detection of mitotic DNA synthesis (MiDAS)

MCF10a cells were plated in 96-well plates at a density of 10,000 cells per well into MM.
Plates were left in the biosafety cabinet for 30 minutes to allow cells to adhere to the dish, then
transferred to the incubator.. After 4 hours, positive control cells were treated with 0.2 yM

aphidicolin for 24 hours. Cells were treated with 3 uM TPA for 4 or 6 hours. For the resupply
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experiment, ZD media was removed from cells and replaced with fresh MM. Media was then
removed from all cells and replaced with media containing 40 uM EdU, and allowed to incubate
for 30 minutes. Cells were washed with PBS and fixed with 4% PFA in PBS for 10 minutes, then
permeabilized with PBS containing 0.1% Triton-X100 for 10 minutes. Cells were washed and
incubated with a click chemistry buffer containing Alexa Fluor 647 azide as described previously.
Cells were then blocked using PBS containing 3% BSA for 1h before staining with mouse anti-
phospho histone H3 (Ser10) (1:400 dilution into PBS + 1% BSA, Cell Signaling Technologies)
overnight at 4°C. Cells were then washed and counterstained with a goat anti-mouse secondary
antibody conjugated to Alexa Fluor 488 (1:1000 into PBS + 1% BSA, Thermo Fisher) and DAPI.

Cells were washed and then immediately imaged as described below.

Immunofluorescence and Fixed Cell Imaging

MCF10a cells expressing H2B-HaloTag and the FUCCI (CA) system were plated in 96-
well plates (for Chk1 IF and yH2AX IF, cells were plated in Cellvis P96-1.5H-N plates, for RPA2
IF, cells were plated in PerkinElmer PhenoPlate 96) at a density of 10,000 cells per well. Plates
were left in the biosafety cabinet for 30 minutes to allow for proper adhering, then allowed to
recover in the incubator for at least 16 hours undisturbed. Prior to fixation, cells were treated for
either 2h or 4h with ZD media, or 4 hours with 2 ug/mL aphidicolin. For EAU incorporation at short
timepoints, cells were pulsed with 10 uM EdU 30 minutes before fixation. At the time of fixation,
cells were washed twice with PBS pH 7.4, then fixed with 4% PFA in PBS pH 7.4 for 15 minutes.
Cells were then washed twice with PBS, then permeabilized with 0.05% Triton-X100 in PBS for
20 minutes. Cells were then washed twice with PBS and blocked for 1 hour with PBS and 3%
bovine serum albumin (BSA). Afterwards, the BSA solution was removed and the primary
antibody solution (1:250 for all targets in 3% PBS) was added without washing. This was allowed

to incubate overnight for at least 16 hours at 4°C. Cells were washed 4X with PBS pH 7.4, then
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stained with secondary antibody (1:1000 into PBS + 1% BSA goat anti-mouse (H+L) Alexa Fluor
647 for RPA2 and yH2AX, and 1:1000 goat anti-rabbit (H+L) Alexa Fluor 647 for Chk1 pSer317)
in PBS with 3% BSA and 100 ng/mL Hoechst dye for 1h at room temperature. Cells labeled with
EdU alone were stained using click chemistry to attach an Alexa Fluor 647 azide dye to the ethynyl
handle of EdU as described previously. Cells were immediately imaged.

Images of pChk1, yH2AX, and EdU were collected using a Nikon Ti-E High Content
Analysis inverted microscope with a Lumencor SPECTRA X light engine (Lumencor) and
Hamamatsu Orca FLASH-4.0 V2 scMOS camera (Hamamatsu) using a 40X 0.65 NA CFI Plan
air objective from Nikon. A 9x9 large image was taken of the center of each well of the 96-well
plate. The DAPI channel was acquired using a 395/15 excitation / 475/24 emission. The YFP
channel was acquired using a 510/25 excitation 540/21 emission filter set. The mCherry channel
was acquired using a 575/25 excitation 632/60 emission filter set. The Cy5 channel was acquired
using a 640/30 excitation 705/72 emission filter set. Single-cell quantitation was done by
identifying nuclei using a custom MATLAB pipeline. Since these targets are localized to the
nucleus, we then extracted mean intensity in the DAPI, YFP, mCherry, and Cy5 channels in the
region of the identified nuclear masks.

Images of RPA2 were collected on a PerkinElmer Opera Phenix high-content screening
system with a 20x/1.0 NA water objective. Eight images of each well were collected, each
containing three Z-stack images of all channels. Maximal intensity projections were calculated,
and used in subsequent analysis of all channels. Single-cell quantitation was done by identifying
nuclei using a custom MATLAB pipeline, then extracting mean intensity in the DAPI, YFP, and
mCherry channels in those regions. Additionally, single RPA2 foci were found by adaptive
thresholding of each nuclear object on the Cy5 channel, with area filtering of objects greater than

5 pixels and with an eccentricity of less than 0.8.
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Images of MiDAS were collected on a PerkinElmer Opera Phenix high-content screening
system using the PreciScan modality. Briefly, cells were imaged at a low magnification (10X/0.4
NA air objective), then cells were identified and selected for high phospho-histone H3 (Ser10)
fluorescence. These cell locations were recorded and the objective was switched to a higher
magnification (40X/1.1 NA water objective) and imaged. Six Z planes were acquired for each cell,
and at least 20 regions were imaged per well, yielding at least 150 cells per condition. Image

processing and MiDAS foci selection was done using the PerkinElmer Harmony software.

Relative metabolite quantification

Relative metabolite quantification was performed by the University of Colorado School of
Medicine Metabolomics Core (Aurora, CO). Metabolite extraction was accomplished by the
addition of 4°C lysis buffer (LB) (5:3:2 methanol:acetonitrile:water (v/v/v)) to a concentration of 2
x 10° cells/mL (based on approximate cell counts) to frozen cell pellets. This mixture was vortexed
for 30 min at 4°C and centrifuged for 10 min (18,000g, 4°C) to re-pellet the cells. The supernatant
was then removed and placed in autosampler vials for UHPLC-MS analysis. A Thermo Vanquish
UHPLC system combined with a Thermo Orbitrap Exploris 120 mass spectrometer (Thermo
Fisher Scientific, Waltham, MA, USA) was used for untargeted metabolite analysis. Samples were
analyzed both in positive and negative ion mode in separate runs using a 5 min gradient method

(241).

El-Maven v0.12.0 was used to identify, quantitate (by peak area) and annotate mass
spectra features to produce a global metabolomic analysis (242). Statistical analysis (PLS-DA,

Heatmap) and pairwise comparisons were accomplished using MetaboAnalyst 5.0 (243).

Data analysis

Analysis of the DHB-mVenus pulse-chase experiment:
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Single cell tracks were extracted from the EllipTrack output, and each mother and
daughter cell was joined by at least one mitosis event to get combined mother/daughter cell
tracks. To remove non-expressing cells and tracks that were swapped during analysis, two filters
were employed: in the first, cells were removed that had an intensity value below a cutoff chosen
for each replicate of the experiment. Second, cells that were swapped during tracking have at
least one very short intermitotic time (IMT), indicating that the track was attributed a mitosis when
there was not one, or the track was swapped with a cell that was mitotic. An IMT cutoff of 50
frames was used, since MCF10a cells have a cell cycle of 60 frames or longer. A sampling of
tracks were analyzed by eye to ensure the analyzed tracks behaved as expected, and that poorly
tracked cells were kept to a minimum.

CDK2 activity was calculated at every frame by dividing the mean cytoplasmic signal of
the DHB-mVenus reporter by the mean nuclear signal. This will typically yield a CDK2 activity
ranging between 0.2 and 2 AU. To identify the cell cycle dependence of Zn?* in cells, tracks were
binned based on the frame at which they divided. For each frame, we calculated the cell fate of
cells dividing in a 5 frame window around that frame in the following manner: if cells had a CDK2
activity > 0.5 by 15 frames after mitosis, they were called “CDK2"*". If cells had a CDK2 activity <
0.5 15 frames after mitosis, they were either CDK2°™"%¢ or CDK2"°%, To delineate, we determined
whether cells began building up CDK2 activity after division, or if they stayed low for the rest of
the time lapse. The average and 95% confidence interval were determined for each frame. The
data were then plotted as “drug addition relative to anaphase”. Since proliferating cells have an
IMT of between 60-70 frames, or 12-14 hours, the time point -12 is taken to be either mid or late
G1. After cells commit to a cell cycle, the time from S-phase to mitosis is very robustly 8 hours.

All analysis was conducted in MATLAB 2020B.

Analysis of the DHB-mCherry p21-mCitrine pulse-chase experiment:
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Single-cell tracks were constructed identically to the DHB-mVenus pulse-chase
experiment. Mean nuclear fluorescence of the p21-mCitrine signal was used to determine p21
protein expression at each frame of the time-lapse. For each treatment condition, cells were
binned according to their CDK2 activity after division similarly to the DHB-mVenus pulse-chase
experiment. Since cells were expressing DHB-mCherry, the threshold for CDK2™ and CDK2°mere
cells was 0.58 instead of 0.5, which we identified empirically. The CDK2 activity and p21 signal

was then averaged and 95% confidence intervals were calculated.

Analysis of the FUCCI (CA) pulse-chase experiment:

Tracks of cells expressing the FUCCI (CA) sensor had to exist for the entirety of the
timelapse and were joined by every mitosis event detected by the EllipTrack program. Cells not
expressing both FPs at some point in the time lapse were removed from analysis. To identify
mitosis events, the local minima were found in the derivative of the mVenus signal. To identify
cell cycle phases, the mVenus and mCherry signals were min-max normalized, and subjected to
hysteresis thresholding to find roughly where each sensor was on or off. These thresholded
FUCCI (CA) signals were then passed through a first-round phase calling algorithm, which simply
assigned the G1 phase to mCherry(+) cells, S-phase to mVenus(+) cells, and G2 to mCherry(+)
and mVenus(+) cells. Occasionally, this algorithm miscalled the G1/S transition as G2, so a
refining function was applied to ensure that cells progressed from G1 to S to G2 to M to G1 and
so on in that exact order. Cell cycle phase lengths were measured for each mother and daughter

cell and exported for analysis. All analysis was done in MATLAB 2020B and in Python.

Identifying FUCCI cell cycle phase using a Gaussian Mixture Model (GMM)
Mean nuclear intensities of the FUCCI reporter were extracted from fixed cells in every IF

experiment. The z-score of each intensity was calculated for each replicate, and then each cell
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was categorized using a GMM with a set random seed and 10,000 iterations, which ensured that
the model converged. Cells were then plotted and color-coded with their respective predicted
group, and cell cycle phase was assigned by eye for each experiment. Cells in the group of

mCherry(-) and mVenus(-) were removed from analysis. Analysis was done in Python.
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Chapter 4: Future Directions

4.1 Zinc and the cell cycle

Zn*" concentration changes throughout the cell cycle. More specifically, Zn?* levels rise
around mitosis and stay elevated in early G1. The magnitude of this “Zn?* pulse” varies with media
Zn*" concentration. Despite adding to the field of Zn?* biology, our study was unable to address
where the Zn?* comes from: Zn?* is bound by proteins, sequestered inside of organelles, and
present in high concentrations in the media, so it is plausible that the free Zn** is mobilized from
one of these sources, or a combination. To address this, we can undertake stable isotope tracing
of Zn?* around the time of mitosis. By treating cells with a stable Zn?* isotope, fixing cells, and
analyzing the cells using nanoscale secondary ion mass spectrometry (NanoSIMS) to yield spatial
information about liberated or imported Zn®* stores during and after mitosis. We can then identify
whether the Zn?* ions are pumped in from the extracellular space or are liberated from intracellular
stores in response to a process in early G1.

We also demonstrated that knockdown of MTF-1, a transcription factor involved in the high
Zn*" response, changes the shape and magnitude of the Zn®* pulse. More obscure was the
observation that knockdown of this transcription factor altered the resting Zn?* levels in cells,
counter to the canonical idea that MTF-1 is only responsible for responding to high Zn?*. This
raises the question of why this knockdown alters the resting Zn?* concentration in cells. To
address this question, we can use computational models of simplified Zn?* regulatory networks to
identify changes in free Zn?* in a resting state and in response to a perturbation while varying
MTF-1 concentration. Coupled with in cellulo quantitative proteomics, we can create an in vivo
and in silico map of Zn?* cellular dynamics to identify variations in tissue responses to high and
low Zn?*. Further, we can use an iterative immunofluorescence imaging modality against known

Zn** homeostasis proteins to identify changes in expression of genes by MTF-1. This can yield
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insights into the temporal dynamics of MTF-1's regulation of resting and perturbed Zn?*

homeostasis.

4.2 Zinc and replication stress

Cells require Zn?* for a myriad of cellular processes, including adequate DNA synthesis.
A few early studies have identified that cells lacking Zn?* fail to synthesize adequate DNA and, as
a result, fail to proliferate in a timely manner. Adding to this canon of work, we have found that
mild, transient Zn** deficiency reversibly inhibits DNA synthesis, as well as activates the DNA
replication stress response. We found that Zn?* deficiency activates this response via the Chk1
pathway, and is not due to underlicensing of replication origins in G1. Although there was some
rescue of DNA synthesis upon co-treatment with a Chk1 inhibitor, it was not a full rescue, implying
that Chk1 is inhibiting other origins of replication from firing and implies that Chk1 activation is a
consequence of DNA synthesis impairment. To identify the exact mechanism of DNA synthesis
impairment, we can look to an in vitro model system to identify what part of the DNA replication
complex is Zn?** dependent. By purifying components of the eukaryotic replisome and monitoring
DNA synthesis rates under Zn®* deficient conditions, we can identify whether the replication
complex is impaired when deprived of Zn?*. We can also use this in vitro reconstituted replisome
to identify Zn?* occupancy of metal binding proteins after exposure to Zn?* deficiency by using
cysteine reactive proteomics. This can yield a deeper insight into the molecular basis of how Zn?*

deficiency can alter DNA synthesis.
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