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Aggregation in Therapeutic Protein Formulations 

Thesis directed by Professor Theodore W. Randolph 

Interfaces presented by subvisible particulate contaminants may reduce protein stability 

potentially compromising the efficacy and safety of therapeutic protein formulations. However, 

minimal guidelines are provided for the characterization and control of particulates smaller than 

10 µm in therapeutic protein formulations. In this work we investigated generation of nanobubbles 

and bis(2-ethylhexyl) phthalate (DEHP) droplets in therapeutic protein formulations and their 

effect on protein stability and aggregation. 

Nanobubbles generated upon reconstitution of lyophilized protein formulations not only 

serve as a source of subvisible particles but also reduce protein stability, promoting aggregation 

and particle formation. We show that Interluekin-1 receptor antagonist (IL-1ra) adsorbs readily to 

the nanobubble air-water interface resulting in significant changes in nanobubble surface charge. 

Further, incubating IL-1ra in nanobubble suspensions resulted in rapid particle formation and 

monomer loss. These results suggest nanobubbles generated during reconstitution of lyophilized 

protein formulations may compromise protein stability.  

To develop a strategy for minimizing nanobubble formation and its associated protein 

aggregation we evaluated the mechanism responsible for nanobubble formation upon 

reconstitution of lyophilized protein formulations. We hypothesized that nanobubble formation 

was dependent on nano-sized voids which may originate from small ice crystals generated within 

the freeze concentrated liquid during freezing. Correlations between nanobubble concentrations 

following reconstitution of lyophilized formulations and excipient crystallinity in the lyophilized 

solid suggests excipient crystallization could contribute to nano-void formation. Inhibiting 



iv 
 

excipient crystallization was an effective strategy for minimizing nanobubble generation in 

lyophilized formulations. This strategy for decreasing nanobubble formation also reduced the 

formation of insoluble protein particle during reconstitution. 

Finally, we showed that DEHP droplets shed from polyvinyl chloride (PVC) IV bags could 

serve as a source of subvisible particulate contaminants in therapeutic protein formulations diluted 

and administered using these products. Intravenous immunoglobulin (IVIG) adsorbed readily to 

droplets of emulsified DEHP. Adsorbed protein formed viscoelastic films at the DEHP-water 

interface which may contribute increased aggregation rates observed in rotated samples of IVIG 

containing DEHP. Activation of the complement system by IVIG formulations containing DEHP 

droplets suggests DEHP droplets could contribute to the frequency of infusion reactions following 

administration of therapeutic protein formulations. 
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Chapter 1 Introduction 

1.1 Proteins as Therapeutic Agents 

Proteins are highly complex biological macromolecules which accomplish diverse and 

highly specific functions within the human body. Protein functions within the human body range 

from catalysis of biochemical reactions to the formation of receptors and channels within cell 

membranes.1 The capability of proteins to accomplish diverse biological functions results from the 

complex relationship between protein structure and function. All proteins are composed of the 

same 26 amino acids. However, the exact sequence of amino acids in the primary sequence will 

dictate the higher order three-dimensional structure of the protein and ultimately the protein’s 

function. This relationship between structure and function of proteins make these biomolecules 

ideal candidates for therapeutic applications. Proteins provide distinct advantages over small 

molecule-based drugs based on their highly complex and specific functions. This specificity helps 

to lower the potential for interference with normal biological functions reducing the probability of 

adverse side effects compared to small molecule drugs. 

Therapeutic proteins are currently used to treat a variety of human diseases and disorders 

with applications ranging from the replacement of deficient native proteins, such as insulin for 

treatment of diabetes, to altering diseases processes including treatment of multiple sclerosis, 

hepatitis and cancer.2 Resulting from their diverse potential applications, therapeutic proteins are 

a rapidly growing area of the pharmaceutical industry. Since the approval of the first therapeutic 

protein manufactured with recombinant DNA technology by the U.S. Food and Drug 

administration in 1982, the use of therapeutic proteins has been rapidly expanding. By 2005 there 

were over 160 biopharmaceutical products on the market with annual sale exceeding 30 billion 

dollars.3 Following the introduction of the first therapeutic protein products in the 1980s, protein 

has been engineered to further increase their clinical potential by increasing efficacy while 
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reducing the possibilities for adverse immune responses. In addition, engineered proteins have 

expanded the use of therapeutic proteins from replacement of endogenous proteins to the 

development of proteins which provide novel functions such as interfering with molecules or 

organisms or delivering payloads such as cytotoxic drugs.4 Despite significant advances resulting 

in the development of new biological products significant challenges still surround the production 

of safe and efficacious therapeutic protein products.  

1.2 Stability of Therapeutic Proteins  

One of the most significant challenges associated with the development of therapeutic 

proteins is their marginal stability and propensity to aggregate when stressed. This marginal 

stability is attributed to the minimal difference in free energy between native and unfolded protein 

states which are typically on the order of only 50 kJ/mol.5,6  A protein’s native structure results 

from a delicate balance between stabilizing and destabilizing forces. Intramolecular interactions 

between amino acid residues dictate the higher order protein structure and stabilize a protein’s 

native structure. These interactions include hydrophobic interactions, electrostatic interactions, 

hydrogen bonding, and van der waals forces.7 These stabilizing forces are opposed by losses in 

conformational entropy resulting from significant reductions in translation, rotational and 

vibrational degrees of freedom in the protein’s native state compared to the unfolded state.8 This 

balance of destabilizing and stabilizing forces is highly dependent on the protein’s local 

environment including pH, ionic strength, excipients and temperature.9,10 Therefore, proper 

formulation and storage conditions are crucial for maintaining a protein in its native conformation. 

When administered to patients, therapeutic protein products must be chemically as well as 

conformationally pure.11 Therapeutic proteins native conformation must be maintained throughout 

manufacturing, shipping, and storage. For a therapeutic protein to be economically viable, it must 
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remain stable for 18-24 months when stored as the final drug product.11 Loss of native protein 

structure or aggregation and particle formation during storage or handling can have severe clinical 

implications ranging from reduced biological efficacy to severe immune responses potentially 

leading to anaphylaxis and even death.11–13   

Maintaining a protein’s native structure and inhibiting aggregation from manufacturing to 

administration is a significant challenge which requires extensive knowledge of stresses which 

may be incurred during manufacturing, shipping, storage and handling of a therapeutic protein 

product. The development of a successful therapeutic protein products requires that the product is 

capable of maintaining conformational stability throughout its shelf life.14 Achieving a 

conformationally stable product requires the development of a protein formulation in which a 

protein will maintain its native secondary, tertiary and quaternary structure when exposed to a 

wide range of conditions.15,16 The development of an optimized therapeutic protein formulation 

requires extensive knowledge of stresses the product will be exposed to prior to administration. 

Below we have briefly reviewed major stresses encountered by proteins and formulation-based 

strategies that can be employed to minimize their impact on protein stability. 

  The thermostability of therapeutic proteins is an important property used in the selection 

and development of biological drug products. As proteins are only marginally stable, proteins can 

be destabilized at even moderate temperatures resulting in thermal denaturation.17,18 Resulting 

from the nature of the intramolecular interactions stabilizing their high order structure, proteins 

typically have relatively low melting temperatures and are usually recommended to be stored at a 

temperature between 4-8 °C. Elevated temperatures will induce local unfolding and subsequent 

exposure of hydrophobic residues can induce rapid aggregation and particle formation.14,19,20  
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The combination of interfaces and shear is one of the leading causes of structural 

perturbations and aggregation in protein formulations.21–23 Protein is amphiphilic molecules with 

hydrophobic and hydrophilic regions and therefore absorbed readily at interfaces.5,24 Furthermore 

protein adsorption to interfaces can result in irreversible denaturation.25 When proteins adsorb to 

hydrophobic interfaces such as air-water or oil-water interfaces, hydrophobic region previously 

buried within the protein interior may reorientate to contact the hydrophobic interface resulting in 

significant structure perturbations.26,27 Changes in protein structure following adsorption to 

interfaces may lead to protein aggregation and gelation at interfaces.28–30 Protein gels layers 

formed at interfaces resulting from protein-protein intermolecular interaction including hydrogen 

bonding which may promote formation of non-native intermolecular β-sheet structures.31,32 Gelled 

protein layers when disrupted by fluid shear forces can be shed into the bulk solutions resulting in 

the generation of insoluble protein particles and significant monomer loss.23,33,34  

Between various processing steps during manufacturing, therapeutic proteins may be 

frozen to reduce rates of protein degradation as the protein is immobilized in the frozen matrix.14 

In addition, during storage therapeutic proteins may be intentionally or unintentionally frozen. 

While protein stability is typically improved in a frozen state, a number of destabilizing events can 

occur during freezing including solute concentration, phase separation, pH changes and formation 

of ice-water interfaces.35 During freezing protein and formulations components will be 

concentrated in the non-ice phase.14 Increases in solute concentrations combined with pH shifts 

induced by crystallization of buffer components, such as phosphate buffers, can result in 

significant perturbations in protein structure.36 Furthermore, during freezing excipient 

crystallization can separate protein from stabilizing additives.35 As well as changes in the protein 
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local environment, freezing can also generate damaging ice-water interfaces which may induce 

protein structure perturbation and aggregation upon adsorption.37  

Proper handling of therapeutic proteins is crucial for maintaining a conformationally pure 

product as well as preventing protein aggregation and particle formation. As discussed above, 

interfacial shear caused by agitation of protein formulations can induce particle formation. In 

addition, mechanical shock caused by dropping vials can also promote protein aggregation. 

Cavitation results from the violent collapses of cavities generated by high-pressure shockwave 

during mechanical shock.38 During the collapse of these cavities, regions of extremely high 

temperature and pressure are generated as well as reactive hydrogen and hydroxyl radicals.39,40 

The conditions generated during these cavitation event caused by dropping can induce protein 

aggregation as well as oxidative damage. However, cavitation events are concentrated to an 

extremely small volume, and therefore negligible changes in protein concentration were 

observed.41 However even a small number of protein aggregates and oxidized species induced by 

cavitation could compromise product safety and efficacy.  

To minimize structural perturbations and aggregation in protein formulations various 

strategies may be employed to minimize the impact of various environmental stresses. The first 

strategy is often to minimize the occurrence of each stress. For example, biological manufacturers 

will minimize the number of freeze-thaw cycles protein are submitted to during manufacturing and 

provide clear package labeling regarding the recommended storage temperatures. However, not 

all stresses can be avoided entirely, and manufacturers have limited control over the handling and 

storage of their products after shipping.42  

Formulation based strategies are also employed to minimize the destabilizing effect of 

various stresses and to maintain product quality and integrity throughout manufacturing, shipping 
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and storage.7 To limit the extent of damage incurred by interfaces such as during agitation or 

freezing many protein formulations include surfactants. Surfactants will compete with proteins for 

adsorption at interfaces reducing the degree of protein aggregation, and gelation.28,43,44 For 

thermally unstable proteins stabilizing excipient are often added to increase the free energy of 

protein unfolding.14 Common stabilizing excipients include sugars which are excluded from 

adsorbing to the protein surface. This negative adsorption increases the free energy of the unfolded 

state making increases in surface area caused by protein unfolding energetically unfavorable.45,46 

Finally, rates of protein aggregation can be reduced by optimizing formulation conditions such as 

pH and ionic strength. Proteins are typically formulated as far from their isoelectric points as 

possible to increase net charge and therefore electrostatic repulsions between proteins. While a 

variety of methods have been developed to improve the robustness of protein conformation 

stability, not all stresses can be solved through formulation strategies. Therefore, maintaining a 

conformationally pure product is also dependent on ensuring the protein is handled and stored 

correctly. 

1.3 Immunogenicity of Therapeutic Protein Formulations 

One of the most significant factors impacting the efficacy and safety of therapeutic proteins 

is the potential for immune responses targeting administered products.47–49 Immune responses 

typically involve the generation of neutralizing antibodies which target the therapeutic protein 

significant reducing the product half-life and altering pharmacokinetics.47 In addition to reduced 

efficacy immune response can result in severe complications if neutralizing antibodies also target 

the patient’s endogenous proteins with non-redundant functions. Furthermore, adverse immune 

responses can result in anaphylaxis and in severe cases fatalities.50 As nearly all therapeutic 

proteins have been shown to have the capability of inducing immune responses, which may 
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compromise both product efficacy and safety, minimizing the immunogenicity of the therapeutic 

protein product is a significant goal biological manufactures and regulators.51–54   

In modern therapeutic protein products using recombinant DNA technology, the frequency 

of immune response are low compared to early animal-derived products and immune response are 

often not associated with severe clinical consequences.2 However, there have been multiple recent 

examples of immune response elicited against administered therapeutic protein products including 

interferon-α, recombinant human erythropoietin (EPO), factor VIII.53 The clinical consequences 

of immunogenicity have varied from reduced efficacy in the case of interferon-α to life-threatening 

adverse responses in the case of EPO.  One of the most widely used examples of the severe clinical 

implications resulting from the immunogenicity of marketed therapeutic protein products occurred 

following administration of EPO. Erythropoietin based products were first approved in 1988 to 

treat patients with anemia associated with a deficiency in endogenous erythropoietin. However, it 

was later found that immune response targeting this product could induce pure red cell aplasia 

resulting from the generation of neutralizing antibodies following administration of EPO which 

targeted not only the drug product itself but the patient’s endogenous erythropoietin. This 

generation of anti-erythropoietin antibodies resulted in undetectable levels of erythropoietin in 

patients and the development of transfusion-dependent anemia.53 The serious clinical 

consequences of immune response highlight the importance of understanding and minimizing the 

immunogenicity of therapeutic protein products. 

Minimizing immunogenicity is a major goal of biological manufactures and regulators to 

assure both the safety and efficacy of therapeutic protein products.49 The immunogenicity of early 

therapeutic protein products derived from animal source was first explained based upon 

differences in structure between human and animal proteins. However, it was later found that while 
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proteins derived from human tissues and plasma exhibited lower frequencies of immune responses, 

immune response was still observed.55 Even recombinant proteins with structures nearly identical 

to native protein are capable of inducing an immune response.56 As new therapeutic product begin 

to be developed with structures significantly different from those of native proteins it will become 

even more important to understand factors contributing to immunogenicity and develop strategy 

for minimizing immune responses. To attempt to reduce the immunogenicity of foreign protein 

several strategies have been implemented including pegylation, site-specific mutagenesis, exon 

shuffling and humanization of monoclonal antibodies.57 It can be difficult to evaluate the 

effectiveness of these strategies as the immunogenicity of proteins are typically monitored using 

animal models in early stages of product development, however conventional animal models have 

been shown to have limited use for predicting immunogenicity in humans.57,58 Therefore the actual 

frequency of immune response in humans for a therapeutic protein product is often not determined 

until the later stages of clinical trials or after the product is launched.59 

Product quality, such as the extent of aggregation, deamination, and oxidation, contribute 

to the frequency of immune responses following administration of therapeutic protein 

products.49,52,56,60–67 While many studies have established a connection between protein 

aggregation and immunogenicity, questions remain regarding what properties of protein 

aggregates promote interaction with immune cells and if all protein aggregates are inherently 

immunogenic. It has been shown that immunogenicity of protein aggregates may be dependent on 

various properties including size and protein structure within the aggregate.59,68 Generation of 

neutralizing antibodies against a therapeutic product is dependent on the protein maintaining a 

near-native conformation upon aggregation.56 The highly ordered and repeating arrays of native 

protein aggregates can lead to a strong B cell response and rapid activation of the immune 
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response.69 Protein aggregation is also associated with perturbations in protein structures resulting 

in the exposure of hydrophobic region which promotes protein aggregates. This change in protein 

secondary and tertiary structure may cause the protein to be considered foreign by the immune 

system.51  

1.4 Controlling Sub-Visible Particulate Contaminants in Therapeutic Protein 

Formulations 

The effect of sub-visible particulate contaminants on the safety and efficacy of therapeutic 

protein products is of growing concern in the biopharmaceutical industry. Recently it was 

identified that lack of control of subvisible particulates in marketed biopharmaceutical products 

which could compromise the safety and efficacy of therapeutic protein products.70  The primary 

guidance used by the biopharmaceutical industry for control of particulate matter in therapeutic 

protein products is provided by the United States Pharmacopeia (USP) chapter 787 and 788. This 

guidance dictates that upon release particulate matter in therapeutic protein products must not 

exceed 6000 particles per container larger than 10 µm and 600 particles per container greater than 

25 µm.71  This standard for the levels of particulate matter in released therapeutic protein products 

may not necessarily ensure product safety.72 These regulations do not address particle levels in the 

0.1 – 10 µm particle range which could have significant consequences for the immunogenicity of 

protein products.70  

There is growing evidence showing connections between sub-visible particle in therapeutic 

protein products and immunogenicity. In an article published in 2013, Barnard et al. found that in 

marketed Interferon-β products the rate of neutralizing antibody formation during clinical studies 

correlated closely with the concentration of particles in each formulation.73 Further evidence of 

the potential connection between particulate matter and immunogenicity was obtained when an 

erythropoietin peptide mimic was withdrawn from the market after 49 cases of anaphylaxis 
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including seven fatalities were reported.74 During clinical trials, this product was both safe and 

efficacious contrary to the results observed within 1 year after the product was launched. This 

increase in immunogenicity was again shown to closely correlate with higher concentrations of 

sub-visible particles in the marketed multi-use formulation compared to the single-use formulation 

used during clinical trials. The growing evidence of connections between subvisible particulate 

matter and immunogenicity has emphasized the importance of controlling protein aggregate levels 

in therapeutic protein formulations.75–77 

Particulate matter in therapeutic protein products can originate from a wide variety of 

sources and are classified as either intrinsic or extrinsic. The major source of intrinsic particulate 

matter in most protein formulations is aggregation of the drug product itself. Aggregation and 

particle formation is considered to be an inherent property of proteins and is present in all protein 

products to some extent.78,79 Protein aggregates can span a wide size range from oligomers 

composed of just a few protein molecules to large aggregates up to 100s of µm in length. 

Aggregates have highly variable structures and morphologies which are often dependent on the 

type of stress applied and the specific protein. In addition to protein aggregation, non-

proteinaceous particles may originate from various manufacturing unit operations or packaging 

materials.80 For example, glass lamellae can be shed from glass vials while lubricants such as 

silicone oil have been found to shed from lubricated prefilled syringes.  

While most studies of the immunogenicity of therapeutic formulations have focused 

primarily on protein aggregates, sub-visible non-proteinaceous particulates can also have a 

significant impact on product quality and immunogenicity. Particulate matter serves as an 

additional interface for protein to adsorb in which protein will adsorb typically until the surface is 

completely coated with a protein monolayer.81 Even in formulations that are both 
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thermodynamically and colloidally in the bulk solution the presence of foreign surface can have 

significant destabilizing effects. Upon adsorption to these interface rearrangements in protein 

structure can occur resulting in increased rates of both protein degradation and aggregation.82 

Through a heterogeneous nucleation mechanism particulate matter can promote the nucleation of 

protein aggregation which will then grow into large aggregates can promote significant monomer 

loss in the bulk solution. For example, Chi et al. showed that silica nanoparticle could induce rapid 

aggregation of rhPAF-AH, while increase formation of soluble aggregates was observed when a 

monoclonal antibody was incubated with stainless steel microparticles.81,82 Eliminating non-

proteinaceous particulate matter such as metal or glass particles from a protein formulation may 

not always be practical as it may require the re-engineering of the material properties of containers, 

pumps, and tubing to attempt to eliminate particle shedding completely. However, biological 

manufacturers must be vigilant in monitoring the type of particulate matter present in their 

products and their impact on product stability. 

The impact of sub-visible particle concentration below 10 µm on the safety and efficacy of 

therapeutic protein products has led to increased calls to better regulate and control particulate 

matter. However, the characterization of particulate contaminants poses formidable challenges for 

many existing particle characterization methods originally developed to measure non-

proteinaceous particulates. In therapeutic protein products, the greatest source of particulate matter 

is often aggregation of the protein product itself. Protein particles can be difficult to detect and 

characterize resulting from significant differences in morphology, density and refractive index 

between proteinaceous particles and particle standards. 

The primary method for characterizing particulate matter described in USP 787/788 is light 

obscuration.83 In light obscuration instruments, a beam of light is passed through a flow cell with 
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a detector on the opposite side.84 Particles passing through the flow cell obscure light and the 

reduction in light intensity are used to calculate particle sizes. This method provides data regarding 

the size and concentration of particles present in a formulation. However, light obscuration does 

not provide any information regarding particle morphologies and cannot differentiate between 

protein aggregate and other particulate contaminants. This method has significantly lower 

sensitivity than other characterization methods especially if the refractive index of a particle is 

similar to the surrounding media.85,86, In the example of the erythropoietin mimic described above, 

light obscuration was not capable of detecting increased particle concentrations in formulations 

associated with increased immunogenicity.74 

New particle characterization methods have begun to emerge which may provide 

opportunities to significantly improve characterization and control of sub-visible particulate 

contaminants in therapeutic protein products. Improvements in flow imaging technologies 

developed by Flowcam and MFI allows the acquisition of morphology information as well as 

concentration and size distribution during characterization of protein formulations.86 Flow imaging 

techniques utilize a digital camera to acquire images of individual particles as they pass through a 

flow cell. Using flow images, proteinaceous particles can be differentiated from extrinsic 

particulates such as silicone droplets or air droplets.87  

Flow imaging microscopy-based methods can characterize particles down to 

approximately 2 µm leaving a significant gap in the nanometer size range. To bridge this gap 

instruments have begun to be developed to measure particle concentrations and size distribution 

below 1 µm. Techniques such as nanoparticle tracking analysis allow particles a small as 10 nm 

to be analyzed. This method utilized as laser beam passed through the samples chamber and the 

scattering of light by these particles are used to track the movement of each particle individually. 



13 
 

The movement of individual particle can then be used to calculate particle diameters using the 

Stoke-Einstein equation.88 Another technique developed to characterize particles below 1 µm is 

resonant mass measurement (RMM). Using the principal of resonant mass measurement, these 

instruments not only measure the concentration and size distribution of particles but can also 

differentiate between different particles base on their buoyancy. RMM can differentiate between 

particles whose densities are less than or greater than that of the bulk fluid based on changes in 

resonance frequency as particles pass through a resonating cantilever.89 This process allows protein 

aggregates to be easily differentiated from positively buoyant particles such as air bubbles or 

silicone oil droplets. 

While instruments are beginning to be developed which may allow the complete sub-

visible particle size range to be characterized most of these instruments are still in early stages of 

development. Few if any new instruments have been validated for use in quality control 

applications in manufacturing. For industrial applications, new particle characterization 

instruments must allow for both high sample throughput and limited sample volumes.90 These 

instruments would enable manufacturers to rapidly screen particle concentrations in early-stage 

product development as well as allows for formulation optimization. However, even when the 

technology does exist better characterize sub-visible particles in protein formulation questions 

remaining concerning exactly how particle concentration limits should be set.  

While no new regulations have been developed particulate matter in therapeutic protein 

since USP 787/788 the regulatory perspective on this challenging problem of particle control is 

beginning to evolve. Regulators such as the FDA are starting to expect manufacturers to count and 

characterize particles below the 10 µm limit set in USP 787.86 This push for characterization below 

10 µm stems from the recognition that a lack of understanding of how particles impact both product 
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safety and efficacy constitutes a significant source of uncontrolled risk.91 As instruments for 

particle characterization are developed and our knowledge of the effect of particle in-vivo 

improves we should expect to see substantial change in how the regulation of sub-visible particle 

in therapeutic protein formulations in the future.  

1.5 Stabilization of Therapeutic Proteins in Freeze-Dried Solids 

Lyophilization or freeze-drying is a commonly employed strategy to improve the long-

term stability of proteins with unsatisfactory stability in aqueous formulations.92,93 In freeze dried 

solids, proteins are maintained in a glassy state in which the rate of both physical and chemical 

degradation are significantly reduced. Inhibition of protein degradation in a lyophilized solid 

allows proteins with minimal stability in aqueous formulation to achieve acceptable shelf lives.94 

Lyophilization begins with freezing of the protein drug product in its final drug product container. 

Drug product is placed on the shelves of a freeze dryer, and the shelf temperature is gradually 

reduced depending on the freezing protocol. Following freezing, the dehydration step of 

lyophilization is conducted under vacuum and is separated into two separate stages primary and 

secondary drying. During primary drying, the frozen water is sublimated while the :remaining 

unfrozen water within the freeze concentrated liquid is removed during secondary drying.95  

The goal of a lyophilization process is to achieve a final product in which perturbations in 

protein structure are minimized following drying and in which aggregation is inhibited upon 

reconstitution. However, loss of protein structure resulting in both aggregation and loss of 

biological activity is commonly observed in reconstituted lyophilized samples.92,96–98 To inhibit 

perturbations in protein structure during lyophilization, both the formulation and lyophilization 

process must be optimized to minimize stress incurred by the protein during freezing and drying 

.92 A well-designed lyophilized formulation and protocol requires an understanding of stresses 
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incurred through lyophilization and how they can be minimized through both formulation and 

processing based strategies.  

Freezing is a major stress during any lyophilization process. As ice begins to nucleate 

within the sample, the protein and solutes will be concentrated in the liquid non-ice phase as ice 

crystals grow. During freeze concentration, the solute concentration can increase as much as 50-

fold. Freeze concentration combined with crystallization of formulation components can induce a 

significant change in the local protein environment potentially impacting protein structure .96 For 

example, selective crystallization of buffer components can induce shifts in pH denaturing pH-

sensitive proteins.99 It has been well documented that resulting from its lower solubility, Na2HPO4 

crystallizes more readily than NaH2PO4 causing significant pH shifts during freezing.100–102 

Therefore crystallizing buffers such as phosphate are generally avoided in lyophilized 

formulations.  

During freezing, the formation of an ice water interface can promote protein adsorption 

and induce perturbations in protein structure.103 It has been shown that the extent of destabilize 

correlates with freezing rate. Faster cooling rates will result in greater supercooling before ice 

nucleation occurs facilitating the formation of smaller ice crystals and increased ice surface area 

compare to slower cooling rates.104 This destabilization of proteins at the ice-water interface can 

be reduced by adding surfactants to compete with protein for adsorption at the ice-water 

interface.104 

A significant component of lyophilized formulations is non-reducing sugars such as 

trehalose or sucrose. These polyhydroxy compounds resist crystallization and instead form 

amorphous glasses when concentrated. The increased viscosity of the freeze concentrated sugars 

prevents complete ice crystallization within the sample. However, ice crystallization is inhibited 
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once the sugar forms a highly viscous amorphous glass. Upon vitrification the non-frozen phase is 

considered to be maximally freeze-concentrated and typically contains 15-30% unfrozen water by 

weight.105 The temperature at which vitrification occurs is the glass transition temperature of the 

maximally freeze-concentrated phase and is a critical processing parameter. 

The glass transition temperature of the freeze concentrated phase dictates the primary 

drying temperature. To prevent cake collapse and product loss during drying, the product 

temperature must remain below the glass transition temperature of the freeze concentrated liquid. 

Typically, primary drying temperatures approximately 2-5 ˚C below the glass transition 

temperature are chosen to maximize primary drying rates while minimizing the potential for cake 

collapse and product loss.92 Selection of a primary drying temperature can be complicated by 

variations in primary drying rates between vials within a single lyophilization run. This variation 

often results from the random nature of ice nucleation resulting in differing degrees in supercooling 

from vial to vials impacting ice crystal size.106 This heterogeneity may result in large differences 

in drying rates from vial to vial.106 To eliminate this heterogeneity an annealing step above the 

product glass transition temperature can be implemented before the start of primary drying.107 

Above the glass transition temperature Ostwald ripening rates are significantly increased resulting 

in growth of large ice crystal as the expense of smaller ice crystals.108 Ostwald ripening process 

will increase the ice crystal size and simultaneously reduce heterogeneity in ice crystal size 

allowing for more uniform drying rates.109,110 In addition to coarsening of ice crystals, annealing 

can promote crystallization of bulking agents such as mannitol or glycine which may be necessary 

for providing cakes structure or for ensuring protein stability.94 Crystallization of bulking agents 

with low glass transition furthermore combined with further ice crystallization can increase the 

glass transition of the amorphous phase allowing for higher primary drying temperatures.92 



17 
 

Amorphous non-reducing sugars also play an important role in stabilizing proteins during 

drying and as well as in the dried solid. Multiple studies have shown that amorphous excipients 

protect against drying related stresses and that crystallization of stabilizing excipients significantly 

reduces protein stability.93,111,112 Dehydration of protein during lyophilization results in the 

removal of the monolayer of water which forms the hydration shell.113 Loss of hydrogen bonding 

interactions upon removal of the hydration layer during drying can result in disruption of native 

protein structure.113 However, sugars can reduce dehydration related stress and stabilizing 

therapeutic protein during lyophilization by hydrogen bonding to polar groups and serving as a 

“water replacements”.114,115 

1.6 Formation of Nano-sized Air Bubbles Following Reconstitution of Freeze-Dried 

Solids 

As mentioned above particle formation may occur readily upon reconstitution of 

lyophilized formulation resulting from destabilization of proteins induced by the freezing and 

drying process. While characterizing the formation of sub-visible particles in lyophilized 

formulations of intravenous immunoglobulin, Zhou et al. discovered that not all particle generated 

upon reconstitution of the lyophilized formulations were proteinaceous. Rather when the 

reconstituted solutions were characterized using a resonant mass measurement technique a large 

number of nano-sized air bubbles called nanobubbles were observed. These nanobubbles could 

not be removed readily by gassing and remained stable when stored for extended periods up to 11 

days.116 

This report of nanobubble generation upon reconstitution of lyophilized formulations was 

not the first time that nano-sized air bubbles. There have been multiple papers published reporting 

the formation of stable air bubbles with diameters of approximately 100 nm.117–120 Despite multiple 

published accounts of the existence of nanobubbles, significant controversy surrounds their 
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reported long-term stability.121 This controversy originates from the long-term stability of 

nanobubbles being inconsistent with predictions of nanobubble lifetimes based on thermodynamic 

considerations. 

The controversy surrounding nanobubble stems from the expected internal pressure 

required to stabilize a nano-sized gas bubble. For a bubble to be stable, the internal pressure within 

the bubble must balance the external liquid pressure as well as the tendency for surface tension to 

compress the bubble. As shown in the equation below;  

𝛥𝑃 = 2𝜎 𝑅⁄  

the Laplace pressure (ΔP), can be calculated from the surface tension of the air-water interface (𝜎) 

and the bubble radius R.122 If we assume that the surface tension of the nanobubble air-water 

interface is identical to that of the planar air-water interface the Laplace pressure of a nanobubble 

with a 100 nm radius would be approximately 14 atm.123 This high internal pressure should provide 

a large driving force for gas to dissolve into the surrounding liquid results on an expected 

nanobubble lifetime on the order of 80 µs based on Epstein-Plesset theory.124  

To explain the unexpected long-term stability of nanobubbles, multiple theories have been 

postulated throughout the nanobubble literature. Most theories either focus on reducing the driving 

force for gas to dissolve from the nanobubble into the surrounding bulk liquid by reducing the 

bubble surface tension or even preventing gas diffusion through some sort of barrier or skin. 

Reductions in Laplace pressure could be accomplished by completely coating a nanobubble in an 

organic contaminant or if a large number of nanoparticles adsorbed to the surface resulting in an 

effective reduction in the radius of curvature of the air-interface.121,125 Yasui et al. has suggested 

that a small amount of hydrophobic material adsorbed on a bubble could serve as a source of 
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additional gas potentially balancing the outflux of gas dissolved into the surrounding solution.126 

Finally, it has been suggested that the commonly reported negative surface of nanobubble air-

water interface could contribute to their stability.127–129 Bunkin et al. postulated that the surface 

charge of the nanobubble itself could provide a repulsive force countering the Laplace pressure.130–

132  

Despite there being little consensus regarding the stabilizing mechanism of nanobubbles, 

significant effort has been placed in the development of nanobubble generators and applications 

for the bubbles. Proposed applications for nanobubble include aquaculture, cleaning and 

wastewater treatment.121,133–135 
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Chapter 2 Objectives and Specific Aims 

2.1 Objectives 

The majority of therapeutic protein products have exhibited the potential to induce adverse 

immune responses with effects ranging from reduced therapeutic efficacy to severe cases of 

anaphylaxis and even fatalities. While the frequency of severe immune response to therapeutic 

protein products are low, questions remain regarding factors contributing to adverse immune 

responses. One relatively uncontrolled factor remains the presence and concentration of sub-

visible particles in protein products. Currently, regulatory agencies only provide guidelines for 

particles concentrations down to 10 µm leaving a significant uncontrolled region below this size 

range. It has been suggested that both the lack of control and characterization of particles below 

10 µm may constitute an uncontrolled risk, potentially compromising the safety and efficacy of 

therapeutic protein formulations.70 

Particles in therapeutic protein formulations may originate from a wide variety of sources 

including aggregation of the protein itself, manufacturing unit operations as well as containers and 

closures. Past research has shown that interfaces presented by silicone oil lubricants shed from 

prefilled syringes could promote protein aggregation and enhance the immunogenicity of protein 

formulations. In this work we have chosen to study two previously unexplored sources of sub-

visible particles in protein formulations. First, we evaluated the effect of air-water interfaces 

presented by nanobubbles generated upon reconstitution of lyophilized solids on the stability of 

the interleukin-1 receptor antagonist (IL-1ra). In addition, we investigated the potential 

contribution to subvisible particulate content from plasticized polyvinyl chloride (PVC) bags used 

for the delivery of therapeutic protein formulations. These studies focused on evaluating if bis(2-

ethylhexyl) phthalate (DEHP) droplets shed from PVC bags containing intravenous (IV) saline 

could reduce protein stability while enhancing immunogenicity 
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2.2 Specific Aims 

2.2.1 Aim 1: Evaluate the effect of nanobubbles generated following reconstitution of 

lyophilized solids on aggregation and particle formation of IL-1ra. 

In 2016, Zhou et al. reported the formation of stable nanobubbles upon reconstitution of 

lyophilized solids. The formation of stable nanobubbles with diameters of approximately 100 nm 

had been commonly reported in the literature, but there had been no investigation of how nano-

sized air bubbles could impact protein stability. Using the model protein interleukin-1 receptor 

antagonist (IL-1ra), we investigated interactions between nanobubbles and IL-1ra. We began by 

measuring the surface charge of nanobubble solutions both with and without IL-1ra as a function 

of pH to probe potential impacts of IL-1ra adsorption on nanobubble surface charge and colloidal 

stability. We then employed particle characterization methods including resonant mass 

measurement and nanoparticle analysis to evaluate the effect of IL-1ra on the formation of 

nanobubbles and the generation of proteinaceous particles following reconstitution of lyophilized 

solids. Finally, accelerated stability studies were conducted where the stability of IL-1ra was 

monitored as a function of nanobubble concentration. 

2.2.2 Aim 2: Elucidate mechanism of nanobubble formation upon reconstitution of 

lyophilized solids and develop strategies for reducing both nanobubble generation and 

associated protein aggregation. 

The second aim of this research was to develop a mechanism by which nanobubbles are 

formed in lyophilized formulations and to ultimately leverage this mechanism to reduce 

nanobubble formation and its associated protein aggregation described in Aim 1. We hypothesized 

that nanobubble generation in lyophilized formulation resulted from the formation of nano-sized 

voids within glassy lyophilized matrices which formed nanobubbles as the surrounding matrix 

dissolved away during reconstitution. This generation of nano-sized voids within a glassy matrix 

would likely be dependent on the physical state of excipients in the final lyophilized solid. To 

explore this hypothesis, we compared nanobubble generation measured following reconstitution 
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of lyophilized amorphous formulations of either trehalose or sucrose to formulations of the 

crystallizing excipient mannitol. We then added mannitol progressively to formulations of either 

trehalose or sucrose and monitored nanobubble generation as a function of excipient crystallinity 

in the final lyophilized solid measured using powder X-ray diffractometry. We then monitored the 

effect of co-lyophilizing a model protein IL-1ra on nanobubble generation and quantified the 

formation of proteinaceous particles in these lyophilized formulations following reconstitution. 

2.2.3 Aim 3: Investigate DEHP nanodroplet formation in PVC IV bags and its effect on the 

stability and immunogenicity of therapeutic protein formulations. 

Bags containing IV saline are regularly used for dilution and administration of therapeutic 

protein formulations. These bags are often composed of polyvinyl chloride, a material which must 

have plasticizers added at concentration as higher as 40% by weight to achieve desirable material 

properties for medical applications. It has been commonly reported that the plasticizer DEHP 

leaches from plasticized PVC material, but there have been no reports of the generation of 

insoluble DEHP droplets in PVC IV bags. We began this aim by characterizing particles generated 

in PVC IV bags using a variety of particle characterization method including nanoparticle tracking 

analysis, resonant mass measurement, and flow imaging microscopy. Particle contents within bags 

were characterized either after being shaken to replicate shipping related stress or after being 

transported using the pneumatic tube system at the Denver Children’s Hospital.  

Following characterization of particles generated in PVC IV bags we proceeded to 

characterize the effect of DEHP-water interfaces on the stability of intravenous immunoglobulin 

(IVIG). Experiments were conducted to allow for direct comparison with silicone oil droplets 

previously shown to be shed from prefilled syringes. Protein adsorption to DEHP droplets was 

characterized using a solution depletion method, while changes in protein structure upon 

adsorption was monitored using 4,4′-Dianilino-1,1′-binaphthyl-5,5′-disulfonic acid dipotassium 
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salt (bis-ANS). Formation of intermolecular protein networks at the DEHP-water interface was 

monitored using interfacial shear rheometry. The stability of IVIG in formulation containing 

DEHP droplets was evaluated by quantifying the extent of IVIG monomer and dimer loss using 

size exclusion high performance chromatography. Finally, the immunogenicity of DEHP and 

silicone oil droplet was investigated through complement activation testing. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



24 
 

Chapter 3 Particle Formation and Aggregation of a Therapeutic 

Protein in Nanobubble Suspensions  
 

This chapter has been published in the Journal of Pharmaceutical Sciences as: Snell, JR., Zhou C., 

Carpenter JF., & Randolph, TW. (2016). Particle formation and aggregation of a therapeutic 

protein in nanobubble suspensions. J Pharm Sci 105:3057-3063. 

 

3.1 Abstract 

The generation of nanobubbles following reconstitution of lyophilized trehalose 

formulations has recently been reported.116 Here, we characterize particle formation and 

aggregation of recombinant human interleukin-1 receptor antagonist (rhIL-1ra) in reconstituted 

formulations of lyophilized trehalose. Particle characterization methods including resonant mass 

measurement and nanoparticle tracking analysis were used to count and size particles generated 

upon reconstitution of lyophilized trehalose formulations. In addition, accelerated degradation 

studies were conducted to monitor rhIL-1ra aggregation in solutions containing various 

concentrations of suspended nanobubbles. Reconstitution of lyophilized trehalose formulations 

with solutions containing rhIL-1ra reduced nanobubble concentrations and generated negatively 

buoyant particles attributed to aggregated rhIL-1ra. Furthermore, levels of rhIL-1ra aggregation 

following incubation in aqueous solution correlated with concentrations of suspended 

nanobubbles. The results of this study suggest nanobubbles may be a contributor to protein 

aggregation and particle formation in reconstituted, lyophilized therapeutic protein formulations. 
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3.2 Introduction 

Sub-visible particles within therapeutic protein products have become the focus of 

increased regulatory concern due to the association of particles with adverse immune responses in 

patients.48,73,74,91 This focus has led to significant efforts within the biopharmaceutical industry to 

count and characterize populations of sub-visible particles within formulations. Recently, a new 

source of particles in therapeutic formulations was identified by Zhou et al., who showed that large 

numbers of stable nanobubbles were generated following reconstitution of lyophilized trehalose 

formulations.116 Nanobubbles within reconstituted lyophilized formulations will likely contribute 

to counts of sub-visible particles, but it is not known whether nanobubbles also may promote 

protein aggregation and particle formation.  

Currently, nanobubbles are a growing area of research, with significant focus on 

understanding the mechanism(s) responsible for the stabilization of the 100-200 nm diameter 

bubbles129,136,137 in bulk aqueous solutions. Bubbles with diameters on the nanometer scale might 

be expected to be unstable due to high internal pressures generated by surface tension at the air-

water interface.138–140 If the surface tension at the nanobubble-water  interface were typical of air-

water interfaces, the Young-Laplace equation would predict that high pressures within the 

nanobubbles should result in dissolution and disappearance of the nanobubbles on the order of 

microseconds.122 However, studies have reported long-term (meta)stability of nanobubbles, with 

lifetimes ranging from hours119 to several months.136 It has been proposed that nanobubble stability 

may be dependent on the selective adsorption of anions at the nanobubble interface.132,139,141 At 

the nanobubble scale, ions adsorbed to the nanobubble interface could be in close enough 

proximity to result in repulsive forces strong enough to balance the compressive force from surface 

tension. The balance of these two forces would be expected to result in a nanobubble with a stable 

diameter where the dissolution of gas from the bubble would be minimized. 
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Suspensions of nanobubbles have been explored as cleaning agents to remove proteins 

from surfaces,134,142 but there have been no published examples of research on the effect of 

nanobubbles on protein aggregation and particle formation. It is well-established that protein 

molecules have a tendency to interact with and adsorb to various interfaces. 143,144 In particular, 

due to their amphiphilic nature, proteins adsorb readily to air-water interfaces. The tendency of a 

protein to adsorb to a hydrophobic interface results mainly from the hydrophobic interactions 

between exposed hydrophobic residues and the air-water interface, although electrostatics may 

also play a role.145,146 Following adsorption, reorientation of hydrophilic and hydrophobic residues 

of protein often occurs, resulting in loss of native structure and production of gel-like protein 

layers.44,147 Conformational changes resulting from adsorption to the air-water interface have been 

associated with reduced efficacy in therapeutic proteins.144 Adsorption of protein particles to 

nanobubbles could result in protein particles and/or hybrid protein-air bubble nanoparticles, and 

potentially nucleate protein aggregation in the bulk solution.  

In this study, we investigated whether nanobubbles generated following reconstitution of 

lyophilized disaccharide formulations could induce protein aggregation and particle formation in 

formulations containing recombinant human interleukin-1 receptor antagonist (rhIL-1ra). Particles 

generated following reconstitution of lyophilized disaccharide formulations were characterized 

using a combination of resonance mass measurement (RMM), nanoparticle tracking analysis 

(NTA) and zeta potential measurements. Lyophilized trehalose and sucrose samples were 

reconstituted either with a buffer solution alone or with a buffer solution that contained rhIL-1ra, 

and the number and characteristics of particles present in the resulting solutions were compared. 

Accelerated degradation studies in aqueous solution were then conducted to determine if the 

presence of nanobubbles could induce rhIL-1ra aggregation during extended incubation. In other 
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studies, polysorbate 20 (PS20) and ethylenediaminetetraacetic acid (EDTA) were added to rhIL-

1ra formulations that contained nanobubbles to investigate whether these excipients would alter 

aggregation of rhIL-1ra in nanobubbles suspensions.  

3.3 Materials and Methods 

3.3.1 Materials  

Recombinant human interleukin-1 receptor antagonist (rhIL-1ra) at a concentration of 100 

mg/mL was donated by Amgen (Thousand Oaks, CA). High purity (low endotoxin) grade trehalose 

was obtained from Pfanstiehl (Waukegan, IL) and EMPROVE® low endotoxin sucrose was 

purchased from EMD Millipore (Billerica, MA). Urea and PS20 Surfact-Amps detergent solution 

were obtained from Fisher Scientific (Hampton, NH), and trisodium citrate dihydrate was acquired 

from Alfa Aesar (Ward Hill, MA). 2-mercaptoethanol and EDTA were purchased from Sigma-

Aldrich (St. Louis, MO). Quick StartTM Bradford 1x dye reagent was obtained from Bio-RAD 

(Hercules, CA). 

3.3.2 Sample Preparation 

All buffer solutions contained 10 mM sodium citrate, and hydrochloric acid was added to 

adjust to pH values of 4.6, 5.4 and 6.6. Solutions were filtered with a 0.22 μm Millipore filter prior 

to use (Billerica, MA) unless otherwise noted. A stock solution containing100 mg/ml rhIL-1ra was 

dialyzed three times into 10 mM sodium citrate buffer pH 6.6 using 10 kDa molecular-weight 

cutoff Slide-A-Lyzer cassettes (Pierce, Rockford, IL).  Concentrated rHIL-1ra solutions at pH 6.6 

were diluted in the respective buffers to obtain 1 mg/mL concentrations of rhIL-1ra at the buffer 

conditions required for the study.   

3.3.3 Lyophilization Procedure 

Before use, 20 mL Fiolax glass lyophilization vials purchased from Schott (Lebanon, PA) 

were soaked overnight in Hellmanex III cleaning solution (Müllheim, Germany). The following 
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day, vials were rinsed and soaked in tap water to remove the remaining detergent. The vials were 

then thoroughly rinsed with filtered (0.22 μm) deionized ultrapure water and subsequently rinsed 

with 0.22 μm-filtered 190 proof ethanol. After vials were allowed to dry for at least 12 hours, 3 

mL aliquots of either 10% (w/v) trehalose or sucrose solutions dissolved in deionized ultrapure 

water were filtered with a 20 nm cutoff Anotop 25 inorganic membrane filter (GE Healthcare Life 

Sciences, Pittsburgh, PA) were added by pipette. The contents of the vials were frozen by 

submersing the vials in liquid nitrogen for two minutes and stored at -80 °C prior to lyophilization. 

Frozen samples were loaded into a FTS Lyostar I lyophilizer on shelves precooled to -40 °C and 

allowed to equilibrate for 300 minutes. After equilibration, primary drying was initiated at a shelf 

temperature of -20 °C for 1700 minutes with the chamber pressure set to 70 mTorr. To initiate 

secondary drying the shelf temperature was raised to 33 °C at a rate of 0.1 °C/min. The shelf 

temperature was then held at 33 °C for four hours.  Upon completion of secondary drying the 

chamber was back-filled with nitrogen and the vials were sealed. 

3.3.4 Reconstitution of Lyophilized Formulations 

To reconstitute samples to the original 3 mL volumes to which the vials were filled prior 

to lyophilization, 2.80 mL of reconstitution solution was pipetted into vials containing lyophilized 

sucrose or trehalose. Solutions containing 1 mg/mL rhIL-1ra were filtered using a 100 nm Anotop 

10 inorganic membrane filter (GE Healthcare Life Sciences, Pittsburgh, PA) prior to reconstituting 

lyophilized cakes. Particles present in the reconstituted samples were analyzed immediately 

following reconstitution using the particle characterization methods described below. 

3.3.5 Particle Characterization 

 Particle concentrations and diameters between 50 and 1000 nm were measured using a 

NanoSight NTA NS300 (Malvern Instruments Ltd, Malvern, UK) instrument. Prior to acquisition, 

shutter and gain values were optimized for analysis of the nanobubble samples and these settings 
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were held constant for all samples. Sample solutions were continuously injected using a 1 mL 

silicone oil-free syringe while 30-second videos were recorded in triplicate. Videos were analyzed 

for particle concentration and diameter using NanoSight NTA 3.0 software, with particle diameter 

calculated using a solution viscosity of 1.3 centipoise. 

 An Archimedes instrument (Malvern Instruments Ltd, Malvern, UK) that relies on the 

principle of RMM was used to measure particle size distributions for populations of particles 

differentiated by their respective densities. Concentrations and diameters of negatively and 

positively buoyant particles were measured for particles with sizes between approximately 0.1 and 

5 µm. For calculation of particle diameters, the density of air and rhIL-1ra were provided as 

0.00123 g/cm3 and 1.3 g/cm3 respectively. Samples were filtered with a 5 μm filter needle (BD, 

Franklin Lakes, NJ) prior to loading approximately 150 μL of sample volume. Samples were 

analyzed for 10 minutes and between samples the sensor was flushed with deionized ultrapure 

water for 60 seconds.  

Zeta potentials were measured using a Zetasizer® (Malvern Instruments Ltd, Malvern, UK) 

using the procedure described by Zhou et al.116  

3.3.6 Accelerated rhIL-1ra Degradation Studies in Nanobubble Suspensions  

To determine whether nanobubbles are capable of inducing protein aggregation in 

formulations containing rhIL-1ra, accelerated degradation studies were conducted using 

nanobubble suspensions. For degradation studies, nanobubble suspensions were generated 

immediately before use by reconstituting lyophilized formulations of trehalose with 2.80 mL of 10 

mM sodium citrate buffer pH 6.6. For initial studies, nanobubble suspensions generated from 

reconstitution were used directly or diluted with a filtered (0.22 μm) nanobubble-free control 

solution consisting of 10% (w/v) trehalose, 10 mM sodium citrate pH 6.6 by factors of 2, 3, 6 and 
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20. Aliquots (225 μL) of undiluted and diluted nanobubble suspensions as well as the nanobubble-

free control solution were combined with 25 μL aliquots of 10 mg/ml rhIL-1ra formulated in 10 

mM sodium citrate buffer pH 6.6 to obtain samples containing 1 mg/mL rhIL-1ra and a final 

volume of 250 μL. Samples were then placed in a 40 °C incubator and after 23 hours rhIL-1ra 

aggregation was quantified with a Bradford protein assay using the procedure described below. 

Additional degradations studies utilized the same procedure for sample preparation described 

above unless otherwise specified. All subsequent studies were conducted with nanobubble 

suspensions generated directly from reconstitution of lyophilized formulations without dilution. 

To monitor the time-dependent aggregation of rhIL-1ra in nanobubble suspensions, 

nanobubble suspensions containing 1 mg/mL rhIL-1ra were incubated at a 40 °C and sampled at 

various time points over a 23 hour period. Following an initial time point, samples were removed 

from a 40 °C incubator every 3 hours for the first 12 hours and at the completion of the study after 

23 hours. Samples were stored at 4 °C until completion of the study and then were analyzed 

simultaneously. Previous studies indicated negligible rhIL-1ra aggregation occurred in nanobubble 

suspensions stored at 4 °C for at least 23 hours. 

To evaluate how disaccharide excipients influenced rhIL-1ra aggregation in nanobubble 

suspensions, rhIL-1ra aggregation was compared in nanobubble suspensions generated by 

reconstitution of lyophilized sucrose and trehalose. Nanobubbles were generated by reconstituting 

lyophilized formulations of sucrose using the methods described previously for trehalose, and 

rhIL-1ra aggregation in the nanobubble-containing reconstituted samples was quantified following 

23 hours of incubation at 40 °C. 

To determine how other common excipients such as surfactants or chelators might alter 

rhIL-1ra aggregation in formulations containing suspended nanobubbles, samples containing 
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either PS20 or EDTA were studied. Solutions of 0, 0.05, 0.5, 2.5, 5, 7.5 and 10% (w/v) PS20 were 

prepared by diluting 10% (w/v) PS-20 solution with 10 mM sodium citrate buffer pH 6.6. Aliquots 

(5 μL) of these PS20 solutions were added to 225 μL of nanobubble suspensions previously 

generated by reconstitution of lyophilized trehalose cakes with 10 mM sodium citrate buffer.  20 

μL of a 12.5 mg/mL solution of rhIL-1ra were added to these solutions to obtain a final a volume 

of 250 μL, resulting in a rhIL-1ra concentration of 1 mg/mL and PS20 concentrations of 0, 0.001, 

0.01, 0.05, 0.1 0.15 and .2 % (w/v). In a separate study, 5 μL of a 250 mM EDTA solution in 10 

mM sodium citrate buffer pH 6.6 was added to 225 μL of nanobubble suspension. Nanobubble 

and EDTA solutions were combined with 20 μL of 12.5 mg/mL of rhIL-1ra, resulting in a final 

EDTA concentration of 5 mM. For both studies, rhIL-1ra aggregation was quantified using a 

Bradford assay following 23 hours of incubation at 40 °C. 

3.3.7 Quantification of rhIL-1ra Aggregation 

Upon completion of the incubation period, 250 μL samples were centrifuged for 20 minutes 

at 15,000 x g in an Eppendorf 5424R centrifuge that was maintained at 4 °C. Following 

centrifugation, a pellet of aggregated rhIL-1ra was observable on the bottom of the centrifuge tube. 

Resulting from the small quantity of aggregated rhIL-1ra, it was found that aggregation could be 

quantified most accurately by measuring the amount of pelleted rhIL-1ra directly using the 

Bradford protein assay. For this method, 150 μL of supernatant were carefully removed to avoid 

disturbing the pellet and the pellet was washed with 400 μL of 10 mM sodium citrate buffer pH 

6.6. The washing step was repeated three times. After each removal 400 μL from the supernatant, 

the volume was replenished with fresh buffer. Following the washing steps, 400 μL of supernatant 

were removed and the pellet was solubilized by adding 100 μL of 8 M Urea, 10% (v/v) 2-

mercaptoethanol to the pelleted rhIL-1ra and incubating for 1 hour at room temperature. Aliquots 

of 150 μL of the solubilized pellet were then added to a 96 well plate. Standards for rhIL-1ra were 
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prepared in the same plate using a stock solution containing 10 mg/ml rhIL-1ra to obtain rhIL-1ra 

concentrations between 0.0 to 50 μg/mL in 10 mM sodium citrate, 4 M urea and 5% (v/v) 2-

mercaptoethanol at a volume of 150 μL. In this concentration range a plot of absorbance versus 

rhIL-1ra concentration was linear (data not shown) as required by the Bradford protein assay. 150 

μL of Bradford reagent were added to each well and the solutions were mixed thoroughly using a 

pipette. After a 10 minute incubation period at room temperature the absorbance of each well was 

measured at 595 nm using a plate reader (Molecular Devices, Sunnyvale California). Using the 

standard protein solutions, a standard curve of absorbance versus rhIL-1ra concentration was 

constructed from the absorbance at 595 nm. Using this standard curve, the quantity of rhIL-1ra 

present in each well could be calculated.  

3.4 Results 

3.4.1 Characterization of Particles Generated Following Reconstitution 

To confirm the previously reported generation of nanobubbles from lyophilized trehalose 

cakes, lyophilized formulations consisting of 10% (w/v) trehalose were reconstituted with 10 mM 

sodium citrate buffer. NanoSight NTA analysis of reconstituted samples detected the generation 

of a large number of nanoparticles with concentrations on the order of 2 x 109
 nanoparticles/mL 

(Figure 3-1A). The particle diameters were approximately 100 nm (Figure 3-1B). Adjusting the 

pH of the buffer solution used for reconstitution did not appear to significantly alter the size or 

concentration of particles generated.  RMM analysis of the generated particles confirmed that the 

particles were nanobubbles because large quantities of positively buoyant particles were measured 

whereas the counts of negatively buoyant particles were negligible (Figure 3-2).  These results are 

consistent with recently published findings of Zhou et al. which reported the generation of 

nanobubbles in lyophilized formulations of trehalose after reconstitution.116 
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Figure 3-1. NTA Particle characterization of particle concentrations (A) and diameters (B) of particles generated following 

reconstitution of lyophilized trehalose formulations. Samples were reconstituted using 10 mM sodium citrate buffer either without 
(Black bars) or with (Gray bars) 1 mg/mL rhIL-1ra. 

To investigate the potential effects of rhIL-1ra on nanobubble formation and nanobubbles 

on rhIL-1ra particle formation, formulations containing 10% (w/v) trehalose were reconstituted 

with solutions that contained 1 mg/ml rhIL-1ra in 10 mM sodium citrate at pH values of 4.6, 5.4 

and 6.6.  Reconstitution of lyophilized cakes with the rhIL-1ra solutions resulted in suspensions 

with reduced nanobubble concentrations (determined by NTA) as compared to suspensions 
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prepared by reconstitution of lyophilized trehalose cakes with the corresponding rhIL-1ra-free 

buffer solutions (Figure 3-1B). In contrast, nanobubble diameters were unchanged by the presence 

of rhIL-1ra (Figure 3-1B). Using RMM, negatively buoyant particles that could be attributed to 

rhIL-1ra particles were detected following reconstitution with buffer containing rhIL-1ra (Figure 

3-2B). The concentration of these negatively buoyant particles was dependent on the solution pH. 

RhIL-1ra particle formation was minimized (1.7 x 106 particles/mL) at a pH corresponding to rhIL-

1ra’s isoelectric point of 5.4 and increased at solution pH’s above and below the pI of rhIL-1ra 

(3.4 x 106
 and 2.5 x 106 particles/mL at pH 4.6 and 6.6, respectively). 

 

Figure 3-2. Concentration of positively (A) of positively (B) buoyant particles measured by resonant mass measurement. Samples 
were reconstituted using 10 mM sodium citrate buffer either without (Black bars) or with (Gray bars 1 mg/mL rhIL-1ra. 
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Zeta potential measurements were used to determine the effective charge at the nanobubble 

surface. At all pH values tested, zeta potentials of nanobubbles suspensions without rhIL-1ra were 

negative (Table 1). Reconstitution with rhIL-1ra resulted in significant changes in the magnitude 

of the zeta potential of the system which were pH dependent. At buffer pH conditions of 4.6 and 

5.4 the nanobubble zeta potential closely matched that of the rhIL-1ra alone. At pH 6.6, however, 

the zeta potential measured in 1 mg/mL rhIL-1ra solutions containing suspended nanobubbles (-

20.6 ± 0.6 mV) differed significantly from that of solutions of the rhIL-1ra alone (-3.96 ± 4.7 mV). 

Table 3-1. Zeta potential values measured in mV using electrophoretic light scattering. Zeta potentials were measured following 

reconstitution with buffer either with or without 1 mg/mL rhIL-1ra. The zeta potential of 1 mg/mL rhIL-1ra solutions without 
nanobubbles were also measured 

 

3.4.2 Accelerated rhIL-1ra Degradation Studies in Nanobubble Suspensions 

To further study the influence of nanobubbles on rhIL-1ra aggregation, accelerated rhIL-

1ra degradation studies were conducted wherein rhIL-1ra was added to suspensions of 

nanobubbles generated by reconstitution of lyophilized trehalose cakes with 10 mM sodium citrate 

buffer pH 6.6. Incubation of rhIL-1ra in these nanobubble suspensions for 23 hours at 40 °C 

yielded rhIL-1ra precipitates that were visible following centrifugation.  In contrast, no precipitates 

were observed when rhIL-1ra was incubated in nanobubble-free solutions of 10% (w/v) trehalose. 

Quantification of the extent of aggregation indicated that approximately 2.3 ± 0.2% of the rhIL-

1ra formed insoluble aggregates in the presence of nanobubbles (Figure 3-3A). Diluting the 

nanobubble suspensions with nanobubble-free, 10% (w/v) trehalose solutions prior to incubation 

resulted in decreases in rhIL-1ra aggregation that correlated directly with decreasing nanobubble 

concentrations. During shorter incubation studies, insoluble aggregates could be detected in 
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nanobubble suspensions after 3 hours of incubation (Figure 3-3B). The quantity of rhIL-1ra 

aggregates formed in the presence of nanobubbles increased roughly linearly with time, suggesting 

a constant rate of rhIL-1ra aggregation. 

 

Figure 3-3. (A) Percentage of rhIL-1ra aggregated following incubation for 23 hours at 40 °C with increasing nanobubble 
concentrations was measured using a Bradford protein assay. (B) The percentage of IL-1ra aggregated in nanobubble suspensions 

was quantified every three hours for twelve hours and then after 23 hours of incubation at 40 °C. 

To determine whether nanobubble generation and subsequent associated effects on rhIL-

1ra aggregation were a phenomena specific to trehalose, lyophilized cakes consisting of 10% (w/v) 

sucrose were prepared using the same lyophilization procedure used to prepare lyophilized 

trehalose samples. To confirm nanobubble generation, lyophilized sucrose formulations were 

reconstituted with 10 mM sodium citrate buffer pH 6.6 and particle generation was characterized 

by NTA. 2.5 x 109 nanoparticles/mL were detected, as compared to 2.3 x 109 nanoparticles/mL 
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that had been obtained after reconstitution of the corresponding lyophilized trehalose cakes. 

Subsequently, accelerated degradation studies were conducted wherein rhIL-1ra was incubated at 

40 °C in nanobubble suspensions generated from reconstituted lyophilized sucrose formulations. 

Similar extents of rhIL-1ra aggregation were observed with the sucrose-generated nanobubble 

suspensions as had been observed in the trehalose-generated nanobubble suspensions, with 3.0 ± 

0.3% and 3.1 ± 0.2% of rhIL-1ra forming insoluble aggregates respectively after 23 hours of 

incubation at 40 °C.  

Addition of PS20 to 1 mg/mL solutions of rhIL-1ra containing suspended nanobubbles 

suspensions resulted in a small but statistically significant (p=0.007) increase in the extent of rhIL-

1ra aggregation after incubation for 23 hours at 40 °C for all concentrations above the PS20 critical 

micelle concentration of ~0.006% (w/v) (Figure 3-4). Without surfactant, slightly less aggregation 

was observed than in previous studies with 1.9 ± 0.2% of the rhIL-1ra aggregating. The presence 

of PS20 resulted in increasing aggregation in the solutions with 3.3 ± 0.2% of the rhIL-1ra 

aggregated at a PS20 concentration of 0.2% (w/v). 
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Figure 3-4. Percentage of rhIL-1ra aggregated in nanobubble suspensions containing 0 to 0.2% PS20 after incubating for 23 hours 
at 40 °C 

In nanobubble suspensions in 10% (w/v) trehalose solutions containing 5 mM EDTA, rhIL-

1ra aggregation could not be detected either visually or by the Bradford assay following incubation 

for 23 hours at 40 °C. Particle characterization by NTA confirmed also that the number and size 

of nanobubbles in the suspension was unaffected by addition of EDTA (data not shown).  

3.5 Discussion 

Reconstitution of lyophilized formulations of the disaccharides trehalose and sucrose 

generated suspensions of (meta)stable nanobubbles. The concentration and size of nanobubbles 

described in this work are consistent with the recently published findings of Zhou et al.116 

Reconstituting lyophilized formulations with a solution that contained 1 mg/ml rhIL-1ra resulted 

in a decrease in nanobubble concentrations, and the generation of negatively buoyant particles 

attributed to rhIL-1ra aggregates. At the same time, the presence of rhIL-1ra in the reconstituting 

medium resulted in suspensions containing fewer nanobubbles. The reduction in nanobubble 

concentration may result from rhIL-1ra adsorption to the air-water interface, which would reduce 
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the surface tension at air-water interfaces, reducing the rate at which some of the relatively large 

bubbles present immediately following reconstitution of lyophilized cakes might shrink to 

nanobubble dimensions. 

It has been postulated that nanobubble stability may be dependent on a negative surface 

charge resulting from adsorbed anions which may generate a repulsive force sufficient to oppose 

the force of surface tension.132,139,141 Consistent with previous reports, 129,141 our zeta potential 

results confirmed that nanobubbles are negatively charged. Following reconstitution with rhIL-1ra 

the magnitude and sign of the zeta potentials in this system were dependent on the net charge of 

rhIL-1ra, as controlled by altering buffer pH. Because zeta potentials measured by electrophoretic 

light scattering are an average value weighted by the intensity of light scattered by each 

component, it remains unclear what population of particles would contribute most to this value as 

rhIL-1ra monomers, rhIL-1ra aggregates and nanobubbles would all be present following 

reconstitution of lyophilized disaccharide cakes with a rhIL-1ra solution. In all cases, however, the 

addition of rhIL-1ra resulted in a reduction in the absolute magnitude of the zeta potential. This 

decrease in zeta potential could reduce electrostatic repulsion between components, potentially 

inducing nanobubble destabilization and protein aggregation.  

The observed changes in zeta potential of these systems could result from adsorption of 

rhIL-1ra to the nanobubble interface, resulting in nanobubble zeta potentials similar to those of 

rhIL-1ra alone at the respective pH. Although proteins are surface active and structural 

perturbations have been described to occur at interfaces,148  the quantity of aggregation observed 

is not commensurate with the available nanobubble surface area for aggregation to take place. In 

our accelerated stability studies following incubation in nanobubble suspensions, up to 3% of rhIL-

1ra in these solutions formed insoluble aggregates. This extent of rhIL-1ra aggregation is 
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significantly greater than the quantity of rhIL-1ra which could adsorb to the available nanobubble 

surface area present in our solutions. From a simple approximation assuming monolayer formation 

and hexagonally closest packing, only 0.0001 mg of rhIL-1ra could adsorb per mL of nanobubbles 

(2 x 109 nanobubbles/mL). However, the quantity of rhIL-1ra that aggregated in nanobubble 

suspensions was more than 300 times greater, suggesting that a direct mechanism wherein surface 

layers of adsorbed rhIL-1ra molecules form aggregates at the nanobubble-water interface may not 

be sufficient to explain the extent of aggregation observed.  

Furthermore, addition of PS20 at concentrations both above and below the critical micelle 

concentration did not inhibit aggregation during incubation studies. The presence of nonionic 

surfactants such as PS20 would be expected to compete with rhIL-1ra  molecules for adsorption 

at the nanobubble interface or to bind to hydrophobic regions of rhIL-1ra reducing surface 

activity.149 If rhIL-1ra aggregation in the solution was dependent on adsorption to the nanobubble-

water interface the addition of surfactant would be expected to reduce or inhibit aggregation. This 

again suggests that another mechanism may be responsible for generating rhIL-1ra aggregates. 

Other potential mechanisms may be that nanobubbles serve as nucleation sites for aggregation 

with further aggregation occurring in the bulk solution or nanobubbles could be capable of 

catalytically generating structurally perturbed rhIL-1ra species. 

At a concentration of 5 mM, EDTA was capable of completely eliminating rhIL-1ra 

aggregation in nanobubble suspensions. As EDTA is a chelator capable of reducing the activity of 

a variety of cations, this result suggests contaminants such as cations leaching from glass container 

surfaces may be involved in the generation of rhIL-1ra aggregates in our formulations. Whether 

nanobubbles may facilitate leaching of contaminants from glass surfaces or may interact with 

contaminants remains unclear. Potentially, cations may be electrostatically attracted to the 
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negatively charged nanobubble interface, resulting in locally higher concentrations at the 

nanobubble interface. Interactions with contaminants near the nanobubble surface could catalyze 

perturbations in rhIL-1ra structure resulting in an increased propensity for rhIL-1ra aggregation.  

The presence of nanobubbles combined with the generation of rhIL-1ra aggregates 

following both reconstitution of lyophilized formulations and incubation in reconstituted 

formulations could be a significant source of sub-visible particles in therapeutic protein 

formulations. Recent work by both Barnard et al. and Kotarek et al. has identified a correlation 

between increased concentrations of sub-visible particles and immune responses to marketed 

therapeutic protein products.74,150 In addition, Rosenberg et al. highlighted the importance of 

investigating and characterizing sub-visible particles in formulations to develop strategies to 

mitigate risk and ensure the safety of therapeutic protein products.91 As a newly identified source 

of sub-visible particles likely present upon reconstitution of lyophilized protein products, 

nanobubbles pose an unknown risk to the safety of therapeutic protein formulations requiring 

additional research to investigate if nanobubbles could alter the efficacy and immunogenicity of 

therapeutic protein products.  

3.6 Conclusions 

Nanobubbles generated following reconstitution of lyophilized formulations may induce 

rhIL-1ra aggregation and particle formation. Following accelerated stability studies we found a 

correlation between the quantity of insoluble rhIL-1ra aggregates generated and nanobubble 

concentrations. RhIL-1ra aggregation in nanobubble suspensions was not attenuated upon addition 

of PS20 while EDTA appeared to completely inhibit formation of rhIL-1ra aggregates. The extent 

of aggregation observed in these studies combined with the minimal effect of PS20 is not 

consistent with rhIL-1ra aggregation in these formulations being dependent on the nanobubble-
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water interface. While the exact mechanism by which aggregation in these reconstituted 

formulations occurs remains unclear, preliminary experiments suggest nanobubbles may be 

capable of reducing protein stability in reconstituted formulations via a mechanism dependent on 

the presence of metal cations. 
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Chapter 4 Nanobubbles in Reconstituted Lyophilized Formulations: 

Interactions with Proteins and Mechanism of Formation 
 

This chapter has been submitted to the Journal of Pharmaceutical Sciences as: Snell, JR., Kumar 

NS., Suryanarayanan, R., & Randolph, TW. Nanobubbles in reconstituted lyophilized 

formulations: interactions with proteins and mechanism of formation. 

4.1 Abstract 

Reconstitution of lyophilized disaccharide formulations results in the formation of nano-

sized air bubbles that persist in suspension for weeks. If proteins are present, interactions with 

nanobubbles may cause loss of monomeric protein and formation of sub-visible particles. The 

goals of this work are to determine the mechanism(s) by which nanobubbles form in reconstituted 

lyophilized formulations, and to develop strategies for reducing nanobubble generation. We 

hypothesize that nanobubbles are created from nano-sized gas pockets within lyophilized solids, 

which become bubbles when the surrounding matrix is dissolved away during reconstitution. 

Nano-sized voids may originate from small ice crystals formed within the concentrated liquid 

during freezing that subsequently sublime during drying.  Nanobubble concentrations are 

correlated with the extent of mannitol crystallization during freezing. Nano-sized ice crystals, 

induced by the release of water during mannitol crystallization, were responsible for nanobubble 

formation.  The presence of trehalose or sucrose, in formulations with low mannitol 

concentrations, inhibited excipient crystallization during lyophilization and reduced nanobubble 

levels following reconstitution. Our results show a correlation between nanobubble formation and 

concentrations of insoluble IL-1ra aggregates, suggesting that minimizing nanobubble generation 

may be an effective strategy for reducing protein aggregation following reconstitution.   
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4.2 Introduction 

The effect of sub-visible particulate matter on the safety and efficacy of parenterally 

administered therapeutic proteins is a growing concern in the pharmaceutical industry.151 

Particulate matter in protein formulations can be generated by aggregation of the protein, and shed 

from wetted surfaces including those presented by filling pumps and product containers/closures.70 

Another source of particulates was recently identified by Zhou et al.,116 who found that 

reconstitution of lyophilized formulations can generate a large number of nano-sized air bubbles. 

These nanobubbles exhibit long-term stability, remain suspended for more than a week after 

reconstitution, and are not readily removed by degassing.116 High nanobubble concentrations in 

reconstituted lyophilized formulations have been associated with increased rates of protein 

aggregation.152  

Because proteins in aqueous formulations typically exhibit high rates of chemical and 

physical degradation,  lyophilization is often employed to increase their long term storage 

stability.92,94,153 43,95,154,155  In lyophilized formulations, proteins typically are dehydrated and 

stabilized in glassy matrices composed of non-reducing disaccharides such as trehalose or sucrose. 

Using these formulations, long term storage stability (e.g., 18-24 months) may be achieved.110 

However, even in the presence of stabilizing disaccharides, lyophilization may result in protein 

structural perturbations and protein aggregation.115,156–158  These degradation processes are 

commonly attributed to freezing- or dehydration-related stresses imparted during lyophilization.159 

The formation of nanobubbles upon reconstitution and their subsequent promotion of protein 

aggregation may provide an alternative explanation for protein destabilization in lyophilized 

formulations, and thus it may be beneficial to minimize the number of nanobubbles formed during 

reconstitution of lyophilized protein formulations.  
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The goal of this work is to identify strategies for minimizing nanobubble formation upon 

reconstitution of lyophilized formulations. The development of formulation or processing 

strategies for reducing nanobubble generation in lyophilized samples requires first an 

understanding of the mechanism(s) by which nanobubbles are generated. We hypothesize that 

nanobubbles arise from nano-sized voids within glassy lyophilized matrices that become 

nanobubbles of similar dimensions when the matrix dissolves away during reconstitution. A 

similar mechanism has been used to explain the larger, micron-sized and visible bubbles observed 

in protein formulations after lyophilization and reconstitution.160  

The formation of nano-sized voids during lyophilization of protein formulations likely 

depends on the physical properties of their components. To date, published studies of nanobubbles 

in reconstituted lyophilized formulations have relied on the disaccharide trehalose as the major 

formulation component.116,152 Because lyophilization of trehalose solutions generates amorphous 

solids, we hypothesized that such glassy solids might be necessary for the formation and stability 

of nano-sized voids, and that structural changes in the solids induced by the addition of a 

crystallizing excipient or by annealing at temperatures above the glass transition temperature could 

have significant impact on nano-void formation and consequent  nanobubble generation.  Thus, 

we first compared nanobubble concentrations observed after reconstitution of lyophilized sucrose 

and trehalose, two excipients expected to form amorphous solids when lyophilized. Next, we 

added progressively higher concentrations of mannitol, a crystallizing excipient, to trehalose and 

sucrose formulations to determine how nanobubble generation was influenced by cake 

crystallinity. In addition, we evaluated the effect of co-lyophilizing a protein, IL-1ra, on the 

formation of nanobubbles and monitored protein particle formation following reconstitution.  
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4.3 Materials and Methods 

4.3.1 Materials 

Recombinant human interleukin-1 receptor antagonist (IL-1ra), at a concentration of 100 

mg/mL, was donated by Amgen (Thousand Oaks, CA). D -(+)- trehalose dihydrate (Pfanstiehl, 

Waukegan, Illinois), sucrose (Avantor, Radnor, Pennsylvania), D-mannitol (Sigma-Aldrich, St. 

Louis, Missouri), sodium citrate (Avantor) and sodium chloride (Fisher Scientific, Hampton, New 

Hampshire) were of pharmaceutical grade or higher.  

4.3.2 Sample preparation 

Solutions (10% w/v) of each mannitol, sucrose and trehalose were prepared by dissolving 

in ultrapure water and filtered (0.02 m, Whatman Anotop 25 sterile syringe filter, Maidstone, 

UK). These solutions were then mixed to obtain the desired molar fraction of mannitol in each 

solution while maintaining a total excipient concentration of 10% w/v. After filtering, 3 mL of 

solution was aliquoted into 20 mL Fiolax vials (Schott, Mainz, Germany) and capped with two-

legged high purity stoppers (Wheaton, Millville, New Jersey). 

For experiments with IL-1ra, a stock solution of IL-1ra was prepared by dialysis into 10 

mM sodium citrate buffer using a 10 kilodalton dialysis cassette (Slide-A-Lyzer, ThermoFisher 

Scientific, Waltham, Massachusetts) and filtered (0.22 µm, Millex GV PVDF, Millipore Sigma, 

Burlington, Massachusetts). Subsequently, IL-1ra concentration was verified using UV adsorption 

at 280 nm. Stock solutions (15% w/v) of mannitol and trehalose were prepared by dissolving each 

excipient in 10 mM sodium citrate buffer (pH 6.6). These two solutions were mixed to obtain a 

stock mixture containing 0.43 mole fraction mannitol at a total solute concentration of 15% w/v. 

Finally, IL-1ra stock solution, excipient stock solutions, and 10 mM sodium citrate buffer (pH 6.6) 

were combined in appropriate ratios to obtain a final excipient concentration of 10% w/v and IL-

1ra concentrations ranging from 0.1 to 10 mg/mL.   
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4.3.3 Lyophilization protocol  

Sample vials were loaded directly into a lyophilizer (FTS Systems Lyostar 1, Warminster, 

PA) at room temperature. Lyophilizer shelves were cooled from room temperature to -40 °C at 1 

°C/min and held at -40 °C for 300 minutes to completely freeze vial contents. Primary drying was 

initiated by raising the shelf temperature to -20 °C while maintaining a chamber pressure of 70 

mTorr. The samples were dried for 1700 minutes before initiating secondary drying by increasing 

the shelf temperature to 33 °C at 0.1 °C/min. After drying for 240 minutes at 33 °C, the chamber 

was backfilled with dry nitrogen and the vials were sealed prior to their removal from the chamber.  

Some samples were lyophilized according to a protocol that included an annealing step 

prior to the initiation of primary drying. These samples were frozen as described above for the 

standard lyophilization cycle. After holding the shelf at -40 °C for 300 min, the temperature was 

increased to -5 °C over 25 minutes and held for 6 hours. Following the annealing step, the samples 

were re-cooled to -40 °C and held for another 5 hours. Following these freezing and annealing 

steps, primary and secondary drying were conducted using the same protocol described previously 

for the standard lyophilization cycle.  

4.3.4 Powder X-ray Diffractometry 

Data were collected with a diffractometer (D8 ADVANCE, Bruker AXS, Madison, WI) 

using Cu Kα radiation (40 kV × 40 mA) over an angular range of 5−35° 2θ with a step size of 

0.0196° and a dwell time of 0.5 s at each step. Data were compared with the standard patterns of 

-mannitol (# 00-022-1793),  -mannitol (# 00-022-1797), -mannitol (# 00-022-1794) and 

mannitol hemihydrate (# 02-086-22-93) in the Powder Diffraction Files.161   

The percent crystallinity of the samples were calculated using the relation:162  

Crystallinity (%) = (Area under the crystalline peaks/ Total diffracted intensity) × 100  
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4.3.5 Particle Characterization Methods 

NanoSight nanoparticle tracking analysis (NTA) (Malvern Panalytical, Westborough, MA) 

was utilized to measure the concentration and size distribution of nanoparticles with dimensions 

between 50 and 1000 nm. Samples were injected using a 1 mL silicone oil-free syringe while 

taking care to minimize bubble formation. Once the samples were loaded, camera settings were 

optimized based on the particle concentrations and properties of particles in each sample. 

Following optimization of the camera settings, 60 second videos were recorded in triplicate. 

Nanoparticle concentrations and diameters were then calculated using the NanoSight 3.0 analysis 

software. 

A resonant mass measurement instrument (Archimedes, Malvern Panalytical, 

Westborough, MA) was employed to differentiate between particle types based upon their 

densities relative to that of the bulk fluid. This instrument utilizes the principle of resonant mass 

measurement to classify particles as either positively or negatively buoyant relative to the bulk 

fluid density. Samples were measured without any prior filtration or dilution. They were loaded to 

a Hi-Q micro sensor chip for 20 seconds before acquiring data for 5 minutes. Between samples, 

the sensor was rinsed with ultrapure water for 90 seconds.  

The concentration and size distribution of particles of size greater than 1 micron generated 

after incubating nanobubbles with IL-1ra were monitored using flow imaging microscopy 

(FlowCAM VS1; Fluid Imaging Technology Inc., Scarborough, ME). The instrument was 

operated with a FC100 flow cell as well as a 10x objective and collimator. Analyses were 

conducted at a flow rate of 0.080 mL/min and a sample volume of 0.2 mL was analyzed for each 

sample. All measurements were conducted in triplicate. 
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4.3.6 Secondary Drying of Trehalose Dihydrate 

Samples of crystalline trehalose dihydrate (3 g) were placed into 20 mL glass vials (Schott, 

Mainz, Germany). The vials were placed on the shelf of the lyophilizer and the temperature was 

rapidly increased to 33 °C. Once the desired temperature was reached, the chamber pressure was 

reduced to 70 mTorr. The samples were dried for 12 hours before backfilling the chamber with 

dry nitrogen and stoppered prior to removal from the lyophilizer.  

Dried samples were reconstituted with 3 mL of ultrapure water, allowed sufficient time for 

complete trehalose dissolution, prior to particle characterization with NTA. Particle content in 

these samples were compared to 3 g samples of trehalose dihydrate dissolved in 3 mL of ultrapure 

water. 

To probe the density of nanoparticles formed upon dissolution of dehydrated trehalose 

dihydrate, the concentration of nanoparticles in the bottom and top fraction of samples were 

measured following ultracentrifugation. Samples of dissolved dehydrated trehalose dihydrate (3 

mL) were aliquoted into polycarbonate tubes and centrifuged at 208,000 relative centrifugal force 

(rcf) for 75 minutes using a TLA-100.3 rotor in a benchtop ultracentrifuge (TL-100, Beckman, 

Indianapolis, Indiana). Aliquots (1 mL) were removed immediately from the bottom and top of the 

ultracentrifuge tube using an 18-gauge needle and a 1 mL silicone oil-free syringe. Nanoparticle 

concentrations were then measured with NTA using the procedure described above. 

4.3.7 Differential Scanning Calorimetry (DSC)  

A differential scanning calorimeter (model Q2000, TA Instruments) equipped with a 

refrigerated cooling accessory was used. The instrument was calibrated with indium. About 5 mg 

of the sample was filled in an aluminum pan and heated under nitrogen purge (50 mL/min). The 

specific pan configuration and the heating rate are given in the figure legend. The DSC data were 

analyzed using the Universal Analysis software.  
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4.3.8 Size Exclusion High Performance Liquid Chromatography 

Loss of monomeric IL-1ra from solution was monitored at 280 nm using a high-

performance liquid chromatograph (Agilent 1100, Santa Clara, California) equipped with a 

variable wavelength detector. Insoluble IL-1ra was separated from any soluble oligomers using a 

size exclusion column (Tosoh TSKgel G3000SWxl, Tokyo, Japan) combined with a guard column 

(Tosoh TSKgel, Tokyo, Japan). The system was operated at 0.6 ml/min with a mobile phase 

consisting of 10 mM sodium citrate buffer with 140 mM NaCl (pH 6.6). Loss of monomeric protein 

from the solution was calculated using the area under the monomer peak and compared to areas 

measured for unstressed controls.  

4.4 Results 

4.4.1 Effect of Excipient Physical Form on Nanobubble Formation in Lyophilized Cakes 
Lyophilized cakes of different compositions were reconstituted with ultrapure water. After 

allowing sufficient time for complete dissolution of the solid, the generated nanobubbles were 

characterized using NTA. As described previously and illustrated in Figure 4-1, reconstitution of 

lyophilized formulations of glassy sugars resulted in the formation of nano-sized air bubbles that 

were approximately 100 nm in diameter.116 In mannitol/disaccharide mixtures, as the mole fraction 

of mannitol increased (and the disaccharide concentration simultaneously decreased), the 

concentration of nanobubbles decreased until a minimum nanobubble concentration was reached 

at a mannitol mole fraction of ca. 0.43. At higher mannitol mole fractions, nanobubble 

concentrations progressively increased, reaching a maximum of 1.5 x 1010 nanobubbles/mL in 

samples containing pure mannitol. 



51 
 

 

Figure 4-1. Nanobubble concentration as a function of mannitol mole fraction following reconstitution of lyophilized formulations 
of (A) mannitol and trehalose, and (B) mannitol and sucrose. Samples were lyophilized using the standard lyophilization protocol 
(orange squares) or with the addition of an annealing step at -5 °C prior to primary drying (blue diamonds). Mean ± SD (n=3). 

We were interested in investigating whether excipient crystallization and relaxation 

processes in frozen solids occurring prior to primary drying affected the concentration of 

nanobubbles that could be observed after reconstitution. Therefore, a pre-drying annealing step at 

-5 °C for 6 hours was added to the standard lyophilization protocol. Nanobubble concentrations 

were profoundly influenced by the annealing step (Figure 4-1). Annealing of frozen trehalose 

solutions increased nanobubble concentrations from (2.8 ± 0.2) x 109 to (5.5 ± 0.3) x 109 mL-1. 

Likewise, increases in nanobubble concentrations were observed after annealing both sucrose and 

trehalose formulations containing 0.43 and 0.63 molar fraction mannitol. In contrast, at mannitol 
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mole fractions above 0.77, annealing resulted in a pronounced reduction in nanobubble 

concentrations (Figure 4-1).    

Powder X-ray diffractometry (PXRD) was used to quantify mannitol crystallization in the 

formulations lyophilized with or without an annealing step. As shown in Figure 4-2, the extent of 

crystallization was dependent on the ratio of trehalose to mannitol in the lyophilized cake. 

Following the standard lyophilization protocol, up to a mannitol mole fraction of 0.43, there was 

no evidence of crystallization of either mannitol or trehalose. As the mannitol concentration was 

further increased, the extent of crystallization increased, reaching a maximum of 77% crystalline 

content for pure mannitol. At moderate mannitol mole fractions (0.43 – 0.77), the addition of an 

annealing step resulted in an appreciable increase in the cake crystallinity. However, when the 

mannitol mole fraction exceeded 0.75, annealing did not increase the extent of crystallization in 

lyophilized formulations.  

 

Figure 4-2. The percent crystallinity of lyophiles (determined by powder X-ray diffractometry) as a function of mannitol 
concentration.  The lyophiles were prepared from solutions of mannitol and trehalose with different compositions.  Samples were 
lyophilized using the standard lyophilization protocol (orange squares) or with an additional annealing step at -5 °C prior to 
primary drying (blue diamonds). Mean ± SD (n=3). 
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4.4.2 Nanobubble Formation Following Dissolution of Dehydrated Trehalose Dihydrate 

During the freezing and primary drying stages of lyophilization, trehalose has been 

reported to form crystalline trehalose dihydrate.163,164 During secondary drying, these crystals may 

dehydrate and revert to an amorphous anhydrate.163 The baseline thermal behavior of trehalose 

dihydrate, evaluated by heating in a hermetically sealed pan in a DSC, was in excellent agreement 

with literature.165 A sharp endotherm was observed at ~ 99 °C, immediately followed by an 

exotherm (data not shown).  The endotherm is attributable to dehydration of trehalose dihydrate 

yielding a partially crystalline anhydrate. Since a sealed pan was used, there will be resistance to 

vaporization of the released water.  The exotherm is ascribed to further crystallization of the 

anhydrate. 

We observed that the crystalline trehalose dihydrate became amorphous when dried for 12 

hours at 33 °C and a chamber pressure of 70 mTorr. DSC of the dried material revealed a glass 

transition at ~ 118 °C (Figure 4-3), in agreement earlier literature.166  The ΔCp at Tg, 0.5 J·g-1·°C-

1, was also in excellent agreement with the reported value. The Tg was followed, first by a 

crystallization exotherm, and then by an endotherm attributed to melting of the crystalline phase. 

The enthalpy of crystallization (53.9 J·g-1) and the enthalpy of fusion (58.0 J·g-1) values were 

similar, suggesting that, under these dehydration conditions, a substantially amorphous trehalose 

phase was obtained.  
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Figure 4-3. DSC heating curve of amorphous trehalose in a non-hermetically crimped pan. The sample was prepared by drying 
crystalline trehalose dihydrate for 12 hours at 33 ˚C at a chamber pressure of 70 mTorr.  After loading in the DSC cell, additional 
drying was conducted by holding at 60 °C for 5 hours.  The glass transition was accompanied by pronounced enthalpic 
recovery.24 Therefore, the sample was heated to 150 °C and then cooled down to 20 °C. Finally, the sample was heated from RT 
to 240 C at 10 °C/min (only this scan is shown). 

Amorphous trehalose, formed by drying crystalline trehalose dihydrate at 33 °C and 70 

mTorr for 12 hours, was dissolved in ultrapure water and subsequently characterized using NTA. 

A similar analysis was conducted using trehalose dihydrate crystals that were not subjected to 

drying.  As can be observed in Figure 4-4, nanoparticle concentrations after reconstitution of the 

amorphous trehalose were approximately two orders of magnitude higher, 1.4 x 1010 vs. 2.8 x 108 

mL-1, than those observed in samples formed by dissolving trehalose dihydrate crystals. The 

nanoparticles formed after reconstituting the amorphous trehalose were monodisperse, with a 

mean diameter of 73 nm. To confirm the identity of these particles as nanobubbles, 

ultracentrifugation was employed. Samples of the dehydrated, amorphous trehalose were dissolved 

in ultrapure water and centrifuged for 75 minutes at 208,000 rcf. Following ultracentrifugation, 

the bottom and top fraction of the samples were carefully removed using a syringe and needle and 

particle concentrations were re-measured using NTA. Enrichment of nanoparticle concentrations 

in the top fraction (data not shown) showed that the nanoparticles were positively buoyant, 

consistent with their being nanobubbles.  
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Figure 4-4. Size distribution of nanoparticles generated upon dissolution of either crystalline trehalose (A) or amorphous trehalose 
(B). Dissolution of trehalose dihydrate generated (2.82 ± 0.22) x 108 nanoparticle per mL while dissolution of amorphous trehalose 
dihydrate formed (1.36 ± 0.14) x 1010 nanoparticles per mL. 

4.4.3 Effect of IL-1ra on Nanobubble Generation 

The presence of proteins within lyophilized formulation may alter phase behavior of 

excipients.167,168 To investigate how protein and buffer might alter nanobubble formation, we 

lyophilized 10% w/v formulations of trehalose that contained 10 mM sodium citrate buffer and 

IL-1ra at concentrations between 0.1 and 10 mg/mL. After lyophilization, samples were 

reconstituted with ultrapure water and nanobubble concentrations were measured with NTA. 

Addition of IL-1ra resulted in significant reduction in nanobubble concentration, as illustrated in 

Figure 4-5A. The addition of just 0.1 mg/mL IL-1ra in the lyophilized samples resulted in a 
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decrease in nanobubble concentration from 6.5 x 109 particles/mL in samples without protein to 

6.2 x 108 particles/mL in samples with added protein. Further increases in IL-1ra concentrations 

up to 10 mg/mL did not induce any significant additional changes in the number of nanobubbles 

generated. 

 

Figure 4-5. A. Number of nanobubbles generated (per mL) following reconstitution of formulations with different concentrations 
of IL-1ra. B. Number of positively buoyant (black bars) and negatively buoyant particles (cross hatched bars) formed (per mL) 
following reconstitution of lyophilized formulation with different concentrations of IL-1ra. 

Nanoparticles formed following reconstitution of lyophilized IL1-ra formulations could 

plausibly have been composed of either gas bubbles or protein. To differentiate between these two 

possible particle types, resonant mass measurement (RMM) analysis of the reconstituted samples 
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was conducted. The samples showed significant increases in the concentrations of negatively 

buoyant (denser than the bulk liquid) particles, which can be attributed to the presence of insoluble 

protein aggregates as shown in Figure 4-5B. Similar to the results obtained from nanoparticle 

tracking analysis, all reconstituted formulations containing IL-1ra exhibited a decrease in the 

number of positively buoyant particles compared to equivalent protein-free samples.  

 

Figure 4-6 A. Nanobubble concentration in formulations with (white bars) and without (dark gray bars) IL-1ra (1 mg/mL).  B. 
Concentration of positively (black bars) and negatively (cross hatched bars) buoyant particles generated after reconstitution of 
formulations containing IL-1ra. Formulations containing mannitol and/or trehalose without and with IL-1ra (1 mg/mL) were 
freeze dried using our standard lyophilization procedure. Samples were subsequently reconstituted with water and particle 
formation was characterized using NTA and RMM. 
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The effects of IL-1ra on particle concentrations in reconstituted formulations that contained 

either mannitol alone or mannitol-trehalose mixtures (0.43 mole fraction mannitol) were also 

studied. As described earlier, nanoparticle concentrations in reconstituted mannitol/trehalose 

solutions were much lower than in comparable samples of mannitol or trehalose alone. Addition 

of 1 mg/mL IL-1ra further reduced the number of nanobubbles detected, from 1.0 x 109 

nanobubbles/mL to 3.6 x 108 nanobubbles/mL, as shown in Figure 4-6A.   In contrast, samples 

containing 1 mg/mL IL-1ra lyophilized from solutions containing mannitol alone showed higher 

nanoparticle concentrations than comparable samples without IL-1ra (1.0 x 1011 particles/mL and 

6.1 x 1010 particles/mL, respectively). This increase in nanoparticle content in pure mannitol 

formulations was due to the formation of negatively buoyant particles, as shown in Figure 4-6B. 

Characterization of the pure mannitol formulations as well as the mannitol/trehalose mixture with 

RMM showed that both negatively and positively buoyant particles were generated in all 

reconstituted formulations. However, the concentration of both negatively and positively buoyant 

particles was significantly lower in mannitol/trehalose formulations compared to those containing 

pure mannitol or trehalose. 

The final component of this study investigated the stability of IL-1ra following 

reconstitution of lyophilized formulations. Il-1ra was lyophilized using our standard lyophilization 

protocol in a formulation containing either pure mannitol or trehalose as well as in a 0.43 mole 

fraction mannitol/trehalose mixture. Following reconstitution of these formulations and incubation 

for 10 days, formation of micron-sized particles was measured using flow imaging microscopy 

while IL-1ra monomer loss was monitored with SE-HPLC. Particle concentrations measured with 

flow imaging microscopy following 10 days of incubation showed that all lyophilized and 

reconstituted formulations contained more particles than control samples which had not been 
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lyophilized (Figure 4-7A). After reconstitution, formulations lyophilized with mannitol as the only 

excipient contained the highest number of particles, with 110,000 particles/mL.  Lyophilizing with 

trehalose as the excipient reduced the total number of particles generated to 5,000 particles/mL, 

but the fewest particles were observed in the lyophilized mannitol/trehalose mixture with 2,400 

particles/mL. Size exclusion chromatography showed that the formulation with mannitol induced 

the most pronounced destabilization of IL-1ra, with 10% monomer loss observed immediately 

following reconstitution (Figure 4-7B). Monomer loss in mannitol formulations appeared to be 

reversible and dropped to 5% after 10 days. The other two lyophilized formulations did not show 

a significant difference in monomer content over the 10-day period.  



60 
 

 

Figure 4-7. The effect of lyophilization (formulations containing mannitol and/or trehalose) on the stability of reconstituted IL-
1ra was monitored with flow imaging microscopy and SE-HPLC. A.) The concentrations of particles greater than 2 µm in size 
were measured after incubating samples for 10 days at 40 °C using flow imaging microscopy. Particle formation after incubation 
was compared between lyophilized formulations reconstituted at the beginning of the incubation period (light gray bars) to the 
same aqueous formulations containing IL-1ra which were not lyophilized (horizontal lined bars). B.) Loss of soluble IL-1ra 
monomer in reconstituted lyophilized formulations was measured using size exclusion chromatography. Monomer loss was 
measured either immediately after reconstitution (black) or after incubation for 10 days at 40 ˚C (vertical lined bars). 

4.5 Discussion 

During the early stages of the freezing process, crystals nucleate and grow rapidly. But ice 

crystals that nucleate within viscous, freeze-concentrated excipient phases may have little 

opportunity to grow, leaving nanocrystals of ice entrapped within the glassy freeze-concentrate. 

Sublimation of these ice nanocrystals during primary and secondary drying leaves behind nano-

sized voids; we propose that these voids are converted to nanobubbles during reconstitution. 
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We had initially expected that crystallization of mannitol during lyophilization would 

greatly reduce the numbers of nanobubbles observed after reconstitution, but in fact, the opposite 

was observed, with nanobubble concentrations increasing as a function of mannitol crystallinity.  

As shown in Figures 4-1 and 4-2, nanobubble concentrations measured following reconstitution 

correlated with crystalline content of mannitol/trehalose formulations at mannitol mole fractions 

greater than 0.5. We explain this somewhat surprising result by suggesting that crystallization of 

mannitol encourages the nucleation of additional ice nanocrystals.  At higher mole fractions, 

mannitol begins to crystallize and is known to exist in four physical forms.  Three of these are 

anhydrous, and the fourth is a hemihydrate.169,170 When mannitol crystallizes to form anhydrous 

polymorphs, water that previously had been associated with amorphous mannitol is excluded from 

the growing crystals, resulting in local regions of higher water content within the freeze 

concentrated liquid. The combination of high local concentrations of water and local reductions in 

viscosity due to water’s plasticizing effect promotes additional nucleation of nano-sized ice 

crystals within these regions.171 In turn, these nanocrystals become nano-voids when the ice 

sublimes during primary drying, eventually resulting in the formation of nanobubbles during 

reconstitution. It is important note that the maximum crystallinity achieved in these studies was 

77% for pure mannitol formulations. Therefore, in all formulations a significant fraction of the 

freeze concentrated liquid remained amorphous. We postulate that this amorphous phase is 

required for nucleation of nano-sized ice crystals and subsequent nano-void formation in 

lyophilized formulations. 

Because of their small radii of curvature, nano-sized ice crystals are highly susceptible to 

Ostwald ripening phenomena and coarsening.172,173 The rate of Ostwald ripening is inversely 

proportional to viscosity, which decreases rapidly as temperature is increased above the glass 
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transition temperature.107,174,175 Therefore, any time that the frozen concentrate spends at 

temperatures near or above the glass transition temperature of the freeze-concentrated liquid 

results in a shift in the ice crystal size distribution towards fewer, larger crystals.  Maximally 

freeze-concentrated mixtures of trehalose and mannitol have glass transition temperatures which 

are lower than those of the pure components.176 The glass transition temperature of these mixtures 

decreases as mannitol is added to trehalose. We observed in Figure 4-1 that for amorphous 

mixtures with mannitol mole fractions less than 0.5, nanobubble concentrations observed after 

reconstitution were greatly reduced as the concentration of mannitol was increased, correlating 

with the decreased glass transition temperatures in these mixtures, which lead to increased Ostwald 

ripening and therefore loss of nano-sized ice crystals.  

Reductions in nanobubble generation attributed to Ostwald ripening suggests that 

promoting coarsening phenomena by annealing could be an effective strategy for reducing 

nanobubble generation. Therefore, we studied samples annealed at -5 ˚C, well above the glass 

transition temperature of maximally freeze-concentrated solutions of both disaccharides. Heating 

above the glass transition of an amorphous sugar solution results in a pronounced reduction in 

viscosity, significantly increasing Ostwald ripening rates.107,174,175 Although higher rates of 

Ostwald ripening increase the average size of crystals and reduce their total number, the decrease 

in viscosity might also increase the nucleation rate of new crystals. This suggests that annealing 

could promote competing processes that both inhibit and promote nanobubble formation upon 

reconstitution.  

Our studies of nanobubble generation from annealed formulations show that the effect of 

annealing is dependent on the solute composition of the lyophilized formulations. To help explain 

this dependence we have provided illustrations in Figure 4-8 depicting our understanding of the 
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effect of annealing on the morphology of the freeze concentrate at three mannitol concentrations. 

We begin by considering the freeze concentrates of formulations at the lowest mannitol 

concentrations (Figure 4-8A).  Under these conditions, mannitol and trehalose mutually inhibit 

each other’s crystallization, resulting in an amorphous continuous phase surrounding ice crystals 

of various sizes. During annealing of these samples, Ostwald ripening of ice crystals is the primary 

process that occurs, increasing the size of larger ice crystals and reducing the number of nano-

sized ice crystals.  Sublimation of the crystals during primary drying converts the nano-sized ice 

crystals to voids that become nanobubbles following reconstitution, but the decrease in the number 

of nanocrystals after annealing leads to reduced nanobubble concentrations (Figure 4-1).  As the 

concentration of mannitol is increased to moderate values, trehalose no longer completely inhibits 

mannitol crystallization, and annealing begins to induce crystallization of previously amorphous 

mannitol (Figure 4-2). As illustrated in Figure 4-8B, mannitol crystallization releases water 

molecules into the surrounding glassy matrix, where they may nucleate to form additional nano-

sized ice crystals, eventually leading to more nanobubbles during reconstitution. 
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Figure 4-8. Schematic illustration summarizing the effects of mannitol concentration and annealing on the 

concentration and size distribution of ice crystals within the freeze concentrate. In the above images amorphous 
domains are represented by the gray regions while ice crystals are shown in white. In addition, mannitol crystals are 

represented by orange rectangles. 

As the concentration of mannitol is increased further in lyophilized formulations, large 

reductions in the total number of nanobubbles formed following reconstitution are observed in 

annealed samples (Figure 4-1). PXRD data provided in Figure 4-2 shows that, at the higher 

mannitol concentrations, annealing has little effect on the crystallinity of mannitol in these 

formulations, suggesting that disappearance of ice nanocrystals by Ostwald ripening is the primary 

process occurring during annealing. However, ripening appears to induce larger reductions in 

nanobubble formation at higher mannitol concentrations compared to low mannitol 

concentrations. This increased rate of ripening can be attributed to the higher density of ice crystals 
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present within the amorphous phase in highly crystalline formulations. It is well established that 

the rate of Ostwald ripening increases with the volume fraction of the dispersed phase.177–180 As 

shown in Figure 4-8C at high mannitol crystallinities, nano-sized ice crystals are concentrated 

within the remaining amorphous phase. Ostwald ripening is a diffusion limited process, therefore 

shorter distances between ice crystals results in the faster transfer of water molecules between 

crystals leading to higher dissolution rates of nano-sized crystals and increased growth rates of 

larger crystals. The culmination of this effect is that annealing of freeze concentrates containing 

highly crystalline mannitol results in rapid coarsening of nano-sized ice crystals that concentrated 

within the amorphous domain, thereby reducing nanobubble generation upon reconstitution. 

Unexpectedly, lyophilized samples of pure trehalose generated more nanobubbles upon 

reconstitution if the samples were annealed at -5 °C prior to drying. Although trehalose is 

commonly found to be amorphous after lyophilization, Sundaramurthi et al. have shown that 

during freezing, trehalose may crystallize as a dihydrate.163   During secondary drying, crystalline 

trehalose dihydrate is unstable and dehydrates back to an amorphous phase.163,164 We speculate 

that the annealing–dependent increase in nanobubble generation that we observe in pure trehalose 

samples can be attributed to the formation of crystalline trehalose dihydrate during the annealing 

step, and its subsequent dehydration back to an amorphous form during secondary drying. We note 

that nanobubbles were created when amorphous trehalose formed by dehydrating trehalose 

dihydrate crystals was reconstituted (Figure 4-4).  

There have been reports of mannitol hemihydrate formation during freezing and annealing 

and its subsequent dehydration back to an anhydrous polymorph during secondary drying.181,182 

Similar to the results obtained following dehydration of trehalose dihydrate, conversion of 

hemihydrate to an anhydrous polymorph could potentially create nanometer sized voids. Based on 
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PXRD, there was no evidence of existence of mannitol hemihydrate in the final lyophilized solid. 

However, because secondary drying can convert hemihydrate to an anhydrous polymorph, it is 

possible that the hemihydrate was formed during freezing or annealing but it dehydrated during 

drying. To test this alternate explanation, lyophilization would need to be conducted in the 

chamber of a variable temperature X-ray powder diffractometer to detect hemihydrate prior to 

dehydration. However, experiments conducted in such an XRD instrument might not accurately 

reflect conditions in a laboratory or industrial lyophilizer, where differences in geometry and 

sample mass could significantly alter cooling rates and ice nucleation temperatures. 

After gaining an improved understanding of the mechanism of nanobubble generation in 

lyophilized formulations, we next evaluated how the presence of a protein (IL-1ra) might impact 

nanobubble formation. As shown in Figure 4-5, the addition of even 0.1 mg/mL IL-1ra resulted in 

a large decrease in the number of nanobubbles detected with either NTA or RMM.  After this 

initial drop at low protein concentration, the nanobubble concentration did not change significantly 

even as the protein concentration was increased by two orders of magnitude. The addition of 

protein to lyophilized formulations could impact the glass transition temperature of the amorphous 

phase or inhibit excipient crystallization. Previous studies conducted by Liao et al. 168   found that 

high concentrations of protein (at least 20 mg/mL) were required to significantly alter the physical 

properties of lyophilized formulations. Interestingly, the effect of protein addition to the 

lyophilized trehalose formulations on nanobubble generation appeared to “saturate” by 0.1 mg/mL, 

a concentration much lower than that reported by Liao et al. 168 

When evaluating this result, we must also consider the limitations of the particle sizing and 

counting methods employed. With a mean diameter of approximately 100 nm, the full distribution 

of nanobubbles cannot be obtained with either RMM or NTA. Therefore, any change in the 
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nanobubble size distribution would alter the total number of nanobubbles detected. Furthermore, 

changes in nanobubble properties induced by protein adsorption, such as changes in refractive 

indices or density, alter the sensitivity of RMM or NTA respectively. Therefore, we cannot 

conclude whether lyophilization with protein reduces the total number of nanobubble generated 

upon reconstitution or whether size distributions and/or optical properties of the nanobubbles are 

altered.  

The lack of protein concentration dependence on the nanobubble concentration suggests 

that the effect of IL-1ra is likely dependent on the nanobubble surface area. Despite billions of 

nanobubbles per milliliter being generated following reconstitution, the total surface area of 

nanobubbles in these suspensions is small. If monolayer adsorption is assumed, the nanobubble 

surface could be saturated at IL-1ra concentrations well below 0.1 mg/mL. Once the nanobubble 

surface becomes completely saturated, further addition of protein would be expected to have a 

minimal effect on the surface properties of nanobubbles. Furthermore, following reconstitution of 

lyophilized IL-1ra formulations, large numbers of negatively buoyant particles attributed to protein 

aggregates are generated. The concentration of IL-1ra aggregates formed was independent of 

protein concentration. We suggest that following reconstitution, IL-1ra may adsorb to the surface 

of nanobubbles, where perturbation in protein structure and aggregation may occur. This 

adsorption may destabilize the nanobubbles, resulting in nanobubble collapse and release of 

aggregate particles into the bulk suspension. 

The final component of this study investigated a potential strategy for reducing 

nanobubble-induced protein aggregation and particle formation in reconstituted lyophilized 

formulations. Our results showed that lyophilized mannitol-trehalose mixtures containing 0.43 

mole fraction mannitol showed smaller numbers of nanobubbles upon reconstitution and also 
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smaller amounts of aggregated protein compared to pure mannitol or trehalose formulations. 

Further, after storing reconstituted suspensions for 10 days, fewer micron-sized particles were 

detected in the 0.43 mole fraction mannitol formulation. These results clearly showed lyophilized 

protein formulations can be formulated to reduce nanobubble formation upon reconstitution and 

thereby reduce aggregation and particle formation.  

4.6 Conclusions 

Our results suggest that nanobubbles observed after reconstitution of lyophilized 

formulations depends on the formation of nano-sized ice crystals within the freeze concentrated 

liquid which leave behind nano-sized voids following primary and secondary drying. 

Crystallization of excipients such as mannitol release water into the freeze concentrate, promoting 

additional ice crystallization and therefore increase nanobubble concentrations following 

reconstitution. Nano-sized ice crystals are susceptible to Oswald ripening phenomena at 

temperatures near or above the glass transition temperature of the freeze concentrate. Annealing 

samples above the glass transition temperature promotes coarsening of ice crystals and reduction 

in nanobubble generation. However, depending on the formulation composition, annealing may 

promote excipient crystallization facilitating the formation of additional nano-sized ice crystals. In 

addition, if the formulation is designed to reduce nanobubble generation, there is also reduced 

protein aggregation, both upon reconstitution of the lyophilized protein formulations and after 

longer incubation periods. The results included in this work suggest a potential strategy for 

minimizing nanobubble formation upon reconstitution of lyophilized protein formulations and 

thereby reducing nanobubble-induced protein aggregation and particle formation. 
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Chapter 5 DEHP Nanodroplets Leached from Polyvinyl Chloride IV 

Bags Promote Aggregation of IVIG and Activate Complement 
 

This chapter will be submitted to the Journal of Pharmaceutical Sciences as; Snell, JR., Monticello, 

CR., Her, C., Ross, EL., Frazer-Abel, AA., Carpenter, JF., & Randolph, TW. DEHP Nanodroplets 

Leached from Polyvinyl Chloride IV Bags Promote Aggregation of IVIG and Activate 

Complement. 

5.1 Abstract 

Concerns regarding the impact of sub-visible particulate contaminants on the safety and 

efficacy of therapeutic protein products have led manufacturers to implement strategies to 

minimize protein aggregation and particle formation during manufacturing, storage and shipping. 

However, once these products are released, manufacturers have limited control over a number of 

product handling factors that might impact product quality. In this work we investigated the effect 

of bis (2-ethylhexyl) phthalate (DEHP) nanodroplets generated in polyvinyl chloride (PVC) bags 

of intravenous (IV) saline on the stability and immunogenicity of intravenous immunoglobulin 

(IVIG) formulations. We first showed that PVC IV bags containing saline can release DEHP 

droplets into the solution when agitated or when transported using a pneumatic tube transportation 

system in a clinical setting. We next evaluated the effects of emulsified DEHP nanodroplets on 

IVIG stability and immunogenicity. IVIG adsorbed strongly to DEHP nanodroplets, forming a 

monolayer. Aggregation of IVIG that occurred during agitation was accelerated in mixtures 

containing DEHP nanodroplets. The immunogenicity of DEHP nanodroplets and IVIG aggregates 

generated in these formulations were evaluated using an in-vitro assay of complement activation 

in human serum. Complement was activated by the alternative pathway by IVIG formulations that 

containing DEHP nanodroplets. The results suggest DEHP nanodroplets shed from PVC IV bags 
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could reduce protein stability and induce activation of the complement system, potentially 

contributing to adverse immune responses during the administration of therapeutic proteins.  

5.2 Introduction  
Therapeutic proteins comprise a rapidly growing segment of the pharmaceutical industry, 

providing highly specific and targeted therapies.1 However, one of the challenges associated with 

the development of therapeutic proteins is the potential for adverse immune responses, which can 

have consequences ranging from reductions in therapeutic efficacy to severe hypersensitivity 

reactions.2,3 Even trace amounts of particulates within formulations of therapeutic proteins are 

potential contributors to  adverse immune responses.4 Kotarek et al.5 and Barnard et al.6 have 

shown correlations between sub-visible particle contaminants and increased rates of immune 

responses in patients to marketed therapeutic protein products.  Studies such as these have 

highlighted the importance of identifying and controlling sub-visible particulate matter to ensure 

the safety and efficacy of therapeutic protein products.7,8 Furthermore, the increased 

immunogenicity of protein formulations containing silicone oil droplets, as well as the common 

use of nano- and micro- particles as adjuvants in vaccines highlight the immunogenic potential of 

subvisible particulate matter in protein formulations.9–11  

Therapeutic protein manufacturers devote significant effort to minimizing subvisible 

particulate matter that may be formed during the manufacturing, storage and transportation of 

therapeutic protein products.12 Less focus has been placed on subvisible particle formation during 

the preparation and administration of therapeutic proteins in clinical settings.13,14 Recent studies 

have reported the presence of subvisible particles in solutions in intravenous (IV) bags used for IV 

infusion of therapeutic protein products.15,16 These studies suggest that IV solutions and bags used 
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for the dilution and administration of therapeutic proteins could contribute to subvisible particle 

contents, potentially impacting the safety and efficacy of these products. 

Polyvinyl chloride (PVC) is a common component of medical devices, with desirable 

properties that include chemical resistance, durability, ease of use and low cost.17–19 However, 

PVC is not inherently flexible, and plasticizers may be added to PVC at concentrations as high as 

30-40% (wt/wt) to achieve desired material properties.19,20 These plasticizers are not covalently 

bound to the PVC matrix, and thus can readily leach into the surrounding solutions.21 Leaching 

and extraction of bis (2-ethylhexyl) phthalate (DEHP) from PVC  bags have been reported 

frequently, with the highest levels of DEHP found in bags used to store and deliver blood, enteral 

and parenteral nutrition admixtures or lipophilic drugs.22–24 

Concerns regarding DEHP leached from plasticized PVC materials have resulted in many 

studies focused on potential biological impacts and calls for regulations on the use of PVC in 

medical devices.25 DEHP exhibits relatively low acute toxicity, with LD 50 values of 1 – 30 g/kg 

of bodyweight,  and the risk of toxicity in adult patients during infusion of aqueous solutions using 

PVC medical devices is considered to be minimal .22,26,27 The greatest risks associated with the use 

of DEHP-plasticized PVC medical devices are thought to be related to applications involving  

chronic exposure (e.g., for hemophilia or dialysis patients),  and exposure during critical points in 

childhood development.20 DEHP has been identified as a reproductive toxicant that affects the 

development of the male reproductive system, and therefore PVC medical devices are not 

recommended for use with pregnant women or peripubertal males.28–30  

Although PVC medical devices are used in a variety of medical applications, there are still 

potential concerns regarding the safety of DEHP related to its potential incompatibility with 

therapeutic proteins. Migration from PVC bags into aqueous solutions often results in DEHP 
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concentrations that exceed its solubility limit in water of 3 µg/mL.31–33 These findings suggest that 

DEHP may be present as suspended liquid droplets within PVC bags, consistent with reports of 

particulate contaminants being detected in solutions administered using PVC IV bags.15,34,35 One 

unexplored concern is that DEHP droplets that migrate into protein formulations from PVC bags 

may negatively impact the stability or immunogenicity of the protein. 

The goal of this study was to evaluate leaching of DEHP droplets from IV bags composed 

of plasticized PVC and to determine the effects of these droplets on the stability and 

immunogenicity of formulations of intravenous immunoglobulins (IVIG). We began by evaluating 

the effect of product handling on leaching of DEHP droplets from PVC bags into IV saline 

solutions.  Results were compared to those obtained in polyolefin (PO) IV bags, which do not 

contain phthalate plasticizers. Particles generated in saline in both bag types were characterized 

after shaking to mimic shipping-related mechanical stresses.   To replicate additional stresses 

which could occur in clinical settings, we also tested the effects of transporting IV bags using a 

pneumatic tube system that is commonly used in hospitals. Particles formed in IV bags were 

characterized using flow imaging microscopy, resonant mass measurement and nanoparticle 

tracking analysis.  

Exposure of proteins to silicone-water interfaces may result in increased protein 

aggregation and particle formation.36–40 Because both silicone oil and DEHP present hydrophobic 

interfaces, we hypothesized that DEHP droplets may behave in a similar fashion as silicone oil 

droplets.32,41 We compared the effects of emulsified silicone oil and DEHP nanodroplets on the 

adsorption behavior and aggregation propensity of IVIG. The formation of intermolecular protein 

networks at the DEHP-water interface was investigated using interleukin-1 receptor antagonist 

(IL-1ra) using interfacial shear rheology and compared with corresponding results for silicone oil-
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water interfaces obtained from the literature.42 Finally, as an indicator of the potential 

immunogenic properties of DEHP suspensions, we evaluated complement activation in human 

serum by IVIG formulations containing DEHP and silicone oil nanodroplets. 

5.3 Materials and Methods 

5.3.1 Materials 

Intravenous immunoglobulin (IVIG) was purchased from the University of Colorado 

Boulder Apothecary in a liquid formulation (Gammagard, Baxter, Deerfield, IL). Recombinant 

human interleukin-1 receptor antagonist (IL-1ra) was donated by Amgen (Thousand Oaks, CA) at 

a concentration of 100 mg/mL. All buffer salts and excipients including sodium chloride, glycine, 

(Fisher Chemical, Hampton, NH), sodium citrate (Alfa Aesar, Haverhill, MA), phosphate buffer 

and MES Buffer (Sigma Aldrich (St. Louis, MO) were of reagent grade or higher. For preparation 

of emulsions, silicone oil (polydimethylsiloxane, Dow Corning 360, 1000 cSt) was purchased from 

Nexeo Solutions (Denver, Colorado), and DEHP was acquired from Sigma-Aldrich (St. Louis, 

MO). The extrinsic fluorescent dye 4,4′-dianilino-1,1′-binaphthyl-5,5′-disulfonic acid dipotassium 

salt (bis-ANS) was purchased from Thermo Scientific (Waltham, MA). 

IV bags containing 100 mL of IV saline, including 100 mL Viaflex bags composed of PVC 

(NDC 0339-0049-48, Baxter, Deerfield IL) and 100 mL Freeflex bags composed of a multilayer 

polyolefin (PO) film (NDC 17271-701-03, Becton Dickinson, Franklin Lakes, NJ) were purchased 

from McKesson Surgical Supply.  

5.3.2 Sample Preparation 

All saline, mobile phases and buffer solutions were prepared using ultrapure water 

generated with a PURELAB flex 1 water deionization system (ELGA Labwater, Wycombe, UK). 

All solutions were filtered using a 0.22 µm filter (MCE membrane filter, Millipore, Burlington, 

MA) using a vacuum filtration setup. To remove insoluble proteinaceous particles from IVIG or 
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IL-1ra solutions, solutions were centrifuged at 21,000 xg for 60 minutes using an Eppendorf 5424R 

centrifuge (Hamburg, Germany). Following centrifugation, the supernatant from each solution was 

removed and used for subsequent experiments.  

5.3.3 Particle Characterization Methods 

The concentration and size distributions of particles and droplets with dimensions between 

50 and 1000 nm were characterized with NanoSight nanoparticle tracking analysis (NTA) 

(Malvern Panalytical, Westborough, MA). Samples were loaded in a 1 mL silicone oil-free syringe 

and injected slowly into the instrument inlet port to minimize bubble formation. Following sample 

injection, camera settings were optimized based on the particle concentration and properties of 

particles in each sample. Once the settings were optimized, 5 videos were recorded with a duration 

of 30 seconds each. Using the NanoSight 3.0 analysis software the particle and droplet 

concentrations and size distributions were calculated as an average of the results obtained from the 

5 videos. 

The concentration and size distribution of particles and droplets with dimensions between 

200 nm and 5 µm were measured using a resonant mass measurement (RMM) instrument 

(Archimedes, Malvern Panalytical, Westborough MA). Using RMM, particles were counted and 

classified as either positively or negatively buoyant based on their density relative to that of the 

bulk fluid. Samples were loaded to the Hi-Q micro sensor chip for 20 seconds before acquiring 

data for 10 minutes. The sensor was rinsed for 90 seconds with ultrapure water after each sample. 

A SALD7500-nano (Shimadzu, Kyoto, Japan) was employed to measure the concentration 

and size distribution of DEHP droplets over the range of 100 nm to 60 µm using a quantitative 

laser diffraction (qLD) based method. This instrument calculates both concentration and size 

distribution from laser diffraction data using scattering patterns predicted by Mie scattering theory 
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and the intensity of scattered light.85 All measurements were conducted using a batch cell with a 

sample volume of 8 mL and measured in triplicate. Concentrations and size distributions were 

calculated using a DEHP refractive index of 1.49 and the WingSALD bio-7500 software version 

3.3.216  

The concentration, size distribution and morphology of micron-sized particles were 

characterized using flow imaging microscopy (Flowcam, Fluid Imaging Technologies, 

Scarborough, ME). For each sample the instrument was primed with 0.1 mL of sample before 0.2 

mL was analyzed at a flowrate of 0.080 mL/min using an FC100 flow cell, combined with a 10X 

objective and collimator. All measurements were conducted in triplicate.  

5.3.4 Measurements of Surface Charge 

The zeta potentials of DEHP nanodroplets and IVIG molecules were measured with a 

Litesizer 500 instrument (Anton Paar, Graz, Austria) using the principle of electrophoretic light 

scattering. For each measurement, 350 µL of sample was loaded into an Omega cuvette purchased 

from Anton Paar. All measurements were conducted at 25 °C, and sample concentrations were 

optimized to provide light intensities between 300 and 800 kcounts/s. All zeta potential 

measurements were completed in triplicate in 5 mM sodium citrate buffer pH 5. 

5.3.5 Chemical Analysis of Contaminants Leached from PVC IV Bags 

To determine the chemical identity of contaminants leached from PVC IV bags, samples 

from a shaken PVC IV bag were extracted into hexane and characterized using gas 

chromatography coupled with mass spectrometry (GC/MS). GC/MS analysis was conducted using 

a Thermo ISQ single quadrupole mass spectrometer coupled to a ThermoFisher Scientific TRACE 

1310 gas chromatograph. Sample volumes of 1 µL were injected using a Hamilton 701N 10 µL 

syringe, and separation was performed on a Phenomenex Zebron ZB-HT5 column. Following 

sample injection, the oven temperature was held at 100 °C for 3 minutes before being ramped to 
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325 °C at a rate of 40 °C/min and then subsequently held at 325 °C for 2 minutes.  GC/MS data 

were acquired from 3.5 min of the temperature gradient ranging from 50 to 500 amu, with a 0.2 

second scan time.  Data were analyzed using Chromeleon 7.2 SR4 with embedded library. 

5.3.6 Quantification of Soluble IVIG Monomer and Dimer Concentration by SE-HPLC 

The loss of soluble IVIG monomer and dimer from solutions with or without DEHP 

nanodroplets was evaluated using size exclusion high performance liquid chromatography (SE-

HPLC). For analysis, all samples were diluted by 50% with deuterium oxide and subsequently 

centrifuged at 21,000 x g for 1 hour at 4 °C. Deuterium oxide was added to increase the difference 

in density between the bulk fluid and the DEHP nanodroplets, significantly improving separation. 

The samples were injected into an Agilent 1100 HPLC (Santa Clara, California), and IVIG elution 

was monitored at 280 nm. This system was operated at 0.6 mL/min with a mobile phase composed 

of 200 mM phosphate buffer pH 7 with 400 mM NaCl. Separation was achieved using a Tosoh 

TSKgel G3000SWxl size exclusion column coupled with a Tosoh TSKgel guard column (Tokyo, 

Japan). The extent of IVIG loss was quantified by comparing the areas under the monomer and 

dimer peaks of stressed samples to those for unstressed controls. 

5.3.7 Particle Formation from Shaken PVC IV Bags  

PVC and PO IV bags (100 mL nominal volume) containing 100 mL of intravenous (IV) 

saline were stressed to evaluate particle formation in bags exposed to stresses typical of those 

encountered during shipping and handling. Bags were placed in an I26 incubator shaker (New 

Brunswick Scientific, Edison, NJ) for 3 days at 40 ˚C with a constant rotation speed of 350 rpm. 

Following incubation, bags were left at room temperature for 1 hour to allow bubbles to dissipate 

before characterizing particle concentration using flow imaging microscopy, NTA and quantitative 

laser diffraction.  
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5.3.8 Pneumatic Tube System Studies 

A pneumatic tube system (Swisslog, Buchs, Switzerland) at the Children’s Hospital 

Colorado was used to transport IV bags containing 100 mL of saline between the central pharmacy 

located in the hospital basement to a 4th floor nursing station. To evaluate particle formation caused 

by transportation in this system, bags were transported either once or multiple times. Bags were 

transported both from the central pharmacy to the 4th floor nursing station as well as from the 4th 

floor nursing station back to the central pharmacy. Each time that bags were transported either up 

or down was counted as a single pass. Particle concentrations in the IV bags were measured using 

flow imaging microscopy, NTA and RMM immediately after transporting the bags 

5.3.9 Preparation and Characterization of DEHP and Silicone Oil Emulsions 

Silicone oil emulsions were prepared in water using a combination of mechanical mixing 

proceeded by high pressure homogenization following the procedure developed by Ludwig et al.217 

DEHP-in-water emulsions were prepared using a modified version of the protocol for generation 

of silicone oil emulsions. Using a Gilson Microman 1 mL positive displacement pipette, 3 mL of 

DEHP was combined with 97 mL of ultrapure water in a stainless-steel cylinder. This suspension 

was mixed under high shear using a Virtishear mechanical homogenizer (The Virtis Company, 

Gardiner, New York) for 15 minutes at 30,000 rpm. Immediately after the completion of 

mechanical homogenization, the suspensions were emulsified using a high-pressure Emulsiflex 

C5 homogenizer. The suspension was first emulsified for 7 passes at a pressure which oscillated 

between 5,000 to 10,000 psi; followed by an additional 5 passes at a 10,000 – 15,000 psi. The final 

emulsions were collected and stored at 4 °C in 50 mL polypropylene tubes. 

The concentration of silicone oil and DEHP emulsions was evaluated using a procedure 

developed by Ludwig et al. utilizing infrared spectroscopy217 Silicone oil and DEHP emulsions 

were extracted into hexane and subsequently analyzed using attenuated total reflectance Fourier-
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transform infrared spectroscopy (Thermo Nicolet 6700 FTIR, Waltham, MA). The mass of DEHP 

or silicone oil in each emulsion was determined by comparing the area under the peak for each 

sample to a standard curve prepared for both DEHP and silicone oil. The region of the spectrum 

integrated was dependent on the chemical structure of each molecule. For silicone oil emulsions, 

absorbance by Si-CH3  groups between 1280 and 1240 cm-1 was used, whereas absorbance by 

carbonyl groups between 1680 and 1760 cm-1 was utilized for quantitation of DEHP emulsions.218  

The size distribution of nanodroplets in both emulsions were measured using a Beckman 

Coulter LS230 (Fullerton, CA). Size distributions were calculated from laser diffraction data using 

refractive indices of 1.4046 and 1.4853 for silicone oil and DEHP, respectively.216,219 Using a 

combination of the emulsion concentration and droplet size distribution, the total surface area of 

DEHP droplets in each emulsion was calculated. 

5.3.10 Evaluation of Protein Surface Coverage 

IVIG adsorption to DEHP nanodroplets was quantified using a solution depletion method 

similar to that described previously by Gerhardt et al.34 Adsorption studies were conducted with 

DEHP emulsions containing 5 mM sodium citrate buffer pH 5 with 154 mM NaCl. In addition, to 

aid in separation of DEHP nanodroplets each formulation contained 25% deuterium oxide by 

volume. Following sample preparation, samples were incubated quiescently at room temperature 

for 1 hour. After incubation, samples were centrifuged at 21,000 x g for 1 hour to separate the 

aqueous phase from the DEHP nanodroplets. Centrifugation resulted in a creamed layer of DEHP 

at the surface of each sample, but no pellet formation was observed. Following centrifugation, to 

avoid disruption of the creamed DEHP layer the middle fraction of each sample was removed 

carefully for analysis with a 1 mL silicone oil-free syringe and needle. The concentration of protein 

remaining following separation of the DEHP nanodroplets was measured with a Pierce 660 nm 
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protein assay (Thermo Fisher Scientific, Waltham MA) in a microplate format using an Infinite M 

Plex plate reader (Tecan, Mannedorf Switzerland). Protein surface coverage was calculated using 

the concentration of adsorbed protein and the surface area of DEHP nanodroplets added. 

Adsorption data were fit to a Langmuir isotherm: 

𝛤 =
𝛤𝑚𝑎𝑥𝐾𝐶

1 + 𝐾𝐶
 

where K is a binding constant, Γ is the surface coverage and Γmax is the maximum surface 

coverage.220,221 

5.3.11 Extrinsic Fluorescence Measurements with bis-ANS 

Bis-ANS is a fluorescent dye that is sensitive to hydrophobic protein regions and is 

frequently used for characterization of structural changes in proteins.222 Formulations were 

prepared that contained 5 mM sodium citrate buffer pH 5, 154 mM NaCl,  0.1 mg/mL IVIG and 

various concentrations of emulsified  DEHP and silicone oil droplets. DEHP and silicone oil 

emulsions contained sufficient nanodroplet surface area to essentially completely adsorb all added 

IVIG molecules. Samples were incubated quiescently at room temperature for 2 hours prior to 

addition of bis-ANS and fluorescence analysis (see below). To minimize nanodroplet coalescence 

and associated reductions in surface area of emulsions, fluorescence intensities in IVIG-free DEHP 

and silicone oil emulsion controls were measured immediately following sample preparation. 

Stock bis-ANS at a concentration of 32 µm was prepared in ultrapure water and protected 

from light. For each measurement, 100 µL of 32 µm bis-ANS solution was added to 3 mL of 

sample and incubated for 3 minutes before fluorescence intensities were measured in a front-face 

orientation using a SLM Aminco Fluorimeter (SLM Instruments, Urbana, IL). Samples were 
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excited at 390 nm, and emission spectra were recorded from 450 to 600 nm. All samples were 

prepared and analyzed in triplicate. 

5.3.12 Interfacial Shear Rheometry 

Formation of interfacial gel layers at DEHP-water interfaces was investigated using a 

custom-built interfacial shear rheometer28,29,223. Experiments were designed for direct comparison 

to previous studies223 of IL-1ra gelation at the silicone oil-water interface. Gelation experiments 

were conducted with 1 mg/mL IL-1ra in 10 mM MES buffer pH 6.5 containing 150 mM NaCl. 

Sufficient volumes of DEHP were added to completely cover the buffer surface. Rheological 

measurement experiments were conducted by monitoring motion in the presence of an oscillating 

magnetic field of a magnetized rod (diameter x length = 0.06 x 2.60 cm2) suspended by surface 

tension forces at the DEHP-water interface for up to 14 hours. All additional experimental 

conditions were identical to those described by Sorret et al.223  

5.3.13 IVIG Aggregation in Emulsified DEHP and Silicone Oil 

Studies of the effect of DEHP and silicone oil nanodroplets on IVIG stability were 

conducted with emulsified DEHP and silicone oil. Concentrated buffer solutions and IVIG were 

added to both emulsions to obtain solutions containing 5 mM sodium citrate buffer pH 5 with 154 

mM sodium chloride and 0.5 mg/mL IVIG. In droplet-free control samples, sodium chloride and 

IVIG were diluted in ultrapure water to obtain the same excipient and IVIG concentrations. 

Samples were incubated at room temperature in 1.7 mL polypropylene test tubes either quiescently 

or rotated at 8 rpm using a Barnstead Labquake Rotator (Barnstead, Dubuque, IA). For all samples, 

tubes were filled with 1 mL of liquid, providing a headspace air bubble of 0.7 mL. At each time 

point, samples from three test tubes from each condition were analyzed for monomer and dimer 

loss by SE-HPLC. 
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5.3.14 Complement Activation by IVIG in the Presence of DEHP and Silicone Oil 

Nanodroplets 

Complement activation was measured in mixtures of donated human serum and samples 

from formulations that contained DEHP or silicone oil nanodroplets and 0.5 mg/mL IVIG in 5 mM 

sodium citrate buffer pH 5 with 154 mM NaCl. IVIG formulations were prepared that contained 

0, 0.01, 0.1 and 1 mg/mL of either silicone oil or DEHP nanodroplets. The formulations were 

aliquoted into 1.7 mL polypropylene centrifuge tubes and stored at room temperature either 

quiescently or rotated end-over-end at 8 rpm for 24 hours. The samples were then submitted to 

Exsera Biolabs (Denver, CO) for complement activation testing. Samples were also characterized 

for monomer and dimer loss using SE-HPLC and for particle concentration using flow imaging 

microscopy. 

Complement activation was measured in normal human serum pooled from three 

individual donors previously screened for normal complement function. Test samples were mixed 

with the pooled human serum at a ratio of one part of sample to nine parts of serum. Immediately 

following mixing, samples were incubated at 37 ˚C for 30 minutes and then aliquoted and stored 

at -80 ˚C until further testing was conducted. The extent of complement activation was determined 

by measuring the levels of four activation fragments that mark activation across the multiple 

pathways of the complement cascade.  Specifically C4a was measured as a marker of activation of 

the classical or lectin pathway, Bb as a marker of the alternative pathway, C3a as the central point 

of complement activation and C5a as a marker of terminal pathway activation.224 The 

concentrations of each of the markers of complement activation were measured individually using 

an enzyme linked immunosorbent assay (ELISA) purchased from Quidel Corporation (San Diego, 

CA). The concentration of each complement protein was measured in quadruplicate for each 
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sample. The average of these four measurements were plotted as a fold increase compared to 

concentrations measured in control samples consisting of 1:9 mixtures of saline and human serum. 

5.4 Results 

5.4.1 Formation of DEHP Droplets in PVC Bags 

 

Table 5-1: Characterization of particles in PVC and PO IV bags using Flowcam, NTA and SALD-7500nano. Particle concentrations 
in PO and PVC IV bags were measured before and after shaking IV bags at 350 rpm for 3 days at 40 °C. 

Particle Characterization 

Method 

IV Bag Material Particle Concentration 

Before Shaking (#/mL) 

Particle 

Concentration After 

Shaking (#/mL) 

Flowcam PVC 2,300 ± 440 96,000 ± 28,000 

PO 720 ± 450 640 ± 110 

Nanoparticle Tracking 

Analysis 

PVC (3.9 ± 2.6) x 107 (2.5 ± 0.8) x 108 

PO (8.0 ± 1.4) x 106 (4.5 ± 1.1) x 107 

SALD-7500nano PVC LOD (3.0 ± 0.2) x 107 

PO LOD LOD 

LOD – Limit of Detection 

The concentrations of micro- and nanoparticulate contaminants in IV bags containing 

saline were characterized both before and after bags were agitated, which was used to mimic 

shipping- or handling-related stresses. As shown in Table 5-1, before application of shaking stress, 

saline solutions in IV bags composed of PVC contained significantly more micro-particles 

compared to solutions in PO bags and the differences in particle content between the two bag types 

was exacerbated by stress. Agitation at 350 rpm for 3 days greatly increased micro-particle 

concentrations in saline in PVC bags, whereas no significant increase in micro-particle content 

was observed for saline in PO bags. Agitation caused an increase in nanoparticle concentrations 

for both bag materials (Table 5-1). However, significantly more nanoparticles were detected in 

saline in PVC bags than in PO bags (Table 5-1). Essentially all micro-particles generated in PVC 

IV bags appeared to be spherical, consistent with the morphology expected for DEHP droplets 

(Figure 5-1). 
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Figure 5-1: Flow microscopy images of particles generated in a PVC IV bag after shaking for three days at 350 rpm (A) or after 
being transported using a pneumatic tube system (B). A total of 80 particle images was selected randomly from 10,558 images 

from a shaken bag and 5,146 images from a tubed IV bag. 

To investigate the chemical composition of leachates from PVC IV bags, saline solutions 

from agitated bags were characterized by GC/MS. The results confirmed that the solutions 

contained the plasticizer DEHP as well as a second, similar plasticizer identified as dioctyl 

sebacate (data not shown). Because any suspended air bubbles would also exhibit spherical 

morphologies and might be mistaken for DEHP droplets, we differentiated between these two 

types of suspended particles using their rising velocities. In aqueous media, the rising velocity of 

spherical particles composed of either DEHP or air can be easily estimated using the difference in 

density between the particle and that of the bulk solution. A 2 µm particle composed of air would 

rise at a rate of 21 cm/day, whereas a DEHP droplet of the same size would rise at a much slower 

rate of only 0.3 cm/day. Laser diffraction was employed to monitor the change in size distribution 

of droplet suspensions generated in a saline from an agitated PVC IV bag while the suspensions 

were stored quiescently at room temperature. Nanoparticles generated in IV bags appeared to 
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coalesce, because size distributions rapidly shifted towards larger particle sizes (Figure 5-2B). 

Flow imaging microscopy of samples measured immediately after agitation showed micro-particle 

counts of 62,000 particles/mL. As DEHP nanodroplets coalesced during 4 days of quiescent 

incubation, larger microdroplets formed that could be detected by flow imaging microscopy and 

counts increased to a maximum of 210,000 particles/mL (Figure 5-2C). After reaching a 

maximum, the concentration of micro-particles decreased slowly as coalescence proceeded over 

longer storage periods. The rate of loss of micron-sized particles was consistent with the lower 

rising velocity calculated for DEHP droplets. 



86 
 

 

Figure 5-2: Stability of particles generated in shaken PVC IV bags during quiescent incubation at room temperature. A.) Size 
distribution of DEHP droplets measured with the SALD7500-nano immediately after shaking a PVC IV bag at 350 rpm. B.) Change 

in size distribution of particles generated by shaking during quiescent storage at room temperature over a 1-week storage period 
measured with SALD7500-nano C.) Concentration of droplets greater than 2 µm measured with Flowcam over a 3-week incubation 
period following shaking. 
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As an example of mechanical stress that can be encountered in clinical settings, we 

investigated particle formation in IV bags containing IV saline that were transported using a 

pneumatic tube system used at the Children’s Hospital Colorado. Micro- and nanoparticles in 

either PVC or PO IV bags were plotted as a function of number of passes through the pneumatic 

tube system. For both PVC and PO bags, transportation in the pneumatic tube system resulted in 

increases in particle content as measured with flow imaging microscopy and RMM. For PVC IV 

bags, a single pass increased the micro-particle content by 18,200 ± 2,400 particles per mL, 

whereas no significant change in particle concentration was observed in PO bags (Figure 5-3A). 

In addition, after twelve passes, 79,400 ± 13,900 microparticles/mL were detected in PVC IV bags, 

whereas only 4,500 ± 2,500 microparticles/mL were measured in PO bags (Figure 5-3A). As 

shown in Figure 5-1B, particles generated in PVC IV bags all had a spherical morphology 

consistent with droplets of DEHP.  

To differentiate between particles based on their densities relative to the bulk fluid, 

particles generated in saline in IV bags during transportation using the pneumatic tube system also 

were characterized with RMM. In saline from PVC bags, only negatively buoyant particles were 

detected, suggesting that particles composed of PVC (ρ = 1.38 g/cm3) could be shed as the bags 

are transported within the pneumatic tube system (Figure 3C). The lack of positively buoyant 

particles detected by RMM (Figure 5-3C) does not rule out the presence of DEHP droplets, because 

the minimal difference in density between water (ρ = 1.01 g/cm3) and DEHP (ρ = 0.99 g/cm3) 

makes RMM analysis insensitive to small DEHP droplets. Finally, only positively buoyant 

particles were detected in PO bags following transportation with a pneumatic tube system (Figure 

5-3D). The morphologies of the small number of particles generated in PO bags monitored with 

flow imaging microscopy were inconsistent with the detected positively buoyant particles being 
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air bubbles. Rather, because PO bags are composed of a multilayer polyolefin film with an inner 

polypropylene layer, positively buoyant particles detected by RMM may be composed of 

polypropylene (ρ = 0.90 g/cm3) shed from the bags during transportation with the pneumatic tube 

system.  

 

Figure 5-3: Formation of particulate contaminants in PVC (white circles) or PO bags (grey triangles) containing IV saline as a 
function of passes through a pneumatic tube system were measured with flow imaging microscopy (A) and nanoparticle tracking 
analysis (B). Using RMM, particles generated after passing bags through the pneumatic tube system were classified as either 
negatively buoyant (white diamonds) or positively buoyant (black squares) based on their density relative to the bulk fluid for 
particles generated in PVC (C) and PO (D) IV bags. 

5.4.2 Interactions between DEHP Emulsions and IVIG 

We next investigated adsorption of the polyclonal antibody molecules in the IVIG product 

to the surface of emulsified DEHP droplets. Emulsions contained DEHP nanodroplets with a mean 

diameter of approximately 300 nm. Adsorption of IVIG to DEHP nanodroplets was measured 

using a solution depletion method in which reductions in IVIG concentrations were determined 
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after incubation with DEHP droplets and subsequent removal of the droplets by centrifugation.34 

As shown in Figure 5-4, IVIG exhibited a relatively strong binding affinity for DEHP droplets as 

displayed by the sharp initial slope of the adsorption isotherm. IVIG surface coverage saturated at 

2.65 ± 0.50 mg of IVIG adsorbed per m2 of DEHP surface area. This surface coverage is consistent 

with monolayer adsorption of polyclonal IgG molecules, assuming hexagonal closest packing of 

disks and a hydrodynamic radius of 6.3 nm.225 This surface coverage is similar to previously 

reported values for adsorption of a monoclonal antibodies and IL-1ra to the silicone oil-water 

interface.212,223 

 

Figure 5-4: Mass of IVIG adsorbed per m2 of DEHP nanodroplet surface area plotted as a function of the remaining concentration 
of IVIG in the bulk solution. The surface coverage of IVIG on DEHP droplets was measured in 5 mM sodium citrate buffer pH 5 

containing 154 mM sodium chloride. IVIG surface coverage saturated at 2.65 ± 0.50 mg/m2. Adsorption data were fitted to a 
Langmuir isotherm (red line) to determine the surface coverage. 

The potential impact of adsorption of IVIG and the surface DEHP nanodroplets on protein 

conformation was evaluated using the extrinsic fluorescent dye bis-ANS. Binding and 

fluorescence of bis-ANS depends on a combination of hydrophobic and electrostatic interactions, 

making it sensitive to perturbations in protein structure that alter exposure of previously buried 

protein regions.226 IVIG (0.1 mg/mL) was added to a DEHP emulsion containing sufficient droplet 

surface area to completely adsorb all added antibody molecules in the sample. Samples were 
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incubated for 2 hours prior to addition of bis-ANS and measurement of fluorescence intensity. As 

shown in Figure 5-5, adsorption of IVIG to DEHP nanodroplets greatly increased the fluorescence 

intensity maxima of bis-ANS at 490 nm. In comparison, the fluorescence intensity maxima in 

samples containing IVIG adsorbed to silicone oil droplets were lower than those for IVIG adsorbed 

to DEHP droplets (Figure 5-5). In formulations containing silicone oil or DEHP droplets without 

IVIG, fluorescence intensities were much lower (Figure 5-5). The increased fluorescence intensity 

of IVIG formulations containing DEHP and silicone oil nanodroplets indicates that IVIG 

adsorption to these interfaces promotes bis-ANS binding. 

 

Figure 5-5: Fluorescence intensity of the extrinsic fluorescent probe bis-ANS plotted as function of wavelength. Sufficient surface 
area of DEHP (red line) or silicone oil (green line) nanodroplets were added to formulations containing 0.5 mg/mL IVIG in 5 mM 

sodium citrate buffer pH 5 with 154 mM NaCl for complete adsorption of IVIG. Samples were incubated for 2 hours before the 
addition of 1 µm bis-ANS and measurement of fluorescence intensity. Fluorescence intensity of bis-ANS was also measured in 
droplet-free 0.5 mg/mL IVIG formulations (orange line) as well as DEHP (gray line) and silicone oil (blue line) emulsions without 
IVIG. The average of three independent samples is plotted and error bars represent the standard deviation from the mean. 

5.4.3 Loss of Soluble IVIG Monomer and Dimer in DEHP and Silicone oil Emulsions 

The effects of DEHP on the stability of IVIG were evaluated by monitoring the loss of 

soluble IVIG monomers and dimers by SEC during a 24-hour incubation period at room 

temperature (Figure 5-6). Formulations containing 0.5 mg/mL IVIG were either rotated end-over-

end or stored quiescently at room temperature for the duration of the incubation period. At DEHP 

concentrations up to 0.1 mg/mL, no significant decreases in soluble IVIG concentrations 
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(compared to droplet-free controls) were observed in either rotated or quiescent samples. However, 

at a DEHP concentration of 1 mg/mL, DEHP emulsions reduced the IVIG concentration to 0.47 ± 

0.01 mg/mL after 6 hours of rotation, which was reduced further to 0.40 ± 0.02 mg/mL after 24 

hours of agitation. At the highest concentration of DEHP studied (2 mg/mL), after just 3 hours of 

rotation IVIG concentrations were decreased to 0.40 ± 0.1 mg/mL, and only 0.25 ± 0.03 mg/mL 

remained after 24 hours. IVIG aggregation in DEHP emulsions was dependent on agitation, as 

insignificant losses of IVIG due to aggregation were observed in quiescently incubated samples. 

The initial reduction in IVIG concentration in samples containing   2 mg/mL emulsified DEHP to 

0.45 ± 0.1mg/mL can be attributed to IVIG adsorption to DEHP nanodroplets, and is consistent 

with monolayer adsorption.  

Loss of soluble IVIG was also monitored for formulations containing silicone oil emulsions 

under otherwise identical conditions (Figure 5-6). For formulations stored quiescently, no 

significant loss of soluble IVIG was detected for any silicone oil emulsion concentration beyond 

that attributed to monolayer protein adsorption at the silicone oil-water interface. A combination 

of both agitation and silicone oil emulsions concentrations greater than 0.1 mg/mL was required 

to induce significant loss of soluble IVIG relative to droplet-free control samples. Agitating IVIG 

formulations containing 1 mg/mL silicone oil droplets reduced IVIG concentrations to 0.40 ± 0.02 

mg/mL after 24 hours. Increasing the silicone oil emulsion concentration to 2 mg/mL resulted in 

reductions in soluble IVIG concentrations to 0.37 ± 0.02 mg/mL after 3 hours of agitation and 

complete loss of soluble IVIG after 24 hours. 
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Figure 5-6: Soluble IVIG concentrations measured with SE-HPLC during incubation at room temperature in formulations 
containing DEHP (A, B) or silicone oil emulsions (C, D).  Concentrations of soluble IVIG were monitored over a 24-hour 
incubation period in which samples were either stored quiescently (A, C) or rotated end-over-end at 8 rpm (B, D). Formulations 
consisted of 0.5 mg/mL IVIG in 5 mM sodium citrate buffer with 154 NaCl and contained emulsions concentrations of either 0 
(gray squares), 0.1 (blue triangles), 1 (green hexagons) or 2 mg/mL (orange diamonds). Each point represents the average of three 
replicates with error bars indicating the standard deviation from the mean.  Some error bars are smaller than the data point size. 

5.4.4 Formation of Interfacial Protein Gels at the DEHP-Water Interface 

Protein gelation was measured using an interfacial shear rheometer to investigate 

intermolecular protein interactions resulting in the formation of viscoelastic gels at the DEHP-

water interface.  Gelation studies were conducted with  IL-1ra as a model therapeutic protein to 

allow for direct comparisons with studies of IL-1ra at the silicone oil-water interface conducted by 

Sorret et al.223 

As shown in Figure 5-7, the elastic and viscous moduli of the interfacial layer are plotted 

as a function of aging time following the addition of IL-1ra. Initially the elastic modulus was lower 
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than the viscous modulus, indicating that the interface maintained a predominantly viscous 

character. After sufficient aging time, the elastic modulus increased, exceeding the value of the 

viscous modulus. The point at which the elastic modulus exceeds the viscous modulus is 

considered the gel transition point, as the interfacial layer adopts a more elastic character. The 

formation of viscoelastic gels at the DEHP-water interface occurred after 8.7 ± 1.4 hours, requiring 

significantly longer aging times than previously reported for IL-1ra at the silicone oil-water 

interface  (5.3 ± 1.2 hours).223 The strength of gels formed at the DEHP-water interface was 

variable, as evident from the variations in the magnitude of elastic modulus following gelation. 
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Figure 5-7: Figure 7. Dynamic interfacial shear moduli plotted as a function of aging time for three independent measurements of 
interfacial rheology as a function of time. The dynamic interfacial moduli at the DEHP-water interface was measured in 1 mg/ml 
IL-1ra formulations containing 10 mM MES buffer pH 6.5 and 150 mM NaCl. Both the elastic storage moduli (G’) (black squares) 
and viscous loss moduli (G”) (white circles) are plotted for the duration of a 14-hour aging period. Gelation was considered to have 

occurred once G’ exceeded G”. Gelation was observed in all samples and occurred after 8.3 ± 1.6 hours. Following gelation, the 
strength of gels formed in each sample varied significantly as shown in the above plots.  
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5.4.5 Complement Activation by IVIG in the Presence of DEHP and Silicone Oil 

Nanodroplets 

In Figure 5-8, the fold increases in concentrations of the C5a, C3a and Bb proteins involved 

in the complement cascade are plotted as a function of droplet concentration in solutions 

containing 0.5 mg/mL IVIG (all droplet concentration are reported as prior to ten-fold dilution in 

serum for the complement activation assay).  Fold increases are relative to that for complement 

activation measured for saline formulations without IVIG. Increases in the concentrations of C4a 

protein, which would be indicative of the classical or lectin pathway of complement activation, 

were not observed for any IVIG formulations containing silicone oil or DEHP nanodroplets. 

Therefore, DEHP and silicone oil nanodroplets in IVIG formulations appeared promote activation 

of the complement system through the alternative pathway for activation significant enough to 

reach the terminal pathway.227 
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Figure 5-8: Activation of the complement system by IVIG formulations containing DEHP nanodroplets (white bars) or silicone oil 
nanodroplets (gray bars). All samples contained 0.5 mg/mL IVIG and were incubated at room temperature for 24 hours in 5 mM 
sodium citrate buffer pH 5 with 154 mM NaCl either quiescently (A-C) or rotated end-over-end at 8 rpm (D-F). Following 
incubation for 24 hours, samples were exposed to pooled human serum and concentrations of the Bb, C3a, C5a and C4a complement 

proteins were measured using standard ELISA techniques. In each plot complement activation induced by IVIG formulations 
containing emulsified droplets is compared to activation in response to controls that contained 0.5 mg/mL IVIG, but no silicone oil 
or DEHP droplets (dashed lines). Results for C4a are not shown as no significant increases in C4a serum levels were detected in 
any samples. 

The alternative pathway is primarily activated by binding of C3b proteins to foreign 

surfaces, which leads to further amplification steps that result in complement activation. But this 
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pathway is also important as an amplification loop for activation starting in the classical or lectin 

pathway, as well as a baseline level of tick-over activation.227 Previous studies of complement 

activation by nanoparticles have shown that activation depends on particle surface properties 

including surface charge and hydrophobicity.228–230 Negatively charged nanoparticles activate 

complement predominantly through the classical pathway, resulting from interactions with a 

positively charged region of the C1q protein.231 In contrast, positively charged nanoparticles have 

been associated with activation through the alternative pathway.232 Silicone oil droplets are 

negatively charged, but become positively charged upon adsorption of positively charged 

antibodies.233 In our current study, DEHP droplets in the absence of adsorbed protein had a 

negative surface charge of -6.8 ± 0.6 mV.  However, adsorption of positively charged IVIG at pH 

5 (zeta potential of IVIG monomers is 3.9 ± 1.1 mV) increased the surface charge to 6.0 ± 0.1 mV. 

The observed complement activation through the alternative pathway was therefore consistent with 

the positive charge of DEHP and silicone oil droplets in IVIG formulations. 

Because IVIG adsorbs strongly to DEHP droplets and forms a complete monolayer, 

binding of complement proteins such as C3b is likely driven by interactions with adsorbed IVIG 

rather than by direct interactions with DEHP or silicone oil water interfaces. IVIG formulations 

containing DEHP or silicone oil droplets that were incubated without agitation had nearly 

undetectable amounts of aggregated protein, and both formulations activated complement to 

essentially the same degree.   In the absence of aggregates produced by agitation stresses, high 

concentrations (e.g., 1 mg/mL) of both DEHP and silicone oil droplets in IVIG formulations were 

required to induce large increases in complement activation relative to droplet-free controls. For 

IVIG formulations containing droplet concentrations of 1 mg/mL, both droplet types induced 

similar activation, with fold increases vs. saline controls for the anaphylatoxin C5a of 1.26 ± 0.04 
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and 1.28 ± 0.05 in IVIG formulations containing silicone oil and DEHP droplets, respectively.  At 

droplet concentrations of 100 µg/mL, small but significant increases in complement activation 

were observed in IVIG formulations compared to droplet-free controls with 0.18 ± 0.01 and 0.22 

± 0.01 fold increases in concentrations of the C5a anaphylatoxin for formulations containing either 

DEHP or silicone oil emulsions. 

Similar to nanoparticles, proteinaceous aggregates can activate the alternative pathway of 

the complement system.67,234,235 IVIG aggregates formed during agitation of droplet-free controls 

resulted in increased complement activation relative to quiescent control samples. In IVIG 

formulations without nanodroplets, fold increases of the C5a anaphylatoxin rose from 0.05 ± 0.01 

to 0.89 ± 0.03 when samples were rotated to induce the formation of IVIG aggregates. As shown 

previously, DEHP and silicone oil droplet concentrations of 1 mg/mL or greater were required to 

induce detectable IVIG monomer and dimer loss compared to droplet-free controls. In agitated 

IVIG formulations containing 1 mg/mL DEHP or silicone oil nanodroplets, increased IVIG 

aggregation promoted greater complement activation relative to quiescent samples, resulting in 

fold increases of the C5a anaphylatoxin of 4.69 ± 0.14 and 2.79 ± 0.19 in DEHP and silicone oil 

emulsion respectively (Figure 5-8D). Interestingly, at a concentration of 1 mg/mL, DEHP 

nanodroplets in agitated IVIG formulations promoted greater complement activation than IVIG 

formulations containing the same concentration of silicone oil droplets despite similar levels of 

IVIG aggregation in formulations containing either silicone oil or DEHP droplets. In figures 5-8E 

and 5-8F greater fold increases in the concentrations of the C3a and Bb proteins were measured in 

IVIG formulations containing 1 mg/mL DEHP (1.14 ± 0.07 and 1.13 ± 0.07) when compared 

directly to formulations containing silicone oil emulsions (0.70 ± 0.04 and 0.75 ± 0.05) at the same 

droplet concentrations.  
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5.5 Discussion 

5.5.1 DEHP Droplet Formation in PVC IV Bags 

When PVC IV bags containing saline are either shaken to replicate shipping- and handling-

related stresses or transported using a pneumatic tube system, higher concentrations of subvisible 

particles are generated relative to PO IV bags of the same volume. Subvisible particles generated 

in PVC IV bags had morphologies and densities consistent with the particles being composed of 

DEHP. Increased particle formation in PVC IV bags likely results from migration of DEHP within 

PVC matrices, resulting in the accumulation of DEHP as the surface of plasticized PVC 

materials.194,236,237 Shear at the PVC-liquid interface caused by agitation or severe mechanical 

stress induced during transportation using a pneumatic tubing system may cause DEHP droplets 

to be shed into liquid formulations.  

5.5.2 Effect of DEHP and Silicone Oil Nanodroplets on IVIG Stability 

Similar to our observations with PVC IV bags, agitation of silicone oil-lubricated prefilled 

syringes has been associated with shedding of silicone oil droplets into protein formulations.238,239 

Biophysical characterization methods such as intrinsic fluorescence quenching and circular 

dichroism have shown that perturbations in protein structure may occur following protein 

adsorption to silicone oil-water interfaces presented by these droplets.212,215,233 Due to interference 

caused by the aromatic and chiral nature of DEHP, we could not use these same biophysical 

characterization methods to probe possible structural perturbations in proteins at the DEHP-water 

interface. Instead,  we showed that IVIG adsorbed strongly to DEHP nanodroplets, resulting in 

surface coverages similar to those previously reported for monoclonal antibodies at the silicone 

oil–water interface.212 Further, similar increases in fluorescence intensity of bis-ANS in IVIG 

formulations containing either silicone oil or DEHP droplets indicate that protein adsorption to 

both interfaces creates an environment favorable for bis-ANS binding. Although we cannot 
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conclude whether the increased fluorescence results from perturbations in IVIG structure or from 

bis-ANS binding to a combination of native IVIG and the DEHP-water interface, it provides 

evidence of similar behavior of IVIG at both interfaces. This may suggest that similar to results 

previously observed at silicone-oil water interfaces, protein adsorption to DEHP-water interfaces 

may promote perturbations in both protein secondary and tertiary structure. 

A combination of agitation induced by end-over-end rotation and relatively high DEHP 

droplet concentrations were required to induce easily detected IVIG monomer loss over the 24-

hour incubation period studied. This result suggested the combination of the DEHP-water interface 

presented by nanodroplets combined with movement of the air-water interface during agitation 

synergistically promoted protein aggregation. This mechanism of aggregation is consistent with 

that previously reported and observed in this study for aggregation of protein formulations 

containing silicone oil.34,209 One mechanism used to explain protein aggregation and particle 

formation at interfaces is the formation and subsequent disruption of gelled protein 

layers.28,44,240,241 Proteins gel readily at silicone oil-water interfaces, and correlations have been 

identified between gel strength  and the extent of protein monomer loss during agitation.28,223 In 

our studies of IL-1ra at the DEHP-water interface we found that IL-1ra formed interfacial gels, but 

the time period required for gel formation was significantly longer than that required for gel 

formation at silicone oil-water interfaces.  Further, IL-1ra gels at DEHP-water interfaces exhibited 

more variability in strength compared with those at the silicone-oil interface.215,223 A slower rate 

of gelation combined with weaker gels could explain reduced rates of IVIG aggregation in 

formulations containing DEHP nanodroplets compared to rates in formulations containing silicone 

oil nanodroplets. 
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Comparison between protein adsorption, gelation and aggregation at silicone oil-water and 

DEHP-water interfaces shows that both interfaces appeared to induce aggregation through an 

agitation-dependent mechanism. The similarities between the effect of silicone oil-water and 

DEHP-water interfaces are not surprising as both present hydrophobic, negatively charged 

interfaces to which positively charged, amphiphilic proteins such as antibodies would be expected 

to adsorb. Once adsorbed, structural perturbations may occur as previously buried hydrophobic 

regions become reoriented toward hydrophobic interfaces.242 A major difference between these 

two interfaces appears to be the rate at which gelation and aggregation occurs at the interface, with 

faster rates observed at the silicone-oil water interface. More rapid gelation and aggregation at the 

silicone oil-water interface may result from the greater surface tension of the silicone oil-water 

interface (40 mN/m) compared to that of the DEHP-water interface (30 mN/m).243,244 Adsorbed 

protein molecules tend to unfold until increases in protein surface area are created that are 

sufficient to equalize the internal tension of the protein with the surface tension of the interface.245 

Therefore, the higher surface tension of the silicone oil water interface may induce greater and 

more rapid changes in protein structure, resulting in faster gelation at the silicone oil-water 

interface and increased aggregation rates. 

5.5.3 Immunogenicity of IVIG Formulations Containing DEHP and Silicone Oil 

Nanodroplets 

Severe reactions during IV infusions are often associated with activation of the 

complement system.246 Complement activation can promote hypersensitivity reactions, with 

effects varying from mild patient discomfort to severe anaphylaxis and fatalities.247,248 The 

development of nanomedicines which utilize nanoparticles for diagnostic and therapeutic 

applications has placed significant focus on the complement-activating capacity of 

nanoparticles.247,249,250  These studies have shown that certain types of nanoparticles can induce 
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complement activation, where the extents and mechanisms of activation are dependent on a variety 

of factors including nanoparticle size, surface characteristics and morphology.248 This 

complement-activating capacity of nanoparticles raises questions as to whether subvisible 

particulate contaminants in formulations of therapeutic proteins might stimulate similar activation, 

contributing to the hypersensitivity reactions frequently observed during infusion of therapeutic 

proteins. 

Our studies of complement activation documented that both quiescent and agitated IVIG 

formulations containing nanodroplets of either DEHP or silicone oil can increase complement 

activation relative to droplet-free controls. Activation proceeds by the alternative pathway, 

indicating that complement proteins identified IVIG adsorbed to both DEHP and silicone oil 

nanodroplets as foreign surfaces, resulting in increased binding of C3b.227,251 C3b binding was 

likely promoted by positively charged IVIG adsorbed to the surface of silicone oil and DEHP 

droplets as well as by insoluble IVIG aggregates generated in agitated samples. When mixed with 

human serum, both silicone oil and DEHP nanodroplets promoted formation of the potent 

anaphylatoxins C3a and C5a, which can induce clinically relevant symptoms including 

inflammatory reactions and cardiopulmonary distress.247,252 

Formulations containing DEHP can destabilize IVIG, activate the complement system and 

provoke generation of potent anaphylatoxins, but the potential clinical relevance of this finding is 

unclear.   In general, in vivo-in vitro correlations of complement activation are challenging, as both 

genetic and acquired factors contribute to the extent of complement activation in any given 

patient,247,252–254 and direct correlations often cannot be assumed between in vitro complement 

testing and complement activation in patients.250,255 Furthermore, it seems likely that the sensitivity 

of complement activation to proteins adsorbed on DEHP droplets will depend in part on the 



103 
 

identity of proteins.  Thus, from our current in vitro study using IVIG, determination of the 

minimum concentration of DEHP droplets that might be required to provoke a clinically relevant 

in vivo response for a given therapeutic protein is not possible. 

While evaluating the effect of DEHP nanodroplets on protein stability and complement 

activation in this study, we sought to consider conditions which would have relevance in clinical 

settings. Therapeutic proteins are typically diluted into saline solution within PVC IV bags 

immediately prior to their infusion into patients, a process that may require multiple hours.256,257 

Therefore, therapeutic protein typically will not be exposed to DEHP droplets for periods longer 

than 6-8 hours. But our results show that protein adsorption to DEHP droplets, formation of 

intermolecular protein networks and monomer loss can occur even over this relatively short 

timescale.  

We observed that IVIG aggregation rates depended on DEHP droplet concentrations. In 

clinical settings, the extent of DEHP leaching from PVC IV bags is anticipated to be highly 

dependent on agitation-related stresses incurred shipping and handling. In our own studies, we 

estimate the concentration of DEHP droplets shed from agitated bags to be on the order of 5 

µg/mL. This droplet concentration is well below that required to generate detectable monomer loss 

over 6-hour timescales. However, the presence of as little as 10 µg/mL DEHP droplets in pooled 

human serum caused release of C5a anaphylatoxin. The production of C5a is particularly important 

as this activation fragment is a strong anaphylatoxin capable of inducing a number of 

proinflammatory and immunogenic effects including acting as an adjuvant. Thus, it seems 

plausible that clinically relevant levels of DEHP droplets shed from PVC IV bags could promote 

complement activation, resulting in subsequent inflammatory and immune consequences in vivo.  
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5.6 Conclusions 

Considerations of the potential impact of DEHP droplets shed from PVC IV bags on the 

safety and efficacy of therapeutic protein products administered using PVC IV bags is a matter of 

evaluating and mitigating potential risk. The issue of risk associated with the presence of subvisible 

particulate contaminants has been a recent source of controversy in the biopharmaceutical 

industry.70,78 For considerations of the risks associated with subvisible particles, FDA regulators 

have highlighted the importance of applying the precautionary principle when considering factors 

which may adversely impact product safety.91 The precautionary principal establishes the 

importance of proving a certain substance is safe rather than placing the burden of proof on proving 

a substance is dangerous.258 Decades of use of PVC IV bags for administration of therapeutic 

products without reports of adverse effects directly attributed to these plasticized materials may 

provide evidence for many of the safety of this material. However, the variety of variables which 

may contribute to an adverse immune response following administration of therapeutic protein 

product makes it challenging to isolate a single factor when an adverse response is observed. We 

believe the impact of DEHP droplets on IVIG stability and complement activation shown in this 

work indicate a potential risk associated with the administration of therapeutic protein products 

using PVC IV bags. Therefore, especially given the wide availability of DEHP-free alternatives 

such as the PO bags tested here, it would be prudent to avoid the use of PVC IV bags for dilution 

and administration of therapeutic protein products. 
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Chapter 6 Conclusions and Recommendations 

6.1 Conclusions 

Subvisible particulate contaminants and their associated interfaces may have significant 

impacts on the stability of therapeutic proteins. Furthermore, the impact of subvisible particles on 

protein stability could have serious clinical consequences for both the safety and efficacy 

therapeutic protein products upon administration. There are growing concerns from both 

regulatory agencies and academia focusing on the impacts of particulate contaminant, especially 

in the sub-visible particle size range. Currently, regulations provided by the United States 

Pharmacopeia provide regulations down to 10 µm. However, multiple studies have shown an 

association between particles smaller than 10 µm and the immunogenicity of market therapeutic 

products. In this work we characterized nanobubbles and DEHP nanodroplets which may be 

commonly present in therapeutic protein formulation to investigate their effect on protein stability 

and immunogenicity. 

Our results showed clear evidence of interactions between IL-1ra and nanobubbles. 

Reconstitution of lyophilized formulations composed of 10% w/v trehalose resulted in 

approximately 3 x 109 nanoparticles/mL with a mean diameter of 100 nm as measured with 

nanoparticle tracking analysis (NTA). The identity of these nanoparticles as nanobubbles was 

confirmed using resonant mass measurement (RMM). Characterization of reconstituted trehalose 

formulations with RMM resulted in the detection of only positively buoyant particles, consistent 

with the gaseous composition of nanobubbles. When the same lyophilized formulations of 

trehalose were reconstituted with a solution containing 1 mg/mL IL-1ra a significant decrease in 

nanobubble formation was observed with both NTA and RMM. In addition to reductions in 

nanoparticle concentrations, RMM detected the presence of negatively buoyant particles following 

reconstitution with IL-1ra which was attributed to formation of protein aggregates. These initial 
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results suggested that protein may adsorb readily to nanobubbles, resulting in nanobubble 

destabilization and collapse which subsequently induced formation of insoluble proteinaceous 

particles. 

The effect of IL-1ra on the concentration of nanobubbles formed following reconstitution 

of lyophilized protein formulations appeared to result from protein adsorption at the nanobubble 

air-water interface. Resulting from the small quantity of surface area generated in nanobubbles 

suspension, protein adsorption could not be quantified using standard methods such as solution 

depletion. Instead, we evaluated change in nanobubble surface charge upon addition of IL-1ra 

under various buffer conditions. In formulations containing nanobubbles and IL-1ra, measured 

zeta potentials were dependent on the zeta-potential of IL-1ra. These results showed that IL-1ra 

adsorbed readily to nanobubbles resulting in significant changes in the nanobubble surface charge. 

An investigation of the effect of nanobubbles on the long-term stability of IL-1ra showed 

a clear correlation between nanobubble concentrations and IL-1ra aggregation following 

incubation. Following just 24 hours of incubation in nanobubble suspensions up to 2.5% of the IL-

1ra added to these suspensions aggregated. This result indicated that nanobubbles can induce 

significant aggregation in protein formulations. Interestingly, the extent of aggregation in 

nanobubble suspensions far exceeded the total quantity of protein that could adsorb to the 

nanobubble surface by a factor of approximately 300. A direct mechanism by which IL-1ra 

molecules adsorb at the nanobubble air-water interface, therefore, would not be sufficient to 

explain the aggregation observed in these suspensions. Further, addition of the metal chelator 

EDTA was capable of inhibiting aggregation in these suspensions. This result suggested that 

interactions between nanobubbles and cations such as those leached from borosilicate glass vials 
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could catalyze perturbations in IL-1ra structure and potentially promote further aggregation in the 

bulk solution. 

The extent of aggregation observed in nanobubble suspensions suggested that nanobubbles 

formed upon reconstitution of lyophilized therapeutic protein products could induce protein 

aggregation potentially compromising the safety and efficacy of therapeutic protein products. We, 

therefore, focused on better understanding the mechanism of nanobubble formation in lyophilized 

formulations and leveraging this knowledge to reduce nanobubble formation and associated 

protein aggregation. Our earlier studies had shown that nanobubble generation occurred upon 

reconstitution of lyophilized formulations consisting of either trehalose or sucrose. These 

disaccharides commonly used in lyophilized formulations are expected to remain amorphous 

throughout the freezing and drying process. We hypothesized that nanobubble formation was 

dependent on the formation of nano-sized ice crystals within the freeze concentrated liquid which 

sublimated during drying leaving behind voids. Upon dissolution of the surrounding matrix, these 

voids could result in nanobubble formation. 

Addition of mannitol, a crystallizing excipient, to lyophilized formulations of either 

trehalose or sucrose resulted in a significant increase in nanobubble formation following 

reconstitution. The concentration of nanobubbles generated following reconstitution of lyophilize 

mixtures of trehalose and mannitol correlated with the extent of crystallization in the final freeze-

dried solid measured using powder X-ray diffractometry. Analysis of polymorphs present in these 

lyophilized solids showed that mannitol formed only amorphous polymorphs and that the 

hemihydrate form was not present. The dependence of nanobubble formation on excipient 

crystallinity was attributed to the formation of anhydrous crystals. As anhydrous mannitol crystals 

form, water previously associated with amorphous mannitol would be excluded from the growing 
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mannitol crystal. This would result in local regions of higher water content within the freeze 

concentrated liquid in the region immediately surrounding growing mannitol crystals. The 

increased concentration of water within these regions combined with local reductions in viscosity 

could promote nucleation of additional nano-sized ice crystals. 

While crystallization of mannitol appeared to promote nanobubble generation, the addition 

of low concentrations of mannitol to trehalose formulations reduced nanobubble generation 

compared to pure trehalose formulations. This reduction of nanobubble generation in lyophilized 

formulations of trehalose containing low mannitol concentrations suggested a possible strategy for 

reducing nanobubble generation following reconstitution of lyophilized protein formulations. 

Lyophilization of IL-1ra formulations containing trehalose and low mannitol concentrations 

resulted in significant reductions in the concentration of insoluble proteinaceous particles 

following reconstitution as well as lower nanobubble formation compared to IL-1ra lyophilized in 

formulations containing only mannitol or trehalose. Furthermore, after incubation for ten days at 

40 °C following reconstitution, IL-1ra formulations containing mannitol and trehalose again had 

lower microparticle concentrations compared to pure mannitol formulations. These results showed 

that lyophilized formulations can be optimized to reduce nanobubble formation following 

reconstitutions as well as the formation of insoluble protein aggregates. 

The final component of this research focused on the formation of insoluble DEHP droplets 

in PVC IV bags containing saline used for the dilution and administration of therapeutic proteins. 

We showed that PVC IV bags could shed DEHP droplets when stressed by either shaking to 

replicate shipping and handling related stresses or when bags were transported within a hospital 

using a pneumatic tube system. Particles generated in PVC IV bags exhibited spherical 

morphologies consist with expected geometry of DEHP droplets. Applying the same stress to 
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DEHP-free PO bags did not induce the formation of droplets further suggesting that the observed 

particle formation was dependent on the presence of plasticized PVC.  

DEHP droplets in therapeutic protein formulations could have similar destabilizing effects 

on proteins as previously observed from silicone oil droplets. Using the model protein, IVIG, we 

showed that protein adsorbed rapidly to the DEHP-water interface completely saturating the 

surface. The extent of adsorption was consistent with complete monolayer surface coverage. 

Adsorption of IVIG to DEHP droplets improved the colloidal stability of droplets inhibiting 

droplet coalescence.  

Similar to the silicone oil-water interface, IL-1ra formed interfacial gels when exposed to 

DEHP-water interfaces. Gelation at the DEHP-water interface required significantly longer aging 

times compared to silicone oil interfaces and formed weaker gels. These long gelation times at the 

DEHP-water interface may explain differences in aggregation between IVIG formulations 

containing either DEHP or silicone oil emulsion. With both droplet types agitation was required 

to induce significant loss of soluble IVIG compared to a DEHP-free control. Furthermore, high 

concentrations of both droplets were required to induce significant aggregation when rotated. 

However, the results showed that a combination of the DEHP-water interface and interfacial shear 

induced by end-over-end rotation could synergistically promote IVIG aggregation. Interestingly 

at the highest droplet concentration of 2 mg/mL significantly greater aggregation was observed in 

formulation containing silicone oil. This suggest that the faster rate of gel formation combined 

with the formation of stronger gels could significantly increase aggregation rates in agitated 

samples. 

Finally, we showed that DEHP droplets may be capable of promoting immune responses 

through activation of the complement system. DEHP droplets activated the complement system 
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through the alternative pathway indicating that complement proteins present in human serum 

identified DEHP droplets as foreign surfaces. Significant complement increases in complement 

were observed whether samples were rotated or stored quiescently. However, to induce significant 

increases in complement activation relative to droplet free controls, droplet concentration of at 

least 1 mg/mL were required. This concentration was significantly greater than that observed in 

PVC IV bags. Despite this discrepancy, DEHP droplets may still pose a significant risk for the 

safety and efficacy of therapeutic protein products diluted and administered using PVC IV bags. 

Complement activation and related infusion reactions in patients will be dependent on a variety of 

mitigating factors including; particle content within the bag, product handling and protein 

sensitivity to the DEHP-water interface. Therefore, we cannot determine the probability that 

DEHP droplets will induce adverse reactions but rather the results we have presented indicate that 

DEHP may pose an uncontrolled risk to patient safety. Therefore, we recommend that based on 

the wide availability of PVC-free alternatives that PVC bags should be avoided for the dilution 

and administration of therapeutic proteins. 

6.2 Recommendations 

The work described in this thesis has illustrated the impacts of sub-visible particulate 

contaminants and their associated interfaces on the stability and immunogenicity of therapeutic 

protein formulations and has highlighted the importance of characterizing all contaminants present 

in therapeutic protein products. Ensuring the safety and efficacy of therapeutic protein products 

requires a detailed understanding of the sub-visible content of therapeutic protein formulations as 

well as where sub-visible particles may originate. From this information, action can be taken to 

minimize the effect of particulate through formulation or process-based strategies. In addition, a 

complete analysis of particle throughout the subvisible size range would allow deviations from 
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standard operating conditions resulting in increased particle formation to be quickly and easily 

identified and mediated. 

Throughout this work we have employed a variety of particle characterization method to 

quantify particles throughout the sub-visible size range. Particle characterization methods such as 

RMM, NTA and flow imaging microscopy provide powerful tools for characterizing therapeutic 

protein formulations. Using these methods, minute quantities of protein aggregates as well as other 

foreign particles can be easily detected and quantified. This allows problems resulting in reduced 

proteins stability to detected and troubleshooted long before large reduction in monomer or visible 

particles are observed. Furthermore, particle characterization methods such as flow imagining 

microscopy provide detailed images of particles which can be used to identify particle types and 

can be even used to identify how protein aggregates were generated. 

As the regulatory landscape related to therapeutic protein continues to evolve, regulators 

will begin to expect more information from manufactures regarding particle characterization 

throughout the sub-visible size range. Therefore, manufactures of proteins should begin to explore 

particle characterization methods beyond the standard light obscuration methods described in USP 

788. These studies will likely uncover a range of different particle contaminants which may be 

commonly in therapeutic protein products. Care should be applied to the characterization of these 

particle types to determine if they could impact the stability or immunogenicity of therapeutic 

proteins.  

Complete particle characterization of therapeutic protein throughout the sub-visible size 

range is currently limited by instrumentation. Detection and characterization of proteinaceous 

particles can be challenging based on their refractive indices and irregular morphologies. Applying 

particle characterization method developed for other applications can therefore be challenging 
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based upon the lack of proper particle standards for instrument calibration and method validation. 

Furthermore, significant focus is being placed on characterizing the full subvisible particle ranges 

which spans from 100 µm to 10s of nms. However, no one instrument can characterize this 

complete range so multiple instruments must be utilized for complete characterization. This 

highlight the necessity for the development of new characterization instruments that can 

completely characterize the full subvisible size range in a high throughput manner. 

Significant effort is placed into ensuring that long-term stability of therapeutic protein 

products in the final product container, but less focus has been placed on what occurs when these 

products reach the end user. While the challenges associated with protein stability and the 

necessary handling and storage procedures for maintaining product quality are well known among 

biological manufacturers, practitioners in a clinical setting may not be fully aware of the labile 

nature of therapeutic proteins. Furthermore, as we have shown in this work, medical devices such 

as PVC IV bags are handled or stored could contribute to the concentration of subvisible particle 

concentrations in therapeutic protein products. Therefore, it is important to consider the complete 

life cycle of a therapeutic protein product from manufacturing until administration when 

considering factors which may influence the stability and consequently the safety and efficacy of 

therapeutic protein products. 
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Appendix 

A.1 Particle Characterization Using the Shimadzu SALD-7500nano 
 

Background: 

The Shimadzu SALD-7500nano characterizes micro- and nanoparticles over a broad size range. 

According to the manufacturers specification this instrument can measure particles with sizes 

between 7 nm and 800 µm. This instrument utilizes the principal of laser diffraction, however the 

SALD-7500nano can measure concentrations as well as size distributions. Concentration data is 

calculated by applying Mie theory to deconvolute the angular dependence of light scattering data. 

 

Aggregates sizer (left) and bubble sizer (right) 

Instrument Set up: 

Shimadzu has provided two versions of their SALD7500nano instrument. The “aggregate sizer” 

and “bubble sizer”. However, the only difference between these two instruments is the laser 

intensity, with the bubble sizer having a higher laser intensity and therefore greater sensitivity. As 

the intensity of the laser can always be reduced using filters, I recommend the use of the bubble 

sizer over the aggregates sizer for the majority of measurements especially if you have low particle 

concentrations. 

After selecting the instrument, you would like to use for your measurement you can next select the 

sample holder. Shimadzu has provided again two options, a batch cell with a minimum volume of 

7 mL and a micro cell with a minimum volume of 125 µL. The two holders can be easily swapped 

by pulling out the drawer and gently pulling out the unit. Note: when the batch cell is used without 

temperature control unsure that the metal shielding device is installed to minimize background 

light reaching the detector. 

Instrument Initialization 
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Once you have selected your instrument and cell you can proceed to turn on the instrument using 

the rocker switch located on right side of the instrument. If you also plan to use the temperature 

control unit turn it on at this time using two switches located on the unit (make sure the temperature 

control unit is full of water) 

After the unit has been turned on open the WingSALD bio software. You will be immediately 

prompted with the WingSALD II starting screen shown below. On this screen ensure you have 

correctly selected the cell type you plan to use for your measurement using the device composition 

dropdown menu. Then proceed to enter manual mode by entering the administrator password 

0000. Note: this password is the same for both instruments and all versions of the software. 

 

Once you enter the main measurement screen, if you plan on using temperature click on “Const 

Temp Ctrl” and input your desired temperature. Provide sufficient time for the instrument to 

equilibrate to your desired temperature before you begin measuring your samples. 

Next click on the “Diag&Adjust button” and follow the instructions that will appear on the screen 

for initialization of the SALD7500-nano. Once you enter the diagnosis adjustment screen you will 

be shown the raw detector output from each sensor and the location of the laser on the sensor. This 

screen can be used to verify the initial cleanliness of the cell used for sample measurement as well 

as the location of the sensor relative to the laser beam.  
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Fill your cell with either water of the buffer solution you will use for blanking the instrument and 

load it into the instrument. Shut the door and allow sufficient time for the sensor reading to settle. 

For a clean cell containing buffer or water the mean light intensity should be below 8,000. If the 

light intensity is greater than 8,000 than the cell must be cleaned. Clean the cells with water and 

Hellmanex detergent. Typically, cleaning the micro cell is more difficult than the micro cell. 

Depending on your sample more aggressive detergents may be required to reduce the background 

light intensity below 8,000. 

Finally ensure the laser is centered on the sensor. The two outputs provided on this screen show 

you when the detector is centered. If the sensor is out of alignment open the door on the right side 

of the instrument and make the required adjustments. As shown below the sensor can be adjusted 

both up and down as well as left and right. Make sure to unclamp the desired adjustment direction 

before attempting to make any adjustments and only unclamp an adjust one side at a time. When 

the sensor is properly aligned the two blue lines will cross close to the middle of the square on the 

bottom right. 
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Once you have ensured that the cell is clean and that the laser is centered on the detector, exit the 

diagnosis and adjustment screen. Begin your measurement by clicking the manual button. Enter 

your sample information and the directory to which you would like to save your data and hit next. 

In the following screen you can modify the conditions for your measurement. Under measurement 

conditions, the default conditions are typically sufficient for most measurements. However, 

increase the signal average to the maximum value of 512 and the allowable range for blank light 

intensity to 150. 

Under particle size distribution calculations provide the refractive index of the particles you will 

be measuring. This value will have a large impact on the results so ensure you have an accurate 

refractive index for your particles. Even small errors in this value can result in large errors in both 

the particle size distribution and concentration. Proceed to quantification conditions and provide 

the density of your particles and the filter attenuation if you are using a filter. If you are not using 

a filter enter a value of 1. If you are only interested in quantifying your particle size distribution in 

terms of counts an accurate value your particle density is not required. Particle density is only used 

to convert from counts to mass. 

Hit next and begin your measurements. Before measuring your sample, you will need to blank the 

instrument with whatever medium your particles are dispersed in. After blanking you should not 

see any light intensities as shown in the image below. 



137 
 

 

Remove the blank solution from the cell and replace it with your sample. Carefully add your 

sample to avoid forming any air bubbles and ensure you have sufficient sample volume so that the 

meniscus will not enter the measurement area. Next check that the light intensity from your sample 

is within the optimal range. After you place the cell containing your sample into the instrument 

the full-scale value for light intensity should be between 3,000 and 27,0000. If the light intensity 

is below 3,000 you do not have enough light intensity for a reliable measurement and your sample 

will need to be concentrated. However, if the light intensity is greater than 27,000 than the sensor 

is saturated. 

There are two options if the light intensity from your sample exceeds 27,000. Either you can dilute 

your sample to lower the light intensity or you can use one of the light filters. The filters will 

reduce the laser light intensity by the factor printed on the filter. There were 3 filters provided with 

the instrument and the light attenuation factor for each filter is provided in the table below 

Filter Light Attenuation Factor 

ND2 1.92 

ND4 4.13 

ND8 8.25 

 

Once the light intensity is within the required range the measurement screen should look similar 

to that shown below. In the top figure the light intensity measured from each sensor element is 

plotted while the bottom figure provides a histogram with the particle size distribution. When you 

first place your sample in the instrument this distribution may fluctuate widely. Provide a few 

seconds for fluctuation to cease before clicking the measurement button. After the measurement is 

complete you must hit the save button for your measurement to be saved. You can then proceed to 

conduct additional measurements, cleaning and blanking between each measurement. 
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Data Analysis and Processing: 

After you save your measurement it will be plotted in the main screen. Here you can analyze a 

single measurement or compare multiple measurements using the overlay graph tab. The plots 

shown in this screen can be modified using the Data/Graph button. Using this screen, you can 

change the size distribution from being plotted in terms of counts to particle mass. In addition, you 

can change the range of particle sizes displayed.  

At any point the refractive index of the particles can be changed using the calculate button. Once 

a new refractive index is entered the software will recompute the size distribution and particle 

concentration.  

The data can be exported from the software by selecting copy under the edit tab. You can then 

select if you would like to export summary, light or particle diameter data. 
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Additional Capabilities of the SALD-7500nano: 

The SALD-7500nano can be used for single measurement as described in this protocol but also 

includes additional functionalities which may prove useful. Protein aggregation kinetics or 

colloidal stability can be monitored using the continuous measurement function. Under the manual 

measurement screen, you can select how many repeated measurements you would like to include 

and the time intervals between each. In addition, the software includes a trigger function so that 

the instrument will conduct a single measurement after a specified period has passed.  

Important notes: 

An adapter must be used with the micro cells. This black metal contraption can be difficult to open 

and close at first. Practice open and closing this adapter before attempting to use it with the micro 

cells or you may accidentally damage a cell. 

The WingSALD Bio software was originally developed for use with the lower light intensity laser 

provided with the aggregates sizer instrument. However, it can still be used with the high intensity 

of laser of the bubble sizer but sometime gives error related to light intensity of the blank. This 

error can typically be ignored. 

Clean up and Shutdown: 

Once you have completed your final measurement thoroughly clean the cell ensuring that it will 

be ready for use by the next user. Close the software and turn off the instrument and temperature 

control unit. 
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Example Data: 

Summary Data for PVC IV bags shaken at 350 rpm for 3 days at 25 °C 

Bag Ref. Index 
Median Diameter 

(µm) 

Mean Diameter 

(µm) 

Concentration 

(#/mL) 

Bag 1 1.49-0.00i 0.285 0.301 1.24E+07 

Bag 2 1.49-0.00i 0.288 0.306 1.04E+07 

Bag 3 1.49-0.00i 0.283 0.295 1.15E+07 

 

Size distribution of droplets generated in a PVC IV bag during shaking 
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A.2 Measuring Nanoparticle Concentrations with Nanoparticle Tracking Analysis 

Background:  

Nanoparticle tracking analysis allows for the characterization of nanoparticles between 10 and 

2000 nm. In this method each nanoparticle is tracked individually as points of scattered. From the 

diffusion rate of individual particle their size can be calculated using the Stoke-Einstein equation. 

This method allows for high resolution size distribution data as each particle is tracked individually 

 

Note: This protocol is for operation of the NanoSight LM10 available in the Goodwin lab.  

Protocol: 

1. Remove the cover from the LM10 microscope and located the case containing the laser 

module 

2. Carefully remove the laser module from the case and clean the upper and lower platforms 

using kim wipes, water and ethanol 

3. Once both surfaces are clean attach the upper platform to the laser module using the four 

screws stored in the case. 

4. As you install the screws apply pressure evenly and lightly to the laser module to avoid 

damage 

5. Stand the unit up and slowly inject water thought the lower port using a syringe until it can 

be observed through the window and begins to exit through the upper port 

6. Connect the laser module to the control unit and install the laser module on the microscope 

platform. 

7. Open the NTA 3.0 software and hit the start camera button. 

8. Ensure that the camera is located just to the right of the green line and that minimal particles 

are present. If particles are present rinse with ultrapure water. 

9. Once the sample cell is clean inject your sample using a 1 mL syringe. Inject your sample 

until your particles are visible on the screen 

10. Focus the microscope and select the light intensity best suited to your sample. Both light 

intensity and focus should be optimized to maximize the total number of particles that can 

be viewed while minimizing background scattering. 

11. Select your measurement parameters using the standard measurement screen. 

a. Record at least three 60 second videos 

b. Maintain a constant temperature of 25 C 

12. Select the directory and file name with which you would like to save your data 

13. Click prepare script and run 

14. Enter sample info and finalize camera settings 

15. Follow scripts on screen, during measurement minimal any vibrations which could impact 

measurement 

16. After data acquisition is complete you can proceed to data processing.  

17. Select the optimal detection threshold by selecting the value which ensures that all particles 

are tracked while minimizing the effect of background noise 
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18. Once the analysis is complete hit end script and export data. 

19. Between samples clean laser module with water, check after cleaning the particles from 

the previous measurement do not remain. If particle remaining dissemble laser module and 

clean thoroughly. 

20. When measurements are complete dissemble and clean the laser module thoroughly. After 

cleaning return the laser module to the case. 

21. Cover microscope and shutdown the computer. 

Important Notes: 

1. Using the LM10 available in the Goodwin lab each video will characterize the 

nanoparticles present only within the sample volume within view of the camera. For each 

video change the volume recorded by injecting addition sample. Be sure to select a random 

volume of your sample to analyze and not allow any user bias to influence results. 

2. In the Carpenter lab on the Anschutz medical campus a NanoSight NS300 is available. 

This unit is interface with a syringe pump. Constantly injecting your sample during data 

acquisition will increase the total number of particle tracks recorded and is especially useful 

for low concentration samples. 

3. Results obtained from the Nanosight NTA instrument can be subject to user bias as the 

user must select the optimal camera settings and focus for each individual sample. 

Therefore, for comparisons between samples the NTA should be operated by a single user. 
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Example report for a nanobubble suspension analyzed with nanoparticle tracking analysis 
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A.3 Zeta-Potential Measurements with the Litesizer 500 

 

Background 

The Anton Paar Litesizer 500 measures the zeta-potential of colloidal dispersion using the 

principal of phase analysis light scattering. This instrument can also be used for measuring particle 

size and molecular mass using light scattering methods. 

Protocol 

1. Open the Anton Paar Kalliope software and select Zeta-Potential measurement from the 

main menu. 

2. Input the required measurement parameters. Typically, the default power and quality 

setting will be sufficient for most measurements. 

3. Select the measurement temperature. If your measurement temperature differs significantly 

from the current temperature of your samples, make sure you provide enough time for 

sample equilibration before beginning your measurement. 

4. Select your solvent from the drop-down menu ensuring that an accurate value of refractive 

index, viscosity and relative permittivity have been provided. 

5. Load approximately 300-350 µL of your sample into a disposable omega cuvette using a 1 

mL syringe. Begin loading with the cuvette upside down until your sample reaches the 

bottom of the cuvette. Then complete sample loading with the cuvette orientated normally. 

6. After loading the sample ensure that your sample is in contact with the electrodes on both 

sides of the cuvette and that no bubbles are present. Remove air bubble by gently tapping 

the cuvette on hard surface. 

7. Insert the omega cuvette into the sample chamber of the Litesizer 500 and begin 

measurement. 

8. During the measurement ensure that your sample concentration is high enough by 

monitoring the filter optical density and mean intensity. If the filter optical density is 0 or 

the mean intensity is below 20 kcounts/s than your sample concentration is too low. 

9. After the measurement is complete clean the omega cuvette with water and if necessary, 

detergents depending on your sample. 

10. Dry the cuvette with ethanol and compressed air. 

Recommendations 

1. While the omega cuvettes are disposable replacement cuvettes are expensive. Therefore, 

continue to reuse the cuvettes for as long as possible. Over extended uses the electrodes 

will begin to degrade. When this corrosion become extensive dispose of the cuvette. 

2. Verify omega cuvettes continue to function normally using the Zeta Potential standard 

provided by Anton Paar and stored in the drawer near the Litesizer 500. 

3. Zeta-potential measurements with Litesizer 500 can be conducted with samples have 

conductivities as high as 200 mS/cm. However, for the most reliable and reproducible 

results minimize the conductivity of your sample. The omega cuvette electrodes degrade 

faster when measurements are taken at high ionic strengths. 
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Example Data: 

Sample: Nanobubble Sample in 10% w/v trehalose and 10 mM sodium citrate buffer pH 6.6 

Typical phase plot for zeta potential measurement. Significant change in phase should be 

observable during the measurement providing similar pattern to that shown below. 

 

Zeta potential distribution for a nanobubble suspension 
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Triplicate Measurements for a Nanobubble Suspension 

Sample 
Zetapotential 

(mV) 

Conductivity 

(mS/cm) 

Electrophoretic Mobility 

(µm cm Vs-1) 

1 -32.5 1.9 -1.88 

2 -27.5 1.86 -1.59 

3 -30.7 1.92 -1.78 
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A.4 Size Exclusion High Performance Liquid Chromatography 

Operating parameters and example chromatogram for IVIG 

SE-HPLC Operating Parameters for IVIG Formulations 

Pump Elution  Isocratic 

Flow Rate 0.6 mL/min 

Seal Wash 10% Isopropyl Alcohol in 

Water 

Operating Pressure ~34 bar 

Pressure Limit 75 bar 

Detector Monitored Wavelength 280 nm 

Autosampler/Injector Injection Volume 50 µL 

Autosampler Temperature 4 °C 

Needle Wash Water 

Draw Position 3 mm 

Injection Speed 200 µL/min 

Column Column Temperature 20 °C 

Column TSKgel G3000SWXL 

Guard Column TSKgel Guard Column 

Mobile Phase - 200 mM Sodium Phosphate 

buffer pH 7 with 400 mM 

NaCl 

 

Example chromatogram for intravenous immunoglobulin (IVIG) 

 

SE-HPLC chromatogram of Gammagard IVIG dilution to 0.5 mg/mL in 5 mM sodium citrate 

buffer pH 5 containing 154 mM sodium chloride. IVIG monomer eluted at approximately 15 

minutes while the dimer eluted at 13 minutes. An additional buffer peak can be observed after 20 

minutes. IVIG formulations contained approximately 14% dimer. 
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Operating parameters and example chromatogram for IL-1ra 

SE-HPLC Operating Parameters for IL-1ra Formulations 

Pump Elution  Isocratic 

Flow Rate 0.6 mL/min 

Seal Wash 10% isopropyl alcohol in 

water 

Operating Pressure ~30 bar 

Pressure Limit 75 bar 

Detector Monitored Wavelength 280 nm 

Autosampler/Injector Injection Volume 50 µL 

Autosampler Temperature 4 °C 

Needle Wash Water 

Draw Position 3 mm 

Injection Speed 200 µL/min 

Column Column Temperature 20 °C 

Column TSKgel G3000SWXL 

Guard Column TSKgel Guard Column 

Mobile Phase - 10 mM sodium citrate buffer 

pH 6.6 with 140 mM NaCl  

 

Example chromatogram for Interluekin-1 receptor antagonist (IL-1ra) 

 

IL-1ra eluted after 19 minutes and showed no evidence of any higher order oligomers in the stock 

solution provided by Amgen and stored in the ultralow temperature freezer. 

 

Note: All chromatograms were collected using an Agilent 1100 HPLC system with a variable 

wavelength detector. 
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A.5 Measuring Protein Concentrations with the Pierce 660 nm Protein Assay 

 

Background 

The Pierce 660 nm protein assay provides a simple and efficient microplate-based method for 

quickly determine the concentration of protein samples. This method is dependent on the binding 

of a dye-metal complex to proteins resulting in shift in the absorbance maxima of this complex 

from 450 to 600 nm. This method has proven especially useful for measuring protein binding 

isotherms where you may be only interested in protein concentration rather than the formation of 

insoluble oligomers. 

Note: a distinct advantage of this method compare to other protein assays is its compatibility with 

a variety of detergents, chelating agents and reducing agents 

 

Protocol 

1. Prepare your samples and include protein standards with known concentrations. Ideally 

your standard curve should span the entire concentration range of your samples and include 

at least 5 points. Note the linear range of the 660 nm protein assay in a microplate formation 

is 25-2000 µg/mL 

2. Add 10 ul of each sample and standard to a 96 well plate 

3. As a blank add 10 µL of your buffer solution without protein 3-4 empty wells 

4. Using a multichannel pipette added 150 µL of the 660 nm protein assay reagent to each 

well. As you add the reagent quickly mix the solution using the pipette. 

5. After adding reagent to each well immediately cover the plate and mix for on a plate shaker 

for 1 minutes. 

6. Incubate the plate for 5 minutes at room temperature before measuring the absorbance at 

660 nm using a plate reader. 

7. Average and subtract blank from absorbance measurements for both samples and standards 

8. Plot protein standards and use relationship between protein concentration and absorbance 

to calculate the concentration of unknown samples. 
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Standard Curves for IVIG and IL-1ra 

Standard curve for IVIG 

 

Standard Curve for IL-1ra 
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