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CO2 emissions or by applying standard chemical indices (like lignin:N ratios) that are commonly 

used to infer litter decomposability.  

VOC emissions after N amendments 

As expected in the initial stages of decomposition, CO2 emissions generally increased 

after N additions (Craine et al. 2007; Knorr et al. 2005). However, with most litter types we 

observed a significant decrease in VOC emissions to near zero by day 46 of the experiment with 

added N (Figure 1). The strong effect of N additions on VOC emissions suggests that VOC 

production is primarily a biological process, as we know of no mechanism by which the added N 

would abiotically inhibit VOC production. This is supported by our previous work (Gray et al. 

2010), which also demonstrated that microbial activities are responsible for the majority of VOC 

emissions. However, the biotic mechanisms responsible for the decrease in net VOC emissions 

with additions of N are unknown. As we only measured net emissions, we were unable to 

determine whether gross VOC production decreased or gross consumption increased. Increased 

N availability might favor increased consumption of VOCs (Dalmonech et al. 2010) with VOCs 

catabolized to CO2 by methylotrophic taxa (for example). Alternatively, additional N could 

reduce VOC production by either altering the physiologies of the microbial decomposers or 

altering the types of taxa present. Bunge et al. (2008) found that distinct microbial taxa emit 

different types and amounts of VOCs, thus, it is possible that the commonly observed impacts of 

N additions on microbial community composition (Campbell et al. 2010; Feng et al. 2010; Jangid 

et al. 2008), could, in part, account for changes in VOC emission rates. Not only were the total 

amounts of VOCs emitted affected by the N amendments used in this study, but the relative 

contribution of different VOCs to the totaled VOCs emissions (VOC profile) was also affected 

(Figure 2). A shift in the microbial community composition or microbial physiologies brought on 
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by increased N availability (Dalmonech et al. 2010; Papanikolaou et al. 2010; Treseder 2008; 

van Diepen et al. 2010) could have altered the production and/or consumption of certain VOCs 

over others. Although additional research is required to determine the mechanisms involved, our 

results clearly indicate that high levels of N fertilization inhibit VOC emissions and alter the 

relative contribution of individual VOCs. 

 The decrease in C from VOC emissions after N amendments was enough to account for 

the increase in C emissions from CO2 in 3 of the 7 litter types that had a positive CO2 response to 

additional N (Figure 4). Thus, changes in CO2 emissions with added N are not necessarily 

equivalent to changes in litter decomposition rates (total gaseous C emissions from litter), as 

VOC emissions typically decreased with N amendments leading to no significant effect (or less 

of an effect) of N on total gaseous C losses from decomposing litter. 

Conclusions 

VOC emissions from decomposing litter could be decreasing globally as terrestrial 

ecosystems are receiving elevated inputs of N from anthropogenic activities. These changes in 

VOC emissions could affect terrestrial C dynamics, and perhaps atmospheric chemistry, given 

that litter decomposition is likely to represent an important source of certain VOCs to the 

atmosphere. However, additional research is required to determine how litter VOC emissions 

directly compare to emissions from other known sources of biogenic VOCs (e.g. plants). 

Likewise, additional research is needed to determine why N amendments have such strong 

effects on litter VOC fluxes and whether these effects are related to shifts in gross VOC 

production or consumption and microbial community changes. Our finding that the amount of C 

lost as VOCs from decomposing litter can potentially be in the same magnitude as the amount of 

C lost as CO2, highlights that research into the C dynamics of decomposing litter should include 
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both CO2 emissions as well as VOC emissions. Including only CO2 emissions will likely 

underestimate gaseous losses from litter, overestimate the effects of N on litter decomposition 

rates and, perhaps, lead to an overestimation of C inputs in terrestrial systems from decomposing 

litter. 
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Chapter 3 

Introduction 

Non-methane biogenic volatile organic compounds (BVOCs) are low molecular weight 

carbon (C) compounds that are produced primarily by plants and microbes in terrestrial systems. 

These compounds can have wide-ranging impacts on atmospheric chemistry, terrestrial nutrient 

cycles, and soil ecology (Atkinson & Arey 2003; Insam & Seewald 2010). In the atmosphere, the 

oxidation of BVOCs results in the formation of tropospheric ozone and the formation of 

secondary organic aerosol particles, which lead to increased cloud albedo and altered 

precipitation dynamics (Atkinson 2000; Kesselmeier & Staudt 1999). Within terrestrial systems, 

BVOCs can alter the rates of specific microbial processes associated with the C and nitrogen (N) 

cycles. For example, monoterpenes, a well-studied class of BVOCs, inhibit the oxidation of 

methane in soils (Amaral & Knowles 1998; Maurer et al. 2008), and inhibit several N cycling 

processes, including nitrification and N mineralization (Paavolainen et al. 1998; Smolander et al. 

2006; Uusitalo et al. 2008; White 1994). In soils, various BVOCs have been shown to alter the 

growth and activity of plants (Farag et al. 2006), fungi (Bruce et al. 2004), nematodes (Gu et al. 

2007), and bacteria (Wheatley 2002). Several interspecies interactions within the soil also appear 

to be mediated by BVOCs, including the formation of nodules in legumes (Horiuchi et al. 2005) 

and the antagonistic interactions between bacteria and fungi (Bruce et al. 2004; Mackie & 

Wheatley 1999). 

BVOCs clearly have the potential to alter the structure and functioning of terrestrial 

systems in a myriad of ways (Insam & Seewald 2010), but research into BVOC fluxes has 
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historically concentrated on plant foliar emissions, with soil sources and sinks of BVOCs largely 

ignored. For example, a widely-used model to calculate BVOC flux rates from a system 

(MEGAN: Model of Emissions of Gases and Aerosols from Nature) primarily considers the 

dynamics of foliar emissions and uses a single variable to account for any uptake by the canopy 

or soil (Guenther et al. 2012). However, several studies comparing canopy-level fluxes to forest 

floor fluxes suggest that the forest floor (ground vegetation and soil) can be an important source 

and sink of certain BVOCs to the atmosphere (Aaltonen et al. 2011; Cleveland & Yavitt 1997; 

Hellen et al. 2006), yet the rates and controls on soil BVOC fluxes remain poorly characterized. 

The work that has been done suggests that BVOC fluxes can vary considerably across soil and 

litter types. For example, previous work on BVOC emissions from decomposing litter has shown 

that the types and quantities BVOCs will vary depending on the plant litter type in question with 

most of these BVOCs produced by microbial processes (Gray et al. 2010). Under laboratory 

conditions these BVOC fluxes can reach as high as 63 µmol g-litter-1 h-1 and the amount of 

carbon (C) emitted as BVOCs can be equivalent to the amount of C emitted from decomposing 

litter as CO2 (Gray & Fierer 2012). There is also evidence that biotic processes within mineral 

soil can lead to the net consumption of specific BVOCs (Asensio et al. 2007; Ramirez et al. 

2010; Scheutz et al. 2004) and that the presence of active roots in soil can increase uptake of 

certain BVOCs and increase net emission of others (Asensio et al. 2007; Back et al. 2010; Chen 

et al. 2004; Steeghs et al. 2004). However, only a few studies have examined BVOC fluxes in 

the field and the biotic or abiotic controls on these fluxes (Asensio et al. 2007; Asensio et al. 

2008; Greenberg et al. 2012). In particular, consumption (i.e. uptake) of BVOCs into soil is 

poorly studied as most previous studies have used air free of BVOCs, rather than ambient air, to 

flush soil chambers before quantification of flux rates. This method cannot capture consumption 
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volumetric soil moisture 3 cm below the surface (Campbell Scientific Instruments CS615) and a 

precipitation gauge (Met One Model 385). Data are recorded from these instruments every 30 

minutes and made publicly available as part of the AmeriFlux Network 

(http://public.ornl.gov/ameriflux/index.html). Values for soil moisture are not meant to represent 

the actual moisture at our plots, but rather represent the relative changes throughout the 

experiment in response to precipitation events. Figure 1 provides the precipitation, soil moisture 

and air temperature data during the experiment and information on when BVOC flux rates were 

measured from the plots. 

 
Figure 1 – Recorded precipitation, soil moisture (at 3cm) and air temperature (at 2m) taken from 

the Niwot Ridge Ameriflux site, Colorado. Dark gray bars indicate measurement time periods 

without a visibly wet litter layer or rain and light gray bars indicate measurement time periods 

with visibly wet soil or rainfall. 
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BVOC flux measurements 

A stainless steel collar with an area of 0.132 m2 was placed in each of 3 girdled and 3 

control plots one month before BVOC measurements began (Figure 2).  

 
Figure 2 – (Top) Trenched experimental plot with girdled trees and stainless steel collar placed 

into the soil. (Bottom) Soil chamber during the measurement of BVOCs with an ambient line to 

quantify ambient BVOCs and a chamber line to quantify soil BVOCs.  
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Each collar was inserted 2 - 5 cm into the soil with the exact depth dependent on the presence or 

absence of rocks beneath the surface and an approximate 10 L headspace volume. Two equal 

lengths of Dekoron tubing (3/8” O.D. Type 1300; effects determined minimal relative to 

chamber emissions) were positioned between each plot and the centrally-located proton transfer 

reaction mass spectrometer (PTR-MS). One Dekoron line was connected to a stainless steel lid 

that was placed on top of the collars while sampling, and the other was placed at the inlet of the 

stainless steel lid to capture BVOC concentrations in ambient air (Figure 2). We sampled on 16 

days within a four week period during the 2009 growing season. Days not included were either 

due to limited access to the site or when methodological issues made it impossible to take 

measurements. On each day of sampling (Figure 1), one plot from each of the control and girdled 

replicate plots was selected at random for sampling. Chamber lids were placed on top of the 

collars and ambient air was pulled through chambers and lines for 1 hour prior to and during 

sampling with a diaphragm pump at ~400 mL min-1 with ~100 mL min-1 of the flow diverted to 

the PTR-MS for analysis. Temperature and humidity within the chambers were not measured but 

are assumed to have changed little as all chambers were shaded by the canopy. Description and 

operation of the PTR-MS has been previously described in detail (Lindinger et al. 1998). The 

specific PTR-MS techniques and settings used for this study follow those described previously 

(Gray & Fierer 2012; Gray et al. 2010). Since the PTR-MS only characterizes compounds, or 

fractions of compounds, by their molecular weight, the identities of the BVOCs measured are 

considered putative. On each day of sampling, selected BVOC masses (Table 1) were measured 

4 times: once every 50 minutes over a 3.5 hour period. 
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Table 1. BVOC flux rates from an alpine soila 

      BVOC flux (nmol m-2h-1)   C flux (ng-C m-2h-1) 

Protonated 

Mass (m/z) 
putative ID 

conservative 

molar ratio 
control girdled   control girdled 

Protonated masses with highest average emission rates 

33+51* methanol 1 53.35 ± 31.84 11.22 ± 11.73  640.8 ± 382.4 134.7 ± 140.8 

43 
propanol/ 
acetic acid 

2 5.12 ± 4.32 3.06 ± 3.16  123.1 ± 103.7 73.4 ± 76.0 

45* 
ethanal/ 

acetaldehyde 
2 9.12 ± 5.55 1.92 ± 2.77  219.1 ± 133.3 46.2 ± 66.5 

47* 
formic acid/ 

ethanol 
1 6.92 ± 6.38 -1.07 ± 2.59  83.1 ± 76.6 -12.9 ± 31.2 

59 
propanal/ 
acetone 

3 6.03 ± 7.14 -0.09 ± 2.84  217.4 ± 257.3 -3.1 ± 102.2 

61 acetic acid 2 4.35 ± 6.04 0.72 ± 4.99  104.5 ± 145.1 17.2 ± 119.9 

73 
methyl ethyl 

ketone 
4 3.64 ± 8.60 4.60 ± 13.82  174.9 ± 413.1 221.2 ± 664.1 

81+137 monoterpene 10 5.38 ± 4.22 5.34 ± 3.25  646.5 ± 507.4 640.8 ± 389.8 

Protonated masses with highest average uptake rates 

31 formaldehyde 1 -3.09 ± 1.01 -3.39 ± 1.11  -37.1 ± 12.1 -40.7 ± 13.3 

69 isoprene/ furan 4 -2.03 ± 1.32 -1.86 ± 0.76  -97.7 ± 63.3 -89.2 ± 36.5 

75 
methyl acetate/ 
propionic acid 

3 -2.46 ± 2.75 -2.09 ± 1.57  -88.5 ± 99.0 -75.2 ± 56.7 

91  1 -1.12 ± 0.40 -0.87 ± 0.41  -13.4 ± 4.8 -10.5 ± 4.9 

Sum flux rate of all other measured masses 

All othersb   1 6.21 ± 13.88 4.41 ± 8.34   74.6 ± 166.7 53.0 ± 100.2 

a The 9 protonated masses with highest average emissions (soil emissions), the 4 masses that exhibited the 
highest rates of soil uptake, and the sum of other measured masses along with putative compound 

identifications, a conservative carbon molar ratio for the given protonated mass(es), average fluxes  (molar 

BVOC flux and grams of carbon flux) and standard error from control and girdled/trenched plots. "*" indicate 

significant differences between treatments after Bonferroni correction (α < 0.001).  

b Other protonated masses measured included: 41, 42, 57, 63*, 65*, 71, 79, 83, 85, 87, 89, 93, 95, 97, 99, 101, 

103, 107, 109*, 111, 113, 115, 117, 121, 123, 125, 127, 129, 133, 135, 139, 141, 143, 145. 

 

Each line measurement contained the average of three PTR-MS cycles taken over a span of 3 

minutes. All measurements were taken between 10:30 and 15:30 local time to capture mid-day 

fluxes. Masses 49, 53, 67, 77, 105, 119, 131, 147 and 149 were measured but excluded from all 

calculations as they were determined to be indistinguishable from the background levels of the 

PTR-MS system. 
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Data from the PTR-MS (in ppbv) were converted to soil BVOC flux rates using the 

following equation: 

FBVOC  ((CCh  CAm)  Q  P)  (R  A  T) 

where FBVOC is the flux rate in nmol m-2 h-1, CCh is the measured chamber BVOC concentration 

converted to mole fraction (nmol mol-1), CAm is the measured ambient BVOC concentration in 

mole fraction (nmol mol-1), Q is the flow rate through the chamber in L h-1, P is the barometric 

pressure in kPa, R is the gas law constant of 8.3145 L kPa mol-1 K-1, A is the footprint area of the 

soil chambers in m2, and T is ambient air temperature in K. Because many BVOCs vary in their 

molar C concentrations and to facilitate comparisons to fluxes measured in other studies, molar 

BVOC fluxes were also converted to an estimated C mass flux using the equation: 

FC  FBVOC  r  GC 

where FC is the C flux rate in ng-C m-2 h-1, FBVOC is the flux rate as nmol m-2 h-1, r is the 

conservatively estimated molar ratio of C to the measured protonated mass (Table 1), and GC is 

the molar mass of C in ng-C nmol-1.  

Data analysis 

All analyses were run using R statistical software (R Foundation for Statistical 

Computing, Vienna, Austria). Two sampling days from the girdled plots (days 205 and 217) 

were removed from all analyses due to debris that had infiltrated the Dekoron lines. Only data 

from sampling days without visibly wet litter were used to compare flux rates of individual 

protonated masses, summed BVOC flux rates (flux rates for each individual protonated mass 

summed for each measurement point) and the effects of active roots on BVOC emissions (Figure 

2). We excluded days with wet litter from these analyses to get a baseline estimate of BVOC 
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fluxes under conditions that are more typical for this site. For each individual protonated mass 

measured, Welch’s T-Tests were used to compare flux rates from the control plots to the rates 

from the girdled plots. Due to the large number of individual tests (48 masses and the summed 

rate), a Bonferroni adjusted α of 0.001 was used for the determination of significance. 

To measure the effects of temperature and soil moisture on BVOC emissions, all 

sampling days, including those with visibly wet and dry litter, were included in the analyses to 

maximize the range in temperature and soil moisture conditions across which BVOC emissions 

were measured. Using multiple linear regressions, air temperature and soil moisture were fit to 

individual protonated mass flux rates as well as the summed BVOC flux rates.  

Results and Discussion 

General characteristics of BVOC fluxes  

From the control plots, individual BVOC fluxes summed at each measurement point 

averaged 2.0 µg-C m-2 h-1 and ranged from -1.8 to 7.2 µg-C m-2 h-1 with Figure 3 showing the 

mean flux of each protonated mass along with the sum of all positive and negative fluxes (net 

emission and soil uptake, respectively) from control and girdled plots.  
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Figure 3 – Soil fluxes of measured BVOCs from a field site primarily consisting of lodgepole 

pines (Pinus contorta) at Niwot Ridge, Colorado. Fluxes of protonated masses are from 

undisturbed control plots (dark) and from recently trenched plots with surrounding trees girdled 

(light). One S.E.M. is indicated by vertical error bars. Significance after Bonferroni correction 

(α*=0.001) for multiple T-tests is indicated with “*”. Inset figure gives the summed fluxes for all 

measured masses that were produced on average (right of 0) and for all those that were 

consumed on average (left of 0). Molar fluxes and C fluxes from control and girdled and 

trenched plots are given. 

The summed BVOC fluxes from this study were comparable to C fluxes from BVOCs measured 

from a boreal forest floor where BVOC fluxes varied between 0.6 and 9.8 µg-C m−2 h−1 

(Aaltonen et al. 2011). Our measured BVOC emissions are lower than what would be estimated 

from the results of a laboratory study (~6 mg-C m-2 h-1) that measured emissions during the 

decomposition of fresh P. contorta litter (Gray & Fierer 2012). The discrepancies between this 

study and the laboratory study could be due to BVOC uptake within the mineral soil (Ramirez et 

al. 2010) that should decrease net rates measured in the field or the discrepancies could be 

related to the laboratory study having incubated fresh litter under nearly optimal moisture and 
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temperature conditions, thus maximizing net BVOC fluxes. In addition, we found that the 

estimated net C emissions as BVOCs (i.e. the summed BVOC C flux) was 5 orders of magnitude 

lower than C fluxes in the form of CO2 previously measured at this site (Scott-Denton et al. 

2006). Compared to CO2 emissions, BVOC emissions do not represent a major pathway by 

which belowground C is transported to the atmosphere. However, this may not necessarily be 

true in other systems (Gray & Fierer 2012) or during other times of the year (Aaltonen et al. 

2013). Furthermore, gross BVOC flux rates within the soil could be much higher than net rates 

would indicate and even low concentrations of BVOCs within soils could have important effects 

on belowground processes and community dynamics (Insam & Seewald 2010). 

The range of summed BVOC fluxes observed here, with individual BVOCs showing 

either net positive efflux out of soil or net uptake into soil, are likely the outcome of many 

independent biotic and abiotic processes. Although we cannot separate abiotic from biotic 

sources with these results, previous work has suggested that the abiotic contribution is likely 

minimal (Gray et al. 2010). Table 1 provides detailed mean flux rates for the 9 masses with the 

highest mean emission rates and the 4 masses with the highest mean uptake rates. Methanol (33+ 

and 51+) had the largest mean molar emission rate of 53.35 nmol m-2 h-1 and a maximum 

measured rate of 189.08 nmol m-2 h-1. This is in agreement with other studies showing that 

methanol was the dominant BVOC emitted from soils (Asensio et al. 2008; Greenberg et al. 

2012). According to above-canopy measurements of methanol fluxes at this site, which are 

estimated to be ~30 µmol m-2 h-1, our emissions represent roughly 0.2% of the above-canopy 

flux (Baker et al. 2001; Karl et al. 2002). This is in agreement with Greenberg et al. (2012) who 

found that methanol emissions from soil comprised only 0.4% of the above-canopy flux from a 

Pinus ponderosa forest. Although the contribution of soil and litter to total ecosystem methanol 
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emissions is low, other systems, including deciduous forests, are likely to have far higher fluxes 

of methanol given that the decomposition of deciduous litter types can represent large sources of 

methanol (Gray & Fierer 2012). Nevertheless, methanol emissions at this site could still be 

important to soil processes (e.g. C dynamics within the soil) as methanol is readily consumed by 

the broad diversity of C1-oxidizing bacteria and fungi found in soil (Kolb 2009). 

Monoterpenes (137+ and 81+), a class of BVOCs with a C number of 10, had the largest 

mean estimated C emission rate (as opposed to molar emission rate) of 646.5 ng-C m-2 h-1 (Table 

1) and a maximum rate of 3,827 ng-C m-2 h-1. These rates are similar to those reported previously 

from coniferous forests (Aaltonen et al. 2011; Greenberg et al. 2012; Hayward et al. 2001; 

Hellen et al. 2006). At our study site, Rinne et al. (2000) found that the above-canopy flux of α-

pinene (a major monoterpene emitted from this ecosystem) was roughly 15,800 ng-C m-2 h-1. 

This puts an estimated soil contribution to the above-canopy fluxes at 4% with the maximum 

contribution reaching 24%. Our estimated contribution falls in the range of forest floor 

contribution estimates by Aaltonen et al. (2011) and Hellen et al. (2006) at ~10% and ~60% 

respectfully, but was larger than the 0.3% found by Greenberg et al. (2012). We could be 

overestimating the contribution of soil to above-canopy monoterpene emissions because 

monoterpenes, as measured by the PTR-MS, comprise many different compounds, only one of 

which is α-pinene. However, it does suggest that forest floor monoterpene emissions could reach 

levels high enough to be important for local BVOC inventories and models of local atmospheric 

chemistry. Alternatively, if α-pinene is only a small fraction of the soil emissions, then the soil 

emissions during this time of the year would likely more closely resemble the results from 

Greenberg et al. (2012). Further studies are required to determine under what circumstances 

monoterpenes from the forest floor might be contributing significantly to canopy-level 



54 

 

emissions. Beyond their potential effects on atmospheric chemistry, we note that the 

monoterpene fluxes observed here could have important effects on belowground processes given 

that even low concentrations of monoterpenes are capable of inhibiting N mineralization 

(Smolander et al. 2006), net nitrification (Uusitalo et al. 2008), denitrification and methane 

oxidation rates (Amaral et al. 1998).  

Although methanol and monoterpenes were typically observed to have net positive 

emission rates from these soils, all compounds displayed net soil uptake at some point during the 

experiment. Unlike other studies that flush their chambers with air scrubbed of all BVOCs and 

thus are unable to detect net uptake rates, our measurement method allowed us to quantify net 

consumption of ambient atmospheric VOCs in soil. Formaldehyde (31+) had the largest mean 

molar uptake rate of 3.09 nmol m-2 hr-1, while isoprene/furan (69+) had the largest estimated C 

uptake rate of 97.7 ng-C m-2 h-1. A portion of the measured uptake into the soil could be due to 

abiotic mechanisms within the soil, such as adsorption onto soil particles or dissolution into soil 

water. However, several past studies have suggested that microorganisms living in mineral soil 

can catabolize BVOCs emitted from the litter layer or the surrounding canopy (Asensio et al. 

2007; Asensio et al. 2008; Ramirez et al. 2010). Likewise, Cleveland & Yavitt (1997) observed 

microbial consumption of isoprene in the soil and suggested that the rates could be relevant to 

ecosystem flux rates and the global isoprene budget. As isoprene consumption is likely 

enzymatically driven (Cleveland & Yavitt 1998), increases in ambient concentrations of isoprene 

would be expected to increase uptake rates. If this is the case, further studies should be done to 

determine the significance of soil uptake rates at different ambient concentrations, including 

uptake rates in forested systems where ambient levels of isoprene have been measured at 35 
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ppbv (Wiedinmyer et al. 2005), over ten times higher than levels measured during our 

experiment. 

Effect of root presence on BVOC fluxes 

The presence of an active root system increased the summed molar BVOC flux by 76% 

and the BVOC C flux by 53%, on average (Figure 3). In terms of the fractional contribution of 

an active root system to net soil fluxes, an active root system contributed to the C flux from 

BVOCs at the same ratio as that for CO2. At this site, using similar girdling and trenching 

techniques, the root system was found to be responsible for 44% of the CO2 emitted from the soil 

(Scott-Denton et al. 2006) and a review of 37 studies from forested sites found that the mean root 

system contribution was 48.6% (Hanson et al. 2000). These results suggest that the effect of an 

active root system on net C emissions from soil is similar regardless of whether C emissions are 

measured as emissions of CO2 or BVOCs. In other words, the contribution of roots to 

belowground BVOC and CO2 emissions appears to be similar at around 50%. We do not know if 

this similarity is merely coincidental or if there are shared mechanisms (i.e. a direct links 

between respiration and the processes leading to BVOC emissions) that drive this apparent 

similarity in root contributions to C emission from soil. 

The effect of root presence on BVOC emissions was not equivalent across all measured 

masses. Several individual protonated masses showed significant changes in flux rates between 

the control and girdled plots (Figure 3). For example, methanol (33+ and 51+) fluxes from girdled 

plots were on average 21% of those from control plots, a finding in agreement with research 

suggesting that methanol is a product of root metabolism in some tree species (Folkers et al. 

2008). However, as we were unable to separate root from rhizosphere flux and given that BVOC 

emissions have been detected from roots, rhizosphere and associated fungi (Back et al. 2010; 
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Chen et al. 2004; Lin et al. 2007), we do not know if the methanol is coming directly from the 

roots themselves. In addition, emissions of mass 47+ (likely formic acid and/or ethanol) 

significantly changed from net positive emissions (6.9 nmol m-2 h-1) in control plots to net uptake 

(average rate of -1.1 nmol m-2 h-1) in plots where active roots were removed. This pattern 

highlights the likely role of the root system as a source of mass 47+ and the ability of soil 

processes (likely microbial catabolism) to consume this BVOC. Monoterpenes, likely the most 

frequently studied of the non-methane BVOCs emitted from soils, showed no change in flux 

rates between control and girdled plots. This suggests that monoterpene fluxes originated from 

either the needle litter or the mineral soil itself, a finding in agreement with results reported 

previously (Hayward et al. 2001; Hellen et al. 2006).  

Effects of temperature and moisture  

At this site, air temperature and soil moisture were strongly correlated (Figure 4 – 

p<<0.001, R2=0.59); the cooler days generally coincided with higher soil moisture levels (Figure 

2).  
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Figure 4 – (a) Soil moisture was correlated with air temperature at the study site. (b,c) Summed 

BVOC flux from all measured masses correlated with air temperature and soil moisture. 

For this reason, we were unable to quantify the independent effects of temperature and moisture 

variability on BVOC fluxes. However, multiple linear regressions testing the effects of air 

temperature and soil moisture on the summed BVOC flux from all measured masses showed that 

air temperature is the only independent variable significantly correlated with BVOC flux 

(p<<0.001, R2=0.54) and including soil moisture in the statistical model led to only marginal 

increases in the predictive strength (p<<0.001, R2=0.65). Our finding that BVOC emissions 

increased with increasing temperatures could be a result of both biotic (e.g. plant and microbial 
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metabolisms) and abiotic processes (e.g. increased evaporation of soluble compounds and 

physical degradation of labile carbon). Other studies have also found that BVOC flux rates from 

soil generally increase with increasing temperature (Aaltonen et al. 2011; Asensio et al. 2008; 

Greenberg et al. 2012). Neither air temperature nor soil moisture correlated with the summed 

BVOC flux from the girdled plots suggesting that these variables are more strongly linked to 

BVOC fluxes from the roots or associated rhizosphere rather than to fluxes from litter or mineral 

soil alone.  

This correlation between net BVOC emissions and temperature was largely driven by the 

dominant compounds described in Table 1, with the emissions of individual compounds, 

including methanol, acetaldehyde, and acetone/propionaldehyde exhibiting significant, positive 

correlations with air temperature (Figure 5).  
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Figure 5 – Individual BVOC fluxes that correlated with air temperature. Measured protonated 

mass and R2 values are inset. 

Alternatively, compounds that were detected at 91+ (several possibilities including diethyl sulfide 

2,3-butanediol and thioacetic acid methyl ester) showed increases in net uptake rates with 

increasing temperature (Figure 5). Although the flux rates of these BVOCs are assumed to be 

primarily biotic in origin, the relationships with temperature were not exponential, as would be 

expected of an enzymatically-driven process. This could be due to the interactions between 

temperature and moisture effects, the limited range of temperatures observed at the study site, or 

because we measured net flux rates instead of gross rates. More controlled, experimental work is 
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needed to isolate the effects of temperature and moisture on BVOC emissions from soil and to 

identify how these environmental factors directly influence the gross consumption and 

production of these compounds. 

Conclusion 

There was appreciable net production and consumption of many BVOCs during the 

growing season in the subalpine soils examined here. The dominant compounds emitted from the 

soils were methanol and monoterpenes, with monoterpene emission rates approaching estimated 

above-canopy flux rates. Formaldehyde and isoprene were the dominant compounds taken up by 

the soil. Future research on soil flux rates should utilize techniques that permit the quantification 

of consumption rates as we clearly show that consumption of BVOCs does occur in situ. The 

activity from roots and associated rhizosphere in this system contributed to over 50% of the C 

emitted from the system as BVOCs. Although we observed a correlation between air temperature 

at the site and BVOC flux rates, more experimental work needs to be conducted under controlled 

conditions to better understand how temperature and soil moisture independently affect flux 

rates. Also, methods should be developed to independently measure gross production and 

consumption within intact soils as the specific controls on these processes are likely distinct.  
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Chapter 4 

Introduction 

Isoprene (2-methyl-1,3-butadiene [C5H8]), is the second-most abundant volatile organic 

compound in the atmosphere (after methane) with global emissions of isoprene predicted to be > 

500 TG yr-1 (Guenther et al. 2012). The atmosphere acts as the primary sink for isoprene through 

oxidation with hydroxyl radicals (OH). In areas with high levels of nitrogen oxides, the oxidation 

of isoprene leads to the formation of tropospheric ozone, a major pollutant and greenhouse gas. 

Other effects of atmospheric isoprene oxidation include the formation of tropospheric carbon 

monoxide, global transport of nitrogenous compounds, extended residence times for atmospheric 

trace gases and the formation of secondary organic aerosols (Claeys et al. 2004; Granier et al. 

2000; Monson & Holland 2001). Isoprene is clearly a key atmospheric trace gas given its myriad 

of effects on chemical reactions in the atmosphere. 

The sources of atmospheric isoprene have been relatively well-studied, with terrestrial 

plants accounting for 90% of isoprene emissions to the atmosphere (Pacifico et al. 2009; Sharkey 

et al. 2008). In contrast, the terrestrial sinks of isoprene remain poorly understood, even though it 

has been estimated that soil may serve as an important sink of atmospheric isoprene (Cleveland 

& Yavitt 1997). Cleveland & Yavitt (1997) estimated the global soil isoprene sink at 20.4 Tg yr-

1, approximately 4% of global emissions. They went on to demonstrate that the isoprene sink was 

microbially-driven and followed a microbial temperature curve and a maximum consumption 

rate at 30 °C (Cleveland & Yavitt 1998). Likewise, two later studies combined the dynamics of 

isoprene plant emissions with soil consumption rates in enclosed ultraviolet light-depleted 
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mesocosms that consequently have high levels of isoprene (Pegoraro et al. 2005; Pegoraro et al. 

2006). They also concluded that soil acts as a significant atmospheric sink of isoprene (3% of 

global emissions). However, all studies thus far have relied on closed static chambers that 

measure consumption of initially high levels of isoprene over the span of hours until the isoprene 

is exhausted within the closed chamber. This technique utilizes initial isoprene concentrations 

that are much higher than typically measured in ambient air and does not allow the soil microbial 

population to adapt to varied concentrations of isoprene, therefore leading to a likely 

underestimation of the potential rates of isoprene consumption. 

Several soil microorganisms in pure cultures have been shown to consume isoprene 

including members of the Arthrobacter (Cleveland & Yavitt 1998), Nocardia  (Van Ginkel et al. 

1987) and Rhodococcus genera (Vlieg et al. 2000). However, since this previous research on 

isoprene-degrading soil microorganisms has focused exclusively on those bacteria that could be 

readily cultured, there are likely far more taxa associated with isoprene degradation in soil that 

could be identified using culture-independent molecular methods. Moreover, although bacteria, 

primarily in the Actinobacteria and Alphaproteobacteria, are the only confirmed isoprene-

degrading microorganisms, we suspect that fungi may also be capable of degrading isoprene as 

several Sordariomycete and Eurotiomycete fungal isolates are able to consume similar 

hydrocarbons, specifically short chain n-alkanes (Shennan 2006).  

Here we use a dynamic flow through system to determine isoprene consumption rates at 

atmospherically-relevant concentrations over the course of 45 days combined with high-

throughput sequencing to identify taxa associated with the consumption of isoprene in two 

distinct soils. We hypothesized that (1) microbial isoprene consumption rates would scale 

linearly with the isoprene concentration provided to the soil microorganisms with significant 
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consumption even at very low isoprene concentrations, (2) in both soils, isoprene consumption 

will be associated with increases in the relative abundances of specific bacterial taxa (primarily 

those in the Actinobacterial and Alphaproteobacterial phyla) and specific fungal taxa (within the 

Sordariomycete and Eurotiomycete  group). 

Methods 

Soil collection 

Two soil types were collected in October, 2013 near the Mountain Research Station in 

Nederland, CO, USA (40°01'52.0"N, 105°32'06.6"W). Additional site details can be found at 

http://niwot.colorado.edu/site_info/climate/climate.html. Several samples, each 5 cm deep, were 

collected and pooled together separately from beneath adjoining Populus tremuloides and Pinus 

contorta stands. Soils were collected after the leaves had dropped from the deciduous P. 

tremuloides. Decomposing litter from P. tremuloides and P. contorta both emit isoprene at 

similar rates (Gray & Fierer 2012). However, since P. tremuloides had recently dropped its 

leaves (and P. contorta had not), microorganisms able to consume isoprene were expected to be 

more abundant, or at least more active, in the soil beneath the decomposing P. tremuloides 

leaves. All soil samples collected were located within 100 m of each other and were stored at 4 

°C within 2 hours of collection. The following day, all soils were sieved at 2 mm and 

homogenized. The water holding capacity (WHC) was determined for each soil. Soil subsamples 

were sent to the Soil, Water and Plant Testing Laboratory at Colorado State University, Fort 

Collins, CO, USA for analysis of soil edaphic characteristics (Table 1).  

 

 

http://niwot.colorado.edu/site_info/climate/climate.html
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Table 1. Soil properties 

Soil collected 

beneath: pH %OM 

NO3 

(ppm N) %N %C C:N 

Texture 

Estimate 

Populus tremuloides 5.6 17.2 1.5 0.4800 9.092 18.94 Sandy Loam 

Pinus contorta 5.0 10.5 5.0 0.1938 6.242 32.21 Sandy Loam 

  P 

(ppm) 

K 

(ppm) 

Zn 

(ppm) 

Fe 

(ppm) 

Mn 

(ppm) 

Cu 

(ppm) 

EC 

(mMhos/cm) 

Populus tremuloides 9 256 17.4 457 9.3 11.45 0.2 

Pinus contorta 5 174 11.2 216 24.4 7.30 0.2 

 

Soil incubations 

Approximately 20 g of each soil was added to 125 ml glass jars in replicates of 6 for each 

soil and each experimental concentration of isoprene (0, 2, 20, 200 ppb) for a total of 48 jars with 

soil. For each isoprene concentration, two 125 ml glass jars were included without soil as no soil 

controls. De-ionized (DI) water was added to each jar to bring the soil up to 60% WHC. Blank 

jars received 10 ml of DI water. Each 125 ml jar was placed inside of a 500 ml glass chamber. 

To keep relative humidity near 100% during the experiment, 50 ml of DI water was added to the 

larger 500 ml glass jar. A Teflon lined cap, with Swagelok brass bulkhead fittings for an inlet 

and outlet, was used to seal each 500 ml chamber. Inlet tubing passed into the 500 ml chamber 

but was kept outside of the 125 ml jar to ensure the incoming air was humidified before reaching 

the soil (Figure 1). Teflon tubing, 1 m long, was attached to the outlet to minimize diffusion of 

ambient air into the chamber. 
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Figure 1 – Diagram illustrating the simplified experimental design. 

Breathing air tanks with known concentrations of isoprene (Table 2) were used to 

continuously flow air to the designated chambers at approximately 30 ml min-1 for a total of 45 

days.  

Table 2. Measured source isoprene concentrations 

 Experimental Chambers 

Sampling Period 

(every ~9 days) 
0 ppb 2 ppb 20 ppb 200 ppb 

 Actual Source Tank Concentrations 

1 < 0.2 ppb 0.9 ppb 21 ppb 187 ppb 

2 < 0.2 ppb 1.9 ppb 23 ppb 191 ppb 

3 < 0.2 ppb 2.2 ppb 23 ppb 197 ppb 

4 < 0.2 ppb 2.4 ppb 26 ppb 203 ppb 

5 < 0.2 ppb 2.5 ppb 27 ppb 205 ppb 

Autoclaved < 0.2 ppb 2.3 ppb 23 ppb 202 ppb 

 

Breathing air tanks were replaced after sampling for headspace isoprene concentrations and 

before the tanks were empty (approximately 9 days). The sieving of the soils did not remove all 

of the seeds in the soils and seedlings appeared in several chambers after two weeks of 
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incubation. All seedlings were removed after the 3rd sampling period, on the 27th day of the 

experiment. No further seedlings grew after that point. 

To check for abiotic consumption of isoprene in soils, the above process was repeated 

with the following adjustments. To exclude airborne microorganisms, 0.2 µm PTFE membrane 

filters (Whatman) were added to the inlet and outlet of the 500 ml chambers. All samples were 

then autoclaved at 121 °C for 45 min. The necessary DI water to wet the soil and the 500 ml 

chamber was added through the 0.2 µm filters after autoclaving. The autoclaved chambers were 

incubated for 8 days under the 4 isoprene concentrations. 

Isoprene quantification 

Isoprene concentrations in the outlet flow of each chamber was measured 5 times during 

the 45 day experiment (approximately every 9 days) and once at the end of the 8 day autoclave 

control experiment. Isoprene was collected onto adsorbent cartridges made in house (9 cm long, 

0.64 cm o.d. glass or stainless steel tubes, respectively packed with 0.14 g or 0.22 g each of 

Carboxen 1000 and Carboxen 1016 solid adsorbent (Sigma-Aldrich). Chamber outlet flow was 

routed to the adsorbent cartridges, which were temperature controlled in an incubator set at 40 °C 

to keep water in the outlet air from adsorbing onto the cartridges. This temperature was 

determined not to affect the efficiency of isoprene adsorption onto the cartridge. Sampling times 

and volumes ranged from 8 min and ~240 ml for the 200 ppb samples to 60 min and ~1800 ml 

for the 2 ppb and 0 ppb samples. Sample cartridges were kept at 4 °C until they could be 

analyzed (within 14 days) by thermal desorption (Perkin-Elmer ATD400) onto a gas 

chromatography – flame ionization detector (GC-FID) instrument (Hewlet-Packard 5890). An 

Agilent PLOT Al/KCl capillary column (50 m length, 0.53 μm ID, 15 μm film thickness) was 

used with the FID set to 240 °C. The GC oven temperature was programmed for 60 °C to 200°C 
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with an initial time of 2 min, a heating rate of 15 °C min-1 and a final time of 20 min. Hydrogen 

was used as the carrier gas at a constant flow of 12 ml min-1. Chromatograms of isoprene were 

analyzed by manual integration using PeakSimple (SRI Instruments, Torrance, CA) and 

authenticated isoprene standards. Isoprene concentration results from the soils incubated under 0 

ppb are not included in the analyses as they were determined to be below the conservative 

estimated detection limit of the setup (0.2 ppb). Resulting isoprene concentrations higher than 

the detection limit were then used to calculate the percentage of isoprene consumed compared to 

the chambers with no soil for each experimental chamber and sample period. The isoprene 

consumption rate for each soil chamber was calculated using the following equation: 

J  ((xa  xc)  Q)  (a  W) 

where J is the isoprene flux from the soil in nmol of isoprene per gram of dry weight soil (gdw) 

per min, xa is the average measured isoprene concentration in the blank chamber in ppb, xc is the 

measured isoprene concentration in the soil chamber in ppb, Q is the flow rate through the 

chamber in L min-1, a is the molar volume of air adjusted to the temperature and pressure in the 

laboratory in L mol-1, and W is the total dry weight of the soil in g.  

Microbial analyses 

To examine the microbial community shifts associated with exposure to the different 

isoprene concentrations, we analyzed each of the 48 soil samples by sequencing a portion of the 

16S rRNA gene (for bacteria or archaea) or the first internal transcribed spacer (ITS1) region of 

the rRNA operon (for fungi). The day following the final isoprene sampling, each of the 48 soil 

samples were swabbed using sterile swabs in triplicate for a total of 144 swabbed samples. 

Genomic DNA was extracted from the soil using the PowerSoil DNA isolation kit (MoBio, 

Carlsbad, CA) following the manufacturer’s directions with an additional incubation for 10 min 
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at 65 °C before bead beating to assist in the breakdown of cell walls. Target bacterial, archaeal 

and fungal DNA was amplified and sequenced using the high-throughput sequencing approach 

similar to that described in Crowther et al. (2014). Briefly, PCR reactions were conducted in 

triplicate for each of the 144 genomic DNA samples using primers targeted to the V4 region of 

the 16S rRNA gene for bacteria and archaea. To analyze the fungal communities, we PCR-

amplified soil DNA using primers targeting the first internal transcribed spacer (ITS1) region of 

the rRNA operon. The PCR primers contained 12-bp barcodes unique to each DNA sample 

which allowed for the multiplexing (pooling) of samples. Samples were pooled together in 

equimolar concentrations and sequenced on an Illumina MiSeq platform located at the University 

of Colorado Next Generation Sequencing Facility. 

The resulting MiSeq sequences were demultiplexed using a custom Python script. Quality 

filtering and operational taxonomic unit (OTU) clustering at 97% similarity was conducted using 

the USEARCH/UPARSE pipeline (Edgar 2010; Edgar 2013). Singleton sequences were 

removed before OTU determination. 16S and ITS OTU sequences were aligned, respectively, to 

the Greengenes August 2013 database (DeSantis et al. 2006) and the UNITE December, 19 2013 

database (Koljalg et al. 2013). All 16S sequences were rarefied to 15,700 randomly selected 

reads per sample and ITS sequences were rarefied to 33,700 reads per sample to correct for 

differences in sequencing depth. Taxonomic identities were assigned using the RDP classifier 

(Wang et al. 2007) and the above-mentioned databases with a confidence threshold of 0.5. 

Data analysis  

To determine whether increasing isoprene concentrations resulted in differences to 

bacterial and fungal community composition, bacterial and fungal OTU relative abundance data 

was square-root transformed to minimize the influence of rare taxa and then used to generate 
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Bray-Curtis distance matrices. The distance matrices were analyzed by Analysis of Similarity 

(ANOSIM) using Primer-version 6 software (Primer-E, Plymouth, UK). Principal coordinate 

analyses in the R statistical software (R core team 2014) were used to visualize the community 

data. To identify which groups at multiple taxonomic ranks responded to increases in isoprene 

concentrations, multiple regression analyses were conducted in R. To determine whether there 

was abiotic flux of isoprene from soils, t-tests were used to compare the concentrations of 

isoprene in the flow of the autoclaved chambers to that of the autoclaved blanks. 

 

Results and Discussion 

Isoprene consumption 

By the end of the 45 day incubation, microorganisms in the soil were consuming an 

average of 68% of the isoprene provided to the soils (Figure 2) with consumption rates reaching 

770 pmol g-1 h-1.  
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Figure 2 – Isoprene flux rates (negative value represents consumption) and the percentage of the 

provided isoprene consumed from decomposing soils incubated under varying concentrations of 

isoprene. Soil was collected from beneath the deciduous Populus tremuloides (A) and the 

evergreen Pinus contorta (B). 

The isoprene concentrations provided to the soils (2 and 20 ppb) spanned the range of isoprene 

concentrations we might expect to see in the atmosphere as well as a higher concentration 

(200ppb). Wiedinmyer et al. (2005) measured ground level isoprene concentrations averaging 

10.7 ppbv and a maximum 35.8 ppbv across 5 sites in Illinois and Missouri. In rural Texas, 

ground level isoprene concentrations averaged 2.6 with a range of 0.3 to 10.2 ppbv (Wiedinmyer 

et al. 2001). Even at the lowest isoprene concentration used in this study (2 ppb), consumption 

rates at the time of the final sampling event were measurable at 7.66 pmol g-1 h-1, representing 

69% of the isoprene consumed.  
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The percent consumed ranged from 55% to 99% across all isoprene concentrations at the 

last sampling event. Previous research measured consumption rates as high as 7.4 nmol m-2 h-1 in 

a field setting near this study’s soil collection site, which was 67% of ambient isoprene 

concentration and within the range of consumption rates measured in this study (Gray et al. 

2014). The average isoprene consumption rate in the field study was 2.0 nmol m-2 h-1 or 33% of 

the measured ambient concentration in that study. The cause of the lower consumption rates in 

the field study could be due to the drier soil and colder temperatures, which have been shown to 

decrease isoprene consumption in soils (Cleveland & Yavitt 1998; Pegoraro et al. 2005). 

Calculated consumption rates were comparable to those measured by Cleveland & Yavitt (1998). 

In that study, isoprene consumption was measured at 24 pmol g-1 h-1 in a soil with stated ambient 

isoprene concentrations of approximately 10 ppb, while we measured average rates of 7.7 and 62 

pmol g-1 h-1 at 2 and 20 ppb, respectively. Together these results suggest that soil 

microorganisms are able to consume a substantial percentage of the isoprene in the ambient air 

above the soils. 

Isoprene consumption in soils is primarily a microbially-mediated process as evidenced 

by a complete lack of consumption seen in autoclaved controls (Table 3).  

Table 3. Mean isoprene concentrations from autoclaved controls 

 Experimental chambers 

Autoclaved Soil 2 ppb 20 ppb 200 ppb 

 
mean isoprene concentration in ppb 

(p-value from t-test between soil and control) 

Populus tremuloides 2.3 (0.83) 23.7 (0.64) 210.9 (0.69) 

Pinus contorta 2.4 (0.24) 23.5 (0.73) 210.0 (0.60) 

No soil control 2.3 22.8 213.4 
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Our results agree with other studies that saw little to no isoprene consumption in autoclaved soils 

(Cleveland & Yavitt 1998). Also, the consumption of isoprene in soils has been shown to follow 

first order reaction kinetics suggesting that the concentrations of isoprene tested here and other 

studies (ranging from 0 ppb to 1500 ppb) is below the Michaelis constant (Km) for Michaelis-

Menten kinetics (Cleveland & Yavitt 1998; Pegoraro et al. 2005). As this was a laboratory-based 

study, we are unable to extrapolate these results to larger scales due to various environmental 

controls on soil microorganisms (e.g. moisture and temperature), however this does add further 

support to the argument that it may be important to consider microbial metabolism of isoprene in 

soils when trying to describe and predict isoprene dynamics in the atmosphere (Cleveland & 

Yavitt 1997; Pegoraro et al. 2005). 

Microbial community 

Not surprisingly, the two soils harbored distinct bacterial and fungal communities even 

though they were collected within 100 m of each other (Figure 3).  
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Figure 3 – Relative abundances of the 8 most abundant bacterial phyla, the 4 most abundant 

classes within Proteobacteria, the fungal phyla and the 5 most abundant classes within 

Ascomycota and Basidiomycota incubated under varying concentrations of isoprene (0, 2, 20, 

200 ppb). Colors range from white (lowest value) to red (highest value) within each phylum, 

class and soil. Superscripts (A: Populus tremuloides; B: Pinus contorta) indicate a significant 

correlation between relative abundance and isoprene concentrations. 

Proteobacteria were more abundant in the P. contorta soil, while the bacterial phyla 

Verrucomicrobia, Planctomycetes, Actinobacteria, Gemmatimonadetes and Chloroflexi had 

higher relative abundances in the P. tremuloides soil. The P. tremuloides soil was dominated by 

Basidiomycete fungi, while the P. contorta soil was dominated by Ascomycetes. This could be 

explained by the differences in associated plant species or soil edaphic factors which differed 

Bacteria 0 ppb 2 ppb 20 ppb 200 ppb 0 ppb 2 ppb 20 ppb 200 ppb

Proteobacteria 
A

34.00 33.41 37.57 38.28 43.60 41.75 47.14 45.76

Alphaproteobacteria 
A 13.45 13.48 15.74 16.08 25.23 23.62 27.70 27.05

Gammaproteobacteria 5.70 5.30 5.86 5.83 9.35 8.94 9.32 8.84

Deltaproteobacteria 
A 7.08 7.34 7.32 7.75 4.89 4.80 5.78 5.41

Betaproteobacteria 
A 7.20 6.72 8.12 8.11 2.93 3.19 3.29 3.34

Acidobacteria 17.07 17.08 17.09 16.82 18.38 18.71 17.43 17.50

Bacteroidetes 
A, B

14.57 14.84 12.18 11.74 14.20 14.69 11.84 12.36

Verrucomicrobia 
A

14.30 14.84 12.87 12.49 10.56 11.28 9.79 10.22

Planctomycetes 
A

7.28 6.77 6.95 6.64 4.84 4.78 4.73 4.77

Actinobacteria 
A, B

2.46 2.49 3.63 4.41 1.99 2.14 2.77 2.74

Gemmatimonadetes 
B

2.36 2.64 2.64 2.70 1.22 1.24 1.39 1.40

Chloroflexi 1.75 1.68 1.59 1.64 0.26 0.27 0.30 0.28

Ascomycota 39.96 42.14 38.52 39.77 51.95 48.72 50.59 49.22

(undetermined) 
A 12.39 15.94 12.69 13.72 8.26 9.03 10.30 9.29

Archaeorhizomycetes 0.49 0.66 0.54 0.44 26.33 22.38 19.56 19.46

Dothideomycetes 11.93 11.39 9.53 9.39 4.08 4.17 4.69 4.38

Leotiomycetes 
A 2.97 2.84 3.51 3.81 7.50 7.10 8.78 7.84

Eurotiomycetes 1.27 0.95 1.28 1.32 3.90 4.03 4.55 6.23

Basidiomycota 48.76 44.72 49.31 46.42 35.90 38.74 36.64 36.13

Agaricomycetes 34.27 32.56 36.12 33.86 28.76 31.01 27.76 26.80

Tremellomycetes 
A 10.75 8.80 8.82 7.85 0.82 0.88 0.90 0.93

Wallemiomycetes
B 0.04 0.01 0.03 0.03 3.92 3.92 4.46 4.78

(undetermined) 1.47 1.36 1.85 2.07 1.17 1.67 1.70 1.76

Microbotryomycetes 
B 2.07 1.79 2.17 2.36 0.66 0.61 0.86 1.02

(undetermined) 6.60 8.39 6.82 8.42 5.10 5.98 5.68 6.08

Zygomycota 
B

4.42 4.53 5.13 5.15 7.02 6.53 7.05 8.54

Glomeromycota 0.24 0.22 0.19 0.22 0.00 0.00 0.00 0.00

Chytridiomycota 0.02 0.00 0.03 0.02 0.00 0.00 0.00 0.00

Populus tremuloides Pinus contorta

Fungi
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dramatically between the two soil types (Table 1). Although these two soil types harbored 

distinct bacterial and fungal communities, the microbial communities in these soils were each 

significantly different along the isoprene concentration gradient (Figure 4) and many of the 

bacterial and fungal taxa that responded to the isoprene additions were similar across the two soil 

types.  

 
Figure 4 – Principle coordinate analyses (PCoA) showing the similarity of bacterial (A,B) and 

fungal (C,D) OTUs. Soil samples were collected beneath a high isoprene emitting evergreen tree 

species (Populus tremuloides; A,C) and non-isoprene emitting conifer tree species (Pinus 

contorta; B,D). Results from ANOSIM are set in figures and the legend. 

Significant differences in relative abundances associated with the increasing isoprene 

concentrations were detected for various bacterial and fungal taxa, however, there were no 

significant differences seen for archaea. Those taxa that increased in relative abundance across 
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the isoprene gradient may not necessarily be actively consuming isoprene. Presumably, the 

changes measured here are associated with an increased growth of specific isoprene-degrading 

microbial taxa. However, the measured community shifts could also be related to isoprene-

induced mortality (e.g. the decrease in the relative abundance of Bacteriodetes; Figure 3). 

Likewise, we are unable to distinguish whether the taxa increasing in abundance with increasing 

isoprene concentrations were directly consuming isoprene or if they were indirectly stimulated 

my isoprene amendments (e.g. bacteria or fungi that consume those bacteria that directly 

metabolize isoprene). In short, we are unable to directly identify whether the isoprene-induced 

shifts in microbial communities were a product of direct or indirect responses to isoprene 

metabolism, a problem that plagues even stable isotope-based approaches (Abraham 2014).  

ANOSIM results suggest that the bacterial communities responded more to the increased 

isoprene concentrations than the fungal communities (Figure 4). The relative abundances of 

Proteobacteria and Actinobacteria significantly increased in the P. tremuloides soil in response to 

the isoprene amendments, while Actinobacteria and Gemmatimonadetes increased in relative 

abundance in the P. contorta soil (Figure 3). Many of the bacterial taxa that increased in relative 

abundance are related to those taxa that have previously been associated with the consumption of 

isoprene and other hydrocarbons. For example, most of the known bacteria able to grow on 

isoprene (i.e. Mycobacterium sp., Nocardia sp. and Rhodococcus sp.) are Actinobacteria, a 

phylum which was highly correlated with increasing isoprene concentrations (Cleveland & 

Yavitt 1998; Shennan 2006). Likewise, taxa within the Alpha-, Beta- and Gammaproteobacteria 

sub-phyla have been demonstrated to metabolize several alkanes, alkenes and alkadienes 

(Shennan 2006). In our study, several rare phyla including Fibrobacteres and candidates OP3 and 
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WS3 increased in relative abundance with increasing isoprene concentrations, suggesting that the 

ability to degrade isoprene might be more widely distributed that previously thought. 

Of the 17,811 unique bacterial OTUs identified between the two soils, 935 significantly 

increased in relative abundance with increasing isoprene concentrations (uncorrected p-values). 

Figure 5 highlights the subset of those bacterial taxa with the strongest correlations between 

relative abundance and isoprene concentration.  

 
Figure 5 – Fold increases in relative abundances compared to the average relative abundance 

with no added isoprene (0 ppb) of 10 distinct OTUs and their associated taxonomy. 

Of those, Sporichthya sp. had the strongest response (33 fold increase) to isoprene with the 

average relative abundance of 0.01% in the P. tremuloides soil with no added isoprene increasing 

to 0.36% under 200 ppb of isoprene (Figure 5). Many of these taxa are related to taxa associated 

with the metabolism of hydrocarbons. For example, Miqueletto et al. (2011) sequenced a close 

relative of Sporichthya polymorpha and an uncultured taxa in the Hyphomicrobiaceae family in 

petroliferous soil with elevated levels of petroleum based hydrocarbons. Likewise, Kaistobacter 

sp. has been detected in methane enrichments (Kravchenko et al. 2010) and in diesel-

Sporichthya

sp.

Phenylobacterium

sp.

Kaistobacter

sp.

Sphingomonas

sp.

Devosia

sp.

Rhodoplanes

sp.

Umbelopsis

dimorpha

Unidentified

OTU

Trichocladium

opacum

Unidentified

OTU

Sporichthyaceae

Caulobacteraceae

Sphingomonadaceae

Hyphomicrobiaceae

Umbelopsidaceae

Chaetomiaceae

Unidentified

Unidentified

Actinomycetales

Caulobacterales

Sphingomonadales

Rhizobiales

Mucorales

Unidentified

Unidentified

Sordariales

Actinobacteria 

Alpha-

proteobacteria 

Proteobacteria 

Microbotryomycetes

Unidentified

Sordariomycetes

Incertae sedis

Zygomycota

Basidiomycota

Ascomycota

Actinobacteria 

Bacteria

Fungi

Fold increase in relative abundance compared to average relative abundance at 0 ppb

0 5 10 30 35

200

20

2

0

200

20

2

0

P
in

u
s 

co
n
to

rt
a

P
o
p
u
lu

s

tr
em

u
lo

id
es

isoprene 

(ppb)soil



77 

 

contaminated arctic soils (Ferrera-Rodriguez et al. 2013), while its family, Sphingomonadaceae 

is known for the ability to degrade several aromatic hydrocarbons (Timmis et al. 2010). Using a 

[15N]DNA-based stable isotope probing technique, Bell et al. (2011) found Sphingomonadaceae 

and Caulobacteraceae to exhibit the highest percentage of enrichment (indicating increased cell 

replication relative to other taxonomic groups) in petroleum-contaminated arctic soils. The wide 

diversity of taxa identified here that responded positively to increasing isoprene concentrations 

along with the previous research on related taxa consuming related hydrocarbons suggests that 

the taxa increasing in abundance are directly involved in the consumption of isoprene.  

Previous work has focused on isoprene catabolism by bacteria with the assumption that 

soil bacteria are likely the most important degraders of isoprene (Acuna Alvarez et al. 2009; 

Shennan 2006). However, several fungal groups did increase in relative abundance in this study 

(Figure 3). The only fungal phylum with a significant increase in relative abundance was 

Zygomycota in the P. contorta soil. Although none of the fungal phyla or classes that increased 

in abundance are known to have taxa able to consume isoprene or alkanes, there were several 

fungal taxa that responded positively to isoprene and were closely related to fungi known to 

grow on short-chain alkanes (e.g. ethane, propane and butane). Several taxa in the 

Eurotiomycetes responded positively to increasing isoprene concentrations and were closely 

related to known consumers of alkanes and other hydrocarbons (Shennan 2006). Certain 

members of the Trichocomaceae family within the Eurotiomycetes are known to grow on 

hydrocarbons, including Aspergillus versicolor (Cerniglia & J. 1973), Paecilomyces variotii 

(Lowery et al. 1968), Penicillium janczewskii (McLee et al. 1972) and Penicillium ochrochloron 

(Cerniglia & J. 1973). There were 5 taxa between the two soils in the Trichocomaceae family 

that increased in relative abundance with increased isoprene, three of which were identified as 
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Paecilomyces carneus, Penicillium glabrum and Eupenicillium pinetorum. Other taxa outside of 

the Eurotiomycetes included Exophiala equine, which was identified in our study as responding 

positively to increasing isoprene. (Davies et al. 1973) isolated the closely related Exophiala 

jeanselmei var lecanii-corni, which was able to utilize ethane, propane and n-butane. Together, 

these results suggest that fungal taxa have the ability to consume not only alkanes, but also 

isoprene.  

Conclusion 

We identified that soil microbial communities are capable of consuming a consistently 

large proportion of the available isoprene across atmospherically relevant concentrations. Soils 

have the potential to uptake an estimated 3-4% of global atmospheric isoprene. However, 

additional research is needed to understand how these results translate to a field setting and how 

soil and soil edaphic factors influence isoprene consumption rates before we can incorporate 

microbial isoprene metabolism into global and local models of isoprene emissions. Furthermore, 

we were able to identify a wide range of microbial taxa that increased in relative abundance in 

response to the isoprene amendments, including a number of fungal taxa that have not previously 

been considered to be important isoprene degraders. Further research is necessary to determine if 

the increase in relative abundance in the taxa identified here were actively consuming isoprene. 

Also, additional soils should be investigated as differences in soil edaphic factors lead to 

different taxa increasing in relative abundance.  
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